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Microbial-mediated hydrocarbon transformation plays a vital role in the 
attenuation of natural and anthropogenic-sourced petroleum contamination in 
the environment, particularly in marine systems. Indigenous microbial 
communities in marine habitats are resilient to influxes of petroleum, and it is 
well documented that many taxa are capable of responding and utilizing these 
compounds. Coastal ecosystems are often either subjected to or at risk for oil 
contamination and are of particular concern due to their significant 
environmental and economic value. The research projects presented here 
focused on coastal ecosystems and investigated microbial community 
compositions via next-generation sequencing of 16S rRNA genes, the genetic 
potential for anaerobic hydrocarbon biodegradation within these communities 
via molecular surveys of marker genes, and the response of anaerobic 
populations to exposure of a hydrocarbon via microcosm studies or to products 
of hydrocarbon transformation processes (i.e. photolysis) via sulfate reduction 
assays (SRAs). 
 Chesapeake Bay is the largest estuary in the United States, and 
experiences high nutrient loading and water column hypoxia due to watershed 
runoff, as well as petroleum contamination from urban runoff, atmospheric 
deposition, and spills directly into the water column. Past studies have 
demonstrated that aerobic hydrocarbon-degrading bacteria can be enriched 
from the water column and from the sediment. However, evidence for anaerobic 
biodegradation of hydrocarbons had not been demonstrated at the time of our 
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study. Given the recurring seasonal water column hypoxia and the transient 
exposure to hydrocarbons, we hypothesized that the potential for degradation 
under anaerobic conditions may exist in Chesapeake Bay sediments. Here, 
molecular surveys and microcosms were utilized to investigate microbial 
community composition and the potential for anaerobic hydrocarbon 
degradation among sites along a transect of the Bay. Sampling locations were 
chosen both within and outside areas of recurring hypoxia. Distinct geochemical 
gradients along the transect were revealed. Low oxygen, low sulfate, and high 
methane concentrations were observed in the upper Bay, as were significantly 
higher levels of taxa associated with anaerobic processes (e.g., sulfate 
reducers and methanogens). In contrast, higher oxygen, higher sulfate, and 
very low methane were measured in the lower Bay. Sulfate-reducers and 
methanogens decreased in abundance in lower Bay sediments as well. 
Similarly, molecular surveys showed more frequent detection of marker genes 
associated with the anaerobic activation of hydrocarbons via the ‘fumarate 
addition’ pathway (e.g., assA, bssA) in the upper Bay, and microcosms 
established under sulfate-reducing and/or methanogenic conditions suggested 
that the model hydrocarbon, hexadecane, was being converted to methane by 
indigenous sediment communities obtained from the upper Bay sites. These 
findings illustrate the variability of microbial communities between different 
locations in Chesapeake Bay as well as differences in their response to a 
hydrocarbon. Together, the data highlighted the significance that anaerobic 
processes could potentially play in the event of an oil spill in Chesapeake Bay. 
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The Gulf of Mexico (GoM) is one of the most environmentally and 
economically important coastal regions in the United States. The Deepwater 
Horizon (DWH) spill in the GoM was the largest accidental release of crude oil 
into U.S. waters. Extensive research was carried out on the response of 
microbial communities to the discharged oil and gas. Collectively, studies 
emphasized the importance of both aerobic and anaerobic hydrocarbon 
transformation processes and concluded that native microbial populations 
responded quickly to the petroleum, promoting contaminant removal from the 
environment. Two of the research projects presented herein aimed to (1) further 
study the impact that released oil, once weathered, can have on indigenous 
anaerobic microbial communities, and to (2) characterize microbial populations 
associated with weathered oil residues (i.e., sand patties) that have remained in 
the environment years after the spill and to determine the role these populations 
have in the attenuation of residual contamination.  
 Once introduced into the environment, oil is subjected to a number of 
weathering processes, including evaporation, emulsification, and 
photooxidation. Photooxidation of oil can lead to the incorporation of oxygen 
molecules into hydrocarbon constituents, which can subsequently result in 
enhanced bioavailability and/or increased toxicity to certain organisms. 
Microbial toxicity studies are typically conducted using individual aerobic taxa, 
as opposed to indigenous communities or anaerobic microorganisms, and little 
is known with regard to how photolyzed oil affects anaerobes. Experiments 
presented here assessed the impact that photooxidized hydrocarbons can have 
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on sulfate-reducing communities in coastal sediments. We hypothesized that 
photolyzed oil or photolyzed oil components would inhibit the sulfate-reducing 
communities. Three distinct GoM coastal locations were chosen for study. 
Sediment microbial communities were characterized via 16S rRNA gene 
sequencing, and the impact of irradiated crude oil or irradiated PAHs (i.e., 
pyrene, phenanthrene, and a phenanthrene/anthracene mixture) was tested via 
sulfate reduction assays (SRAs). Sulfate-reducing taxa varied in both 
abundance and composition across sampling sites. Overall, no impact on 
sulfate reduction rates was observed for any of the photolyzed compounds at 
any of the coastal locations investigated. Data suggested that water-soluble 
photogenerated products did not negatively impact sulfate-reducing 
communities and that these compounds could potentially be utilized by sulfate-
reducing microorganisms. These findings highlight the resilience of native 
microbial communities in response to an influx of weathered hydrocarbons, as 
well as the potential of these populations to further mediate hydrocarbon 
transformation processes. 
 Weathering of oil released during the DWH spill also led to the formation 
of water-in-oil emulsions. Many of these emulsions washed ashore early after 
the onset of the spill, whereas an unknown quantity sank in nearshore 
environments, resulting in the formation of submerged oil mats (SOMs). 
Fragments of these buried mats continued to wash ashore coastal beaches and 
marshes years after the spill in the form of oil:sand aggregates (e.g., tar balls, 
sand patties, etc.). The third research project presented here aimed to use next-
xvii 
 
generation sequencing of 16S rRNA genes to characterize microbial 
communities associated with individual oil:sand aggregates collected from 
different GoM beaches, to use metagenomic sequencing to survey for marker 
genes associated with hydrocarbon transformation pathways to determine the 
genetic capacity for biodegradation within the microbial populations, and to 
conduct targeted metabolomics via mass spectrometry to assess whether these 
communities mediate transformation of hydrocarbons in situ (i.e., once 
aggregates are deposited on the beach). Given the presumed differences in 
residence times and exposure to different environmental conditions, we 
hypothesized that sand patty microbial communities would be different between 
sites. Together, molecular surveys demonstrated that individual aggregates had 
either an anaerobic, facultative anaerobic, or aerobic signature with regard to 
both the taxonomic composition of communities and the metabolic potential 
associated with hydrocarbon degradation pathways. Several taxa with known or 
suspected hydrocarbon-degrading ability were detected (e.g., Marinobacter, 
Alcanivorax, Mycobacterium), and specific taxa varied among samples. 
Additionally, profiles of functional genes involved in aerobic and anaerobic 
hydrocarbon transformation pathways (e.g., assA, alkB) also varied among 
samples and corresponded with 16S rRNA gene profiles. Results from beach 
sand and seawater samples confirmed that microbial populations were distinct 
from those obtained from sand patties. Taxonomic profiles of core communities 
(i.e., taxa comprising ≥1% of libraries) identified ten shared operational 
taxonomic units (OTUs) between aggregates and beach sand and seven 
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shared OTUs between aggregates and seawater. Targeted mass spectrometry 
putatively identified metabolites indicative of aerobic and/or anaerobic 
hydrocarbon transformation processes (e.g., toluic acid, hydroxybenzoic acid, 
phenylpropionic acid), and showed that these compounds were not detected in 
beach sand. These findings provide evidence that aggregate-associated 
microbes are capable of hydrocarbon degradation and also highlight the 
potential role that microorganisms likely play in the long-term attenuation of 
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Chapter 1. Interrogation of Chesapeake Bay Sediment Microbial 




Based on the transient exposure of Chesapeake Bay sediments to 
hydrocarbons and the metabolic versatility of known anaerobic alkane-
degrading microorganisms, it was hypothesized that distinct Bay sediment 
communities, governed by geochemical gradients, would have intrinsic alkane-
utilizing potential under sulfate-reducing and/or methanogenic conditions. 
Sediment cores were collected along a transect of the Bay. Community DNA 
was interrogated via pyrosequencing of 16S rRNA genes, PCR of anaerobic 
hydrocarbon activation genes, and qPCR of 16S rRNA genes and genes 
involved in sulfate reduction/methanogenesis. Site sediments were used to 
establish microcosms amended with n-hexadecane under sulfate-reducing and 
methanogenic conditions. Sequencing of 16S rRNA genes indicated that 
sediments associated with hypoxic water columns contained significantly 
greater proportions of Bacteria and Archaea consistent with syntrophic 
degradation of organic matter and methanogenesis compared to less reduced 
sediments. Microbial taxa frequently associated with hydrocarbon-degrading 
communities were found throughout the Bay, and the genetic potential for 
hydrocarbon metabolism was demonstrated via the detection of benzyl- (bssA) 
and alkylsuccinate synthase (assA) genes. Although microcosm studies did not 
indicate sulfidogenic alkane degradation, the data suggested that methanogenic 
conversion of alkanes was occurring. These findings highlight the potential role 
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that anaerobic microorganisms could play in the bioremediation of 
hydrocarbons in the Bay. 
 
INTRODUCTION 
Petroleum hydrocarbons are frequently released into marine 
environments via natural seeps, as well as anthropogenic activities including 
crude oil extraction, transport, storage, and refining processes (NRC, 2003). An 
estimated 1.3 x 106 metric tonnes of petroleum enter marine systems each 
year, of which approximately 55% are attributable to anthropogenic sources 
(NRC, 2003). The scales of different pollution events can vary dramatically, 
resulting in variable impacts on marine ecosystems. This was well illustrated in 
the Gulf of Mexico by the blowout of the Macondo 252 well and the subsequent 
sinking of the Deepwater Horizon, which resulted in an unprecedented amount 
of crude oil being released (~4.1 to 4.4 million barrels) (Crone & Tolstoy, 2010, 
OSAT, 2010). Although a significant proportion of the Macondo 252 oil was 
removed through human intervention or physical processes (78%), the 
remainder had a fate classified as ‘other,’ suggesting that some of the oil and 
gas may have been removed via microbially mediated processes (Ramseur, 
2010). Subsequent studies investigating microbial communities in the Gulf of 
Mexico water column, deep-sea sediments, and coastal sediments have 
provided overwhelming evidence that the microbial community played an 
important role in the removal of the oil (for review, see Joye et al., 2014, Kimes 
et al., 2014, King et al, 2015). These events and the initial devastation of the 
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Deepwater Horizon spill prompted immediate discussion about oil spill 
assessment and preparedness, especially for delicate and economically 
important ecosystems, such as the Chesapeake Bay (Behn, 2010). 
The Chesapeake Bay is the largest estuary in the United States, with a 
watershed encompassing 165,000 km2 of forest and woodland (64%), 
agricultural land (24%), and urban areas (8%) (Paolisso et al., 2015). More than 
100,000 rivers and streams drain into the Chesapeake Bay (Chesapeake Bay 
Program, 2014a). The Bay has a larger land-to-water ratio than any other 
coastal body in the world (Chesapeake Bay Program, 2014a). This, along with 
the extensive dendritic shoreline (18,800 km) (Kemp et al., 2005) and low 
flushing rates (i.e., flushing time is approximately 200 days) (Fisher et al., 
1988), makes the Bay vulnerable to high nutrient loading and other types of 
contamination. As a result of nitrogen (N) and phosphorous (P) loading, the Bay 
has suffered from increased phytoplankton abundance, declining water clarity, 
depletion of bottom-water oxygen, redox changes in sediment biogeochemistry, 
decreases in benthic microalgal primary production and loss of benthic 
macroinfauna, loss of oyster beds and benthic filtration, major shifts in fish 
populations, loss of seagrasses and other submersed vascular plants, and loss 
of tidal marshes as nutrient buffers (for review, see Kemp et al., 2005). The Bay 
has also suffered from pollution with metals, polychlorinated biphenyls (PCBs), 
and hydrocarbons (Chesapeake Bay Program, 2014b). From both an ecological 
and economic perspective, the Chesapeake Bay is of significant value. Beyond 
commercial fishing, it was estimated in 2001 that for persons living in parts of 
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Virginia, Maryland, and the District of Columbia, the annual benefits of the Bay 
ranged from $357.9 million to $1.8 billion based on (1) recreation (fishing, 
boating, and swimming); (2) health; (3) property values; (4) regional economic 
impacts; and (5) non-use value (Morgan & Owens, 2001). Despite restoration 
and mitigation efforts, the Bay is still at a continual risk for hydrocarbon 
contamination (and other types of pollution) via commercial shipping, 
recreational boating activity, and urban inputs. 
Typically, the major hydrocarbon inputs to the Bay are urban runoff 
(Foster et al., 2000) and atmospheric deposition (Webber, 1983). Concern 
about a large hydrocarbon spill event emerged in the 1970s due to the 
proposed construction of superports for oil tankers. This prompted several 
investigations of the Bay’s microbial potential for degradation of petroleum and 
petroleum compounds (Walker & Colwell, 1973, Walker et al., 1976a, Walker et 
al., 1976b, Okpokwasili et al., 1984, West et al., 1984). By the 1990s, the 
importance of this research was self-evident. There were 3,651 oil spill events 
(each spill >75 gallons) in Chesapeake Bay between 1985 and 1994, which led 
to an estimated release of more than 1.3 x 106 gallons of oil (Balch, 1997). In 
2000, the Bay suffered one of its worst oil spills when 140,000 gallons of oil 
were spilt into the Patuxent River as a result of a ruptured underground pipeline 
(Michel et al., 2009). Due to the transient, but continual, exposure to 
hydrocarbons over several decades, hydrocarbons are measureable in Bay 
bulk water and the aquatic surface microlayer (e.g., alkane concentrations 
ranging from 3.16 ± 0.77 to > 200 μg L−1) (Hardy et al., 1990), as well as 
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sediments (Walker et al., 1975a, Walker et al., 1975b, Arzayus et al., 2001). 
Accordingly, microbial studies have demonstrated the enrichment of petroleum 
hydrocarbon and PAH-degrading bacteria from Chesapeake Bay water and 
sediment (Walker et al., 1976a, West et al., 1984), the impact of different 
refined fuels and crude oils on the growth of microbial populations enriched 
from Chesapeake Bay water (Walker et al., 1976b), and the effect that prior oil 
exposure has on the number of cultivable petroleum-degrading microorganisms 
enriched from Chesapeake Bay water and sediment (Walker & Colwell, 1973). 
All of these prior studies, however, were conducted under aerobic conditions, 
given that anaerobic degradation of hydrocarbons was not well described or 
understood at the time. However, research during the last 25 years has 
unveiled novel microbial strategies for the anaerobic activation and degradation 
of hydrocarbons (for review, see Heider & Schühle, 2013), which are 
particularly important in sediments impacted by petroleum compounds where 
oxygen can be rapidly depleted. Among these strategies is the addition of 
aliphatic and aromatic hydrocarbons to the double bond of fumarate (i.e., 
‘fumarate addition’), which is catalyzed by the glycyl radical enzymes 
alkylsuccinate synthase (ASS)/methylalkylsuccinate synthase (MAS) 
(Callaghan et al., 2008, Grundmann et al., 2008) and benzylsuccinate synthase 
(BSS) (Leuthner et al., 1998), respectively. As such, genes encoding the 
catalytic subunits of BSS and ASS (bssA and assA) serve as potential 
biomarkers for ‘fumarate addition’ in anaerobic hydrocarbon-impacted 
environments (Callaghan et al., 2010, Agrawal & Gieg, 2013, Callaghan, 2013).  
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To our knowledge, the intrinsic capacity of Bay sediment microbial 
communities to mediate anaerobic hydrocarbon transformation has not been 
investigated. In the event of an oil spill, the shallow depth of the Chesapeake 
Bay would likely play an important role in the transport of hydrocarbons to Bay 
sediments. Therefore, in the wake of the Deepwater Horizon oil spill, we took 
advantage of a cruise of opportunity to assess the potential for anaerobic 
hydrocarbon degradation in Chesapeake Bay sediments via next generation 
sequencing of 16S ribosomal RNA genes, molecular surveys of functional 
genes for anaerobic degradation pathways, and microcosm experiments. 
Specifically, we focused on the anaerobic conversion of n-hexadecane due to 
the relevance of alkanes as crude oil pollutants. Based on the transient 
exposure of Chesapeake Bay sediments to hydrocarbons and the metabolic 
versatility of known anaerobic alkane-degrading microorganisms, it was 
hypothesized that distinct Bay sediment communities, governed by 
geochemical gradients, would have the potential for alkane-degrading activity 
under sulfate-reducing and/or methanogenic conditions.   
 
 
MATERIALS & METHODS 
Sampling Sites and Sample Collection. Samples were collected 
aboard the R/V Hugh R. Sharp during a transect cruise of Chesapeake Bay in 
August 2010. Bay oxygen concentration data for 2009 were obtained from the 
Chesapeake Bay Program (CBP) Water Quality Database and used as an a 
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priori guide for site selection. Four sites were then chosen based on the 
presence or absence of bottom anoxia during the 2010 sampling (Table S1 and 
Figures S1, S2, and S3). Water column oxygen concentrations during our 
cruise were monitored using the onboard CTD device (Note: cruise track and 
CTD data are available via the Biological & Chemical Oceanography Data 
Management Office via dataset number: HRS100808BW). Sediments were 
obtained by gravity coring, and core liners were immediately sectioned (1-ft 
intervals), capped, and moved to the on-board lab. Each 1-ft section is referred 
to as a ‘horizon’ hereafter. A piece of the core liner was removed from the 
middle of each horizon, and core material was immediately sampled for 
enrichment studies, pore water analysis, and DNA extraction. 
Sediment Pore Water Analysis. Sediment pore water from each station 
horizon was obtained using a titanium pore water squeeze cell (GEOTEK, 
Daventry, UK) in a 5-ton manual hydraulic press. Several cubic centimeters of 
core material were removed from the center of horizon core for this analysis. A 
total of 5 mL of pore water was collected from each station horizon, placed in 
cryovials, immediately frozen in liquid nitrogen, and stored at -80°C. Sulfate 
concentrations were determined in triplicate using a Dionex ICS-1000 ion 
chromatograph equipped with an IonPac AS4A-SC anion exchange column and 
a conductivity detector (Dionex, Sunnydale, CA, USA). Samples were pre-
filtered through a 0.22 µm membrane disk filter to remove particulate matter and 
diluted 10-fold in deionized water prior to analysis. The eluent contained 1.8 
mM Na2CO3 and 1.7 mM NaHCO3, and the flow rate was 2 mL min-1. 
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 For methane analysis, triplicate sediment samples (ca. 3 cm3) were 
collected from each station horizon and immediately placed into 10-mL serum 
bottles containing 6 mL of 3.7% filter-sterilized formaldehyde to halt microbial 
activity. Bottles were immediately capped with butyl rubber stoppers and stored 
at 4°C for transport back to the laboratory. Methane was analyzed using a 
Varian 3300 gas chromatograph equipped with a Poropak Q 80/100 column 
and a flame ionization detector using helium as the carrier at a flow rate of 20 
mL min-1. The injector, column, and detector temperatures were held at 100°C, 
100°C, and 125°C, respectively. Methane concentrations were determined 
using the ideal gas law equation (PV = nRT) and measuring the amount of 
methane in the headspace, the culture volume, the headspace volume, and the 
headspace pressure.   
DNA Extraction. Triplicate sediment samples (ca. 1 cm3) were collected 
from each station horizon, placed into MO BIO Powersoil® Bead Tubes (MO 
BIO, Carlsbad, CA, USA), frozen in liquid nitrogen, and stored at -80°C until 
extraction. Total genomic DNA was extracted using the MO BIO Powersoil® Kit 
(MO BIO, Carlsbad, CA, USA) according to the manufacturer’s instructions, and 
DNA concentrations were quantified using a Qubit 2.0 Fluorometer and Quant-
iT dsDNA BR Assay Kit (Life Technologies, Carlsbad, CA, USA). 
Quantitative PCR. The numbers of bacterial and archaeal 16S 
ribosomal RNA gene copies per gram of wet sediment were quantified in 
triplicate via SYBR Green-based quantitative PCR (qPCR). Bacterial primers 
27F (5’-AGAGTTTGATCMTGGCTCAG-3’) (Nakatsu & Marsh, 2007) and 519R 
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(5’-GWATTACCGCGGCKGCTG-3’) (Turner et al., 1999) and archaeal primers 
A344F (5’-ACGGGGIGCAGCAGGCGCGA-3’) (Nakatsu & Marsh, 2007) and 
A533R (5’-ATTACCGCGGCTGCTGG-3’) (Weisburg et al., 1991) were used for 
amplification. Reactions were performed in 30-µL volumes containing 15 µL of 
2X Power SYBR Green PCR Master Mix (Life Technologies, Carlsbad, CA, 
USA), 125 nM of each primer, and 2 µL of template DNA (1:15 dilution). 
Thermocycler conditions were as follows: 50°C for 2 min, 95°C for 10 min, 
followed by 40 cycles of 95°C for 30 s, 55°C for 1 min, and 72°C for 1 min. 
Reactions were carried out in a 7300 Real Time PCR Machine (Life 
Technologies, Carlsbad, CA, USA). DNA from Desulfococcus oleovorans strain 
Hxd3 and Methanospirillum hungatei strain JF-1 served as standards.   
 The abundances of sulfate-reducing microorganisms and methanogens 
were estimated in triplicate by determining the number of gene copies per gram 
of wet sediment for each horizon by quantification of dsrA (dissimilatory sulfite 
reductase) and mcrA (methyl-coenzyme M reductase) genes, respectively. 
Amplification of dsrA genes was carried out using dsr1F (5’-
ACSCACTGGAAGCACG-3’) and dsrQ2r (5’-GTTGAYACGCATGGTRTG-3’) 
primers (Chin et al., 2008) [Note: a recent study by Müller et al (2014) 
established a publically available dsrAB/DsrAB database and a set of 
recommended primers for ecological investigations]. Amplification of mcrA 
genes was conducted using forward primers ME3MFe’ (5’-
ATGTCNGGTGGHGTMGGSTTYAC-3’) and ME3MFe’ (5’-
ATGAGCGGTGGTGTCGGTTTCAC-3’) and reverse primer Me2r’ (5’-
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TCATBGCRTAGTTDGGRTAGT-3’) as described by Nunoura et al (2008). 
Reaction volumes were 30 μL and contained 15 μL of 2X Power SYBR Green 
PCR Master Mix (Applied Biosystems, Carlsbad, CA, USA), 250 nM of each 
primer, and 2 μl of template DNA (1:15 dilution). Thermocycler conditions were 
as follows: 50°C for 2 min, 95°C for 10 min, followed by 40 cycles of 95°C for 30 
s, 52°C for 1 min, and 72°C for 1 min. Reactions were carried out in a 7300 
Real Time PCR Machine (Life Technologies, Carlsbad, CA. USA). Plasmid 
DNA obtained from Chesapeake Bay dsrA and mcrA clone libraries was used to 
generate standards in qPCR reactions. These clones were generated from 
respective dsrA and mcrA PCR products using the TOPO TA Cloning Kit with 
pCR®4 TOPO vector (Life Technologies, Carlsbad, CA, USA) as recommended 
by the manufacturer. Inserts were sequenced to confirm their identities. 
Detection of assA/bssA genes. Community DNA from the surface 
horizons and horizon 6 at station 908 was surveyed via PCR for the presence of 
genes encoding the catalytic subunits of glycyl radical enzymes associated with 
the anaerobic activation of alkanes (assA) (Callaghan et al., 2008, Grundmann 
et al., 2008) and aromatic hydrocarbons (bssA) (Leuthner et al., 1998). Surface 
horizons were chosen for this analysis based on the hypothesis that the 
microbial communities in surface sediments would serve as the sediment’s ‘first 
responders’ in the event of an oil spill. Horizon 6 at station 908 was selected for 
further investigation due to its high methane concentration. Nine primer pairs 
were employed as previously described (Callaghan et al., 2010) (Table S2) 
(Note: these primers primarily target assA and have a more limited capacity to 
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detect bssA or nmsA homologs). A touchdown PCR protocol was conducted for 
50-μL reaction volumes containing 25 μL of 2X DreamTaq Master Mix (Thermo 
Fisher Scientific, Waltham, MA, USA), 400 nM of each primer, 5 μL of betaine 
(5M), and 2 μL of template DNA (1:15 dilution). Thermocycler conditions were 
as follows: 95°C for 4 min followed by 2 cycles at each annealing temperature 
(i.e., 95°C for 1 min, 63 to 54°C for 1 min, 72°C for 2 min), 19 cycles at the 
plateau annealing temperature (53°C), and a final extension step at 72°C for 10 
min. For samples that did not yield amplification via the touchdown method, the 
PCR protocol was conducted under less stringent parameters via gradient PCR 
(annealing temperatures ranging from 55 to 65°C). Reactions were performed 
in volumes of 50 μL containing 25 μL of 2X DreamTaq Master Mix (Thermo 
Fisher Scientific, Waltham, MA, USA), 2 μM of the forward and reverse primer, 
1 μL (5 units μL-1) of DreamTaq polymerase (Thermo Fisher Scientific, 
Waltham, MA, USA), and 2 μL of template (1:15 dilution, 1:5 dilution for station 
818). PCR products were cleaned with a QIAquick PCR Purification Kit 
(Qiagen, Valencia, CA, USA) and cloned into the pCR™-II vector using a Dual 
Promoter TA Cloning Kit (Life Technologies, Carlsbad, CA, USA) following the 
manufacturer’s instructions, and inserts of the expected size were sequenced. 
Reads were assembled into OTUs at 97% similarity, and nearest matches for 
each OTU were determined using BlastX of the NCBI NR database. Resulting 
OTUs and their closest NCBI matches were translated into protein sequences 
and aligned with representative AssA and BssA sequences from several well-
described strains using Megalign Software (DNASTAR Inc., Madison, WI, USA) 
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and the ClustalW alignment method. Neighbor-joining trees were constructed 
with pairwise deletion and performing 10,000 bootstrap replicates. Pyruvate 
formate-lyase (pfl) served as the outgroup for phylogenetic analysis.   
Microbial Community Analysis. The surface horizons for each of the 
stations and horizon 6 at station 908 were chosen for further analysis for the 
reasons stated above. The diversity of 16S rRNA genes was assayed in 
triplicate for each of the selected horizons via pyrosequencing of multiplexed 
PCR products. Bacterial 16S rRNA genes were amplified using the forward 
primer 27F (see above) and the reverse primer 338R (5’-
TGCTGCCTCCCGTAGGAGT-3’) (Nakatsu & Marsh, 2007), producing a 311 bp 
amplicon. The PCR primers contained 5’ Titanium Fusion adapter sequences 
(forward primer A-tag: CCATCTCATCCCTGCGTGTCTCCGACTCAG; reverse 
primer B-tag: CCTATCCCCTGTGTGCCTTGGCAGTCTCAG), as well as a 
unique 8-nucleotide barcode tag in the reverse primer (Hamady et al., 2008) to 
allow direct 454 sequencing. Reactions were performed in 50-μL volumes. 
Reaction mixtures included 0.2 μM of the ‘tagged’ forward primer, 0.25 μM of 
the reverse primer, 0.25 μL of DreamTaq (5 units μL-1) (Thermo Fisher 
Scientific, Waltham, MA, USA), PCR Supermix (Life Technologies, Carlsbad, 
CA, USA), and 2 μL of template DNA (1:15 dilution). Thermocycler conditions 
for bacterial 16S rRNA genes were as follows: 95°C for 7 min and 30 cycles of 
95°C for 20 s, 55°C for 20 s, and 72°C for 40 s. Archaeal amplification 
conditions were identical except that the extension step at 55°C lasted for 60 s. 
Archaeal 16S rRNA genes were initially amplified using primers A8F (5’-
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TCCGGTTGATCCTGCC-3’) and A344R (5’-TCGCGCCTGCTGCICCCCGT-3’) 
to produce a 336 bp amplicon that was tagged with Titanium adaptors 
described above (Nakatsu & Marsh, 2007). However, due to inefficient 
amplification, the protocol was modified, and the archaeal 16S rRNA genes 
were amplified using A8F and A344R primers without the adaptors and then 
‘tagged’ via a six-cycle secondary PCR reaction as previously described 
(Wawrik et al., 2012). PCR products were purified using a QIAquick PCR 
Purification Kit (Qiagen, Valencia, CA, USA), and concentrations were 
quantified using a Qubit 2.0 and Quant-iT dsDNA BR Assay Kit (Life 
Technologies, Carlsbad, CA, USA). Equimolar amounts of bacterial and 
archaeal PCR products were combined and sequenced using 454 GS FLX 
Titanium sequencing. 
Sequence Analysis. Reads were denoised to remove sequence errors 
via the denoise_wrapper.py script in QIIME (Version 1.8.0), and primer/adapter 
sequences were trimmed. Chimeric sequences were detected via the 
reference-based chimera detection algorithm, USEARCH, in QIIME and 
removed (Caporaso et al., 2010a). No primer mismatches were allowed, and 
the remaining high-quality sequence reads were grouped into OTUs at 97% 
similarity for both Archaea and Bacteria. Sequences were aligned to the SILVA 
reference alignment database (Pruesse et al., 2007) using PYNAST (Caporaso 
et al., 2010b). Taxa that accounted for ≥1% reads in any of the 15 libraries (i.e., 
five sediment locations sequenced in triplicate) were defined as ‘core taxa’, 
which were further analyzed to assess similarities among sites using PC-ORD 
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(Version 6, MjM Software). To test for similarities and/or differences among 
sites, taxa frequency data were arcsine-square-root transformed, and a multi-
response permutational procedure (MRPP) and a one-way permutational 
multivariate analysis of variance (PerMANOVA) (McCune et al., 2002) were 
performed using a Bray-Curtis distance measure and 5000 permutations. Non-
metric multidimensional scaling (NMDS) was used to visualize grouping 
patterns of the community in each pyrosequenced library. A scree plot was first 
conducted in order to determine the appropriate number of dimensions for 
ordination, and both archaeal and bacterial data sets were analyzed several 
times using identical parameters to ensure that consistent results were 
obtained. Parameters for NMDS included: Bray-Curtis distance measure, 1000 
runs with real data, 1000 runs of Monte Carlo test with randomized versions of 
the data, plotted using two axes and rotated with orthogonal principal axes, and 
starting configurations were chosen randomly. In addition, community richness, 
diversity (Shannon and Simpson indices), and evenness were assessed using 
PC-ORD (Version 6, MjM Software).  
 Microcosm Experiments. Sediment samples (ca. 2 cm3) were collected 
from each horizon and immediately placed into sterile serum bottles under N2 
while aboard the R/V Hugh R. Sharp. Bottles were sealed with butyl rubber 
stoppers and flushed with syringe-filtered N2 gas to maintain anaerobic 
conditions. Bottles were stored at 4°C during transport and during laboratory 
storage until microcosms were established. 
17 
 
 The surface horizons for each of the stations, as well as horizon 6 at 
station 908, which had a very high concentration of methane in the pore water, 
were chosen for microcosm experiments for the same reasons stated above for 
assA/bssA gene surveys and pyrosequencing. Microcosms were established 
under sulfate-reducing and methanogenic conditions using basal mineral 
medium (NaCl, 20 g L-1;  MgCl2·6H2O, 3 g L-1; CaCl2·2H2O, 0.15 g L-1; NH4Cl, 
0.25 g L-1; KH2PO4, 0.2 g L-1; and KCl, 0.5 g L-1) (pH 7.2 ) (Widdel & Bak, 1992) 
and strictly anaerobic technique. Sodium sulfate (25 mM) was included in media 
for sulfate-reducing cultures. Mineral medium was supplemented with trace 
elements (10 mL L-1) (Tanner, 1997) and 0.1 mL of resazurin (1 g L-1 stock). 
Media was degassed for 45 minutes under a stream of N2:CO2, and aliquots 
(45.5 mL) were distributed into 160-mL serum bottles using anaerobic 
technique, sealed with butyl rubber stoppers, and secured with aluminum crimp 
seals. After sterilization, each bottle was supplemented with 0.5 mL of filter-
sterilized RST vitamins (Tanner, 1997) modified to include 50 mg L-1 
nicotinamide, 5 mg L-1 pyridoxine·HCl, 5 mg L-1 thiamine·HCl, 5 mg L-1 
riboflavin, 5 mg L-1 vitamin B12, 5 mg L-1 biotin, 5 mg L-1 folic acid, 5 mg L-1 
calcium pantothenate, 5 mg L-1 thioctic acid, 5 mg L-1 p-aminobenzoic acid, 0.4 
mL cysteine-sulfide (12.5 g L-1 of each), and 1.5 mL NaHCO3 from a 10% stock 
(w/v). Mercaptoethanesulfonic acid (MESA) was included in the vitamin solution 
at a concentration of 5 mg L-1 for methanogenic incubations. Filter-sterilized 
hexadecane (0.1 mL) (Sigma, St. Louis, MO) was added as an overlay to 
appropriate bottles.       
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 Sediment inoculation was performed in an anaerobic chamber under 
N2:H2 (95:5). A sediment slurry was established with 2 g of core sediment and 
50 mL of sulfate-free basal mineral medium. From the sediment slurry, 2 mL 
were syringe-injected into the appropriate treatment bottles. The amount of the 
sediment inoculum was selected to introduce sufficient biomass and to 
minimize the amount of endogenous carbon, which would make it more difficult 
to discern sulfate loss and/or methane production over background levels. 
Bottles were removed from the anaerobic chamber, and the headspace was 
flushed three times with filter-sterilized N2:CO2 (80:20). Five treatment 
conditions were established in triplicate for each horizon tested (Table S3) and 
included active cultures (amended with an overlay of hexadecane and the 
sediment inoculum), abiotic controls (amended with hexadecane but no 
sediment inoculum), background controls (sediment inoculum with no 
hexadecane), sterile controls (amended with hexadecane and sediment, 
autoclaved on three consecutive days), and positive controls [amended with an 
overlay of hexadecane, sediment inoculum, and a 10% (v/v) inoculum of 
Desulfatibacillum alkenivorans strain AK-01 (approximately 105 cells)]. 
Desulfatibacillum alkenivorans strain AK-01 is a known alkane-utilizing sulfate 
reducer originally isolated from the Arthur Kill waterway (So & Young, 1999). 
AK-01 was used as a positive control because this organism can utilize a range 
of alkanes (C13-C18) under sulfate-reducing conditions. Additionally, AK-01 
has been shown to utilize n-hexadecane syntrophically with the methanogen M. 
hungatei strain JF-1 in the absence of sulfate (Callaghan et al., 2012). AK-01 
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therefore served as a potential positive control under methanogenic conditions 
(i.e., methane production in these incubations above background levels would 
indicate that the sediments contained methanogenic archaea with the ability to 
couple with a known hexadecane utilizer, whereas absence of methane in these 
incubations would suggest that AK-01 could not couple syntrophically with the 
indigenous methanogens). Microcosms were incubated at room temperature (~ 
24-25°C) (in situ water temperatures above sediment averaged 27.5°C; see 
Table S1) in the dark for 672 days. Microcosm activity was monitored via sulfate 
loss on a Dionex ICS-1100 (Dionex, Sunnydale, CA, USA) equipped with an 
IonPac AG23 anion exchange column using eluent of 4.5 mM Na2CO3 and 0.8 
mM NaHCO3 at a flow rate of 1 mL min-1. Methane production was monitored 
as described above.   
Accession Numbers. Sequences of assA and bssA were deposited in 
GenBank under the following accession numbers: KM096832-KM096849. The 
16S rRNA gene sequence data were deposited in NCBI’s Short Read Archive 
under the following accession number: SRP044028. 
 
 
RESULTS   
 August 2010 cruise CTD data confirmed hypoxic conditions in near 
bottom waters of the upper Bay (stations 908 and 858) as observed in 2009 
(Figure S2) and 2010 (Figure S3). Sediment gravity cores were therefore 
collected at four sites along the salinity gradient that spanned hypoxic and oxic 
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zones (Figure S1 and Table S1). The upper Bay cores (stations 908 and 858) 
collected within the area of seasonal hypoxia were dominated by silty clay that 
appeared sulfidogenic. Lower Bay sites (stations 818 and 707) yielded gray 
sandy cores that contained carbonate shell debris. Qualitatively, these cores 
appeared to contain less organic matter than upper Bay sediments.   
Sediment Pore Water Analysis. Overall, pore water sulfate 
concentrations in cores collected from the upper Bay were ca. two orders of 
magnitude lower than in cores from the lower Bay stations (stations 818 and 
707) (Figure 1A), and concentrations in the upper Bay declined rapidly with 
depth (i.e., < 0.1 mM). Methane was detected in all sampled horizons in the 
upper Bay, but concentrations were negligible in lower Bay sediments (Figure 
1B). Pore water methane concentrations in the upper Bay increased with depth, 
ranging from 0.47 ± 0.02 to 2.07 ± 0.32 mM at station 908 and between 0.25 ± 
0.03 to 0.54 ± 0.05 mM at station 858. Alternative terminal electron acceptors, 
such as nitrite and nitrate, were below the limits of detection via ion 
chromatography at all stations and depths (data not shown).  
Microbial Community Analysis. A total of 57,633 bacterial and 17,901 
archaeal sequence reads were obtained via 454-sequencing. Proteobacteria 
contributed to the largest proportion of the bacterial communities at each of the 
locations, ranging from 24-51% of the 16S rRNA reads. Proteobacteria were 
significantly more abundant in upper Bay sediments (averaging stations 908 
and 858) compared to lower Bay sediments (averaging stations 818 and 707) (p 
= 1.32E-04). Delta- and Gammaproteobacteria made up the largest proportions 
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of the Proteobacteria, accounting for 67-90%, and 5-22% of proteobacterial 
reads, respectively (Figure 2A). Both Delta- and Gammaproteobacteria 
accounted for significantly greater proportions of libraries in upper Bay 
sediments compared to lower Bay sediments (p = 1.62E-03 and p = 5.61E-05, 
respectively). Detected gammaproteobacterial lineages included the 
Chromatiales, Thiohalophilus, Xanthomonadales, Sedimenticola, 
Oceanospirillales, Legionellales, Methylococcales, and Alteromonadales (Table 
S4). Dominant within the Gammaproteobacteria were unclassified lineages (55-
79% of reads), as well as the Chromatiales, which accounted for 5-30% of 
gammaproteobacterial reads. Among the Deltaproteobacteria, the 
Desulfobacterales (8-20% of all reads) and the Syntrophobacterales (2-13% of 
all reads) were the most prominent orders, with both being significantly more 
abundant in upper Bay sediments than lower Bay sediments (p = 0.03 and p = 
7.90E-04, respectively). Chloroflexi were detected in high proportional 
abundances at all sites, accounting for 10-38% of bacterial 16S rRNA reads 
and making up a significantly greater proportion of the community in the lower 
Bay (p = 6.94E-05). The majority of the Chloroflexi-like sequences were 
classified within the class Dehalococcoidetes (7-37% of all reads) and the 
genus Dehalogenimonas (7-33% of all reads), with both taxonomic groups 
being more abundant in lower Bay sediments (p = 1.33E-04 and p = 6.60E-05, 
respectively). With respect to depth, Dehalococcoidetes were proportionally 
more abundant in horizon 6 compared to the surface horizon at station 908 (p = 
1.74E-05), whereas Deltaproteobacteria were less abundant with depth at this 
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station (p = 8.90E-04). Also detected in Bay sediments were a diverse group of 
Firmicutes, accounting for 5-14% of all sequences. A large proportion of these 
reads were attributed to the Clostridia (55-88% of Firmicute reads). Both the 
Firmicutes (phylum) as well as the Clostridia (class within the Firmicutes) were 
proportionally more prevalent in upper Bay sediments compared to lower Bay 
sediments (p = 5.71E-03 and p = 0.04, respectively). At the family level, 
Firmicute lineages in Bay sediments included several Bacillales, including the 
Bacillaceae, Paenibacillaceae, Staphylococcaceae, Thermoactinomycetaceae, 
Enterococcaceae, Lactobacillaceae, and Streptococcaceae. Detected, 
classifiable Clostridia families included Clostridiaceae, Eubacteriaceae, 
Peptococcaceae, Peptostreptococcaceae, Veillonellaceae, Natranaerobiaceae, 
and Thermoanaerobacteraceae (Table S4). None of the Firmicute OTUs 
assigned beyond the order level accounted for more than 1% of reads in any of 
the samples, and 42-65% of reads attributed to Firmicutes were either 
annotated as unclassified Clostridia or unclassified Firmicute lineages.  
With respect to the archaeal communities (Figure 2B), the upper Bay 
stations were dominated by Euryarchaeota (81-88% of archaeal reads), 
whereas Crenarchaeota were significantly more prevalent at lower Bay stations 
(p = 1.88E-04). At the class level, the euryarchaeal sequences were primarily 
attributed to the Methanomicrobia, Thermoplasmata, or were unclassified 
Euryarchaeota. Methanomicrobia and Thermoplasmata were proportionally 
more abundant in upper Bay sediments (p = 1.51E-08 and p = 5.63E-05, 
respectively) (Table S5).  
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Clustering of the 16S rRNA reads produced 2,086 bacterial and 861 
archaeal OTUs. ‘Core taxa’ within libraries were defined as taxa that occurred 
at ≥1% frequency in at least one of the libraries. The frequencies for these 
dominant (core) groups were used for ordination using NMDS. NMDS indicated 
that the bacterial communities in the upper Bay are distinct from those in the 
lower Bay (Figure S4A), whereas upper Bay archaeal communities clustered 
more tightly than those for the lower Bay (Figure S4B). PerMANOVA analysis 
indicated that replicates from each of the five horizons were more similar to 
each other than to other sites. Analysis of the core bacterial and archaeal 
communities through a one-way PerMANOVA using Bray-Curtis as a distance 
measure, with groups defined by site and 5000 randomizations, indicated an 
observed test statistic of F = 67.24 (p = 2.00E-04) for Archaea and an observed 
test statistic of F = 35.56 (p = 2.00E-04) for Bacteria (Table S6). The Shannon 
diversity index ranged from 2.48 to 2.86 for Bacteria and from 1.37 to 1.69 for 
Archaea (Table S7), and evenness ranged from 0.84 to 0.94 for Bacteria and 
0.77 to 0.94 for Archaea (Table S7). 
 Quantitative PCR. Total bacterial abundances in Chesapeake Bay 
sediment, as determined by the quantification of rRNA genes (and assuming 
one 16S rRNA gene per genome), ranged between 4.30 x 106 and 5.63 x 107 
per gram of wet sediment. The 16S rRNA gene abundances declined with 
depth in the sediment and were greater in the upper Bay compared to the lower 
Bay sediments (Table S8). Copy numbers of dsrA genes ranged between 3.78 
x 104 and 2.98 x 106 per gram of wet sediment (Table S8). At stations 908 and 
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818, dsrA copy numbers decreased with depth, with relative frequencies (based 
on the ratio of dsrA copies to 16S gene copy numbers) of 5.28-0.96% and 3.47-
0.23%, respectively (Figure S5A and Table S8). Station 707 exhibited the 
highest relative frequency of sulfate reducers at approximately 2 ft (0.6 m) 
below the surface. The relative frequencies of sulfate reducers were fairly 
constant with depth at station 858, averaging 1.65% (Figure S5A and Table 
S8). 
The number of archaeal rRNA genes ranged from 107 to 108 per gram 
wet sediment for stations 908, 858, and 707, whereas abundances at station 
818 were an order of magnitude lower (Table S9). Quantification of mcrA genes 
indicated at least an order of magnitude difference between stations 908 and 
858 and stations 818 and 707 (105 to 106 and 104 to 105 per gram wet 
sediment, respectively). On average, the relative frequencies of methanogens 
accounted for ~4.9% of the archaeal community at stations 908 and 858, 
whereas they accounted for less than 1% (0.97%) of archaeal populations at 
stations 818 and 707 (Figure S5B). These data are consistent with greater 
proportions of reads classified within the Methanomicrobia in stations 908 and 
858 versus 818 and 707 (see above). The estimated proportional abundances 
of methanogens among the Archaea, as measured via qPCR, are lower than in 
16S rRNA gene sequence data, which likely reflects a limitation of the mcrA 




Detection of assA/bssA genes. Bay sediments were surveyed for assA 
and bssA genes via PCR. Using touchdown PCR, bssA genes were detected in 
surface horizons at upper Bay stations 908 and 858 with primer set no. 2 (Table 
S2). A gradient PCR protocol was carried out under less stringent parameters 
on the remaining samples, and assA gene PCR products were obtained with 
DNA from surface horizons at all four stations using primer set no. 7 and at 
depth at station 908 (horizon 6) using primer set no. 1. The gradient PCR 
protocol did not yield bssA gene products from the surface horizons at stations 
818 or 707, or from the depth horizon at station 908. Overall, sequencing of 
cloned PCR products allowed the identification of one bssA genotype (stations 
908 and 858) and seventeen assA genotypes in Chesapeake Bay sediments 
(Figure 3, Table S10). Among the observed assA genotypes, several were most 
similar to sequences previously obtained from hydrocarbon-impacted North 
Atlantic coastal sites (e.g., Arthur Kill NJ/NY and Gowanus Canal, NJ). 
Additionally, assA OTUs 1,2, and 15 were most closely related to assA genes 
recently reported in the draft genomes of Smithella sp. ME-1 and Smithella 
SCADC (Tan et al., 2014), which were derived from different methanogenic 
alkane-degrading enrichment cultures (Tan et al., 2013, Embree et al., 2014). 
Ten out of seventeen Chesapeake Bay assA OTUs formed a clade with a clone 
obtained from Gulf of Mexico sediment potentially exposed to oil originating 
from the Deepwater Horizon oil spill (Kimes et al., 2013). The bssA sequences 
detected here all assembled into a single OTU at 97% similarity (Figure 3) and 
were found to be most similar to bssA in Desulfobacula toluolica Tol2, a sulfate-
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reducing bacterium originally isolated from anoxic marine sediment (Eel Pond, 
Woods Hole, MA) (Rabus et al., 1993).   
Microcosm Experiments. Sulfate-reducing and methanogenic 
microcosms were established using Bay sediments. For all stations, the positive 
controls containing sediment, hexadecane, and D. alkenivorans strain AK-01 
exhibited significant sulfate loss compared to the background controls (p values 
ranged between 1.86E-04 and 1.58E-02) (Figure S6). The time for complete 
sulfate depletion in positive controls varied among stations, but was statistically 
significant (compared to initial concentrations) for all stations by 40 weeks of 
incubation. After additional sulfate amendments (~25 mM), the AK-01-amended 
cultures continued to demonstrate sulfate loss (Table S11). After 672 days, the 
active treatments and background controls at each of the stations exhibited 
small, but significant sulfate loss (p < 0.05) compared to the time-zero 
concentrations, but they were not statistically different from each other (Table 
S11).  
Microcosms established under sulfate-reducing conditions from surface 
horizon sediments collected at stations 858 and 908 produced significantly 
more methane compared to the background controls after 672 days of 
incubation, (p = 3.32E-03 and p = 8.77E-03, respectively) (Figure 4 and Table 
S12). With respect to the AK-01 positive controls (under sulfate-reducing 
conditions), significantly more methane was observed in the surface horizons at 
stations 908, 858, 818, and 707 than in the background controls, whereas a 
significant difference was not seen in the positive control at depth at station 908 
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(horizon 6) (p = 0.07). Additionally, methane production in the AK-01 positive 
control was significantly higher than in active treatments only at Station 707 
(Figure 4 and Table S12).   
Microcosms established under methanogenic conditions for stations 908 
(surface horizon and horizon 6), 858, and 707 produced significantly higher 
levels of methane (p < 0.05) than background controls after the 672-day 
incubation period. A small amount of methane was observed in the killed 
controls for station 858 as well as station 908 horizon 6, with observed 
quantities being significantly less than those observed in background controls (p 
≤ 0.02 to 1.10E-05) (Figure 4 and Table S12). No methane production occurred 
in media-only controls under sulfate-reducing or methanogenic conditions. The 
AK-01 positive control established under methanogenic conditions did result in 
significant (p < 0.05) methane production in comparison to the background 
control at the surface horizons at stations 858 and 707, as well as the depth 
horizon at station 908 (Figure 4). Overall, significantly more methane was 
produced in methanogenic microcosms established from upper Bay sediments 
as compared to sediments collected from lower Bay cores (all pairwise p-values 




 The Chesapeake Bay is a seasonally stratified estuary that experiences 
summer bottom anoxia, which has become increasingly widespread since its 
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initial identification in the 1930s (Newcombe et al., 1939, Officer et al., 1984). 
Anoxia initiates in the spring when increased freshwater and nutrient loading 
lead to halocline-dependent stratification and increased phytoplankton 
productivity. The anoxia is then driven by benthic decay of organic matter from 
sinking phytoplankton and from the previous summer’s and fall’s seasonal 
phytoplankton blooms (Taft et al., 1980, Officer et al., 1984, Boesch et al., 
2001). A hydrocarbon spill in the Chesapeake Bay therefore has the potential to 
impact both oxic and anoxic water masses as well as their underlying 
sediments. Therefore, one aim of the work presented here was to characterize 
and compare the microbial communities associated with sediments located in 
areas of frequent hypoxia with those that are less frequently affected by hypoxic 
waters. Cores were collected across the Bay’s salinity gradient, which 
encompasses both hypoxic and oxic areas, to assess the potential for 
anaerobic alkane degradation, as a proxy for natural attenuation in the event 
that an oil spill should occur.  
Assuming conservative mixing of seawater (~28 mM sulfate at a salinity 
of 35) and given the salinities at stations in the upper Bay (908 and 858; Table 
S1), where hypoxia was observed, it can be estimated that the overlying water 
could contain up to ~8-9 mM sulfate. Pore water sulfate concentrations, 
however, were substantially lower (< 0.3 mM), indicating consumption of 
terminal electron acceptors including sulfate, yielding methanogenic conditions. 
These data are consistent with pore water methane concentrations (Figure 1B), 
which indicated high levels of methane throughout upper Bay sediment cores, 
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reaching supersaturated levels in horizon 6 of station 908. These observations 
are consistent with the important role that sulfate reducers play in the 
conversion of organic matter in coastal ecosystems, particularly near-shore 
(Jørgensen, 1982). Conversely, at the lower Bay stations (stations 818 and 
707), water column salinities would indicate sulfate concentrations of ca. 12 and 
22 mM respectively, which are mirrored by similarly high sulfate concentrations 
observed in the sediment pore water (Figure 1A). High sulfate concentrations in 
lower Bay sediments may reflect less intense input of organic matter via 
sedimentation and/or input of organic matter that is at a later stage of 
decomposition and more refractory to oxidation, resulting in the incomplete 
depletion of terminal electron acceptors (Jørgensen, 1982). Alternatively, given 
the apparent higher porosities of core materials (based on visual inspection) at 
stations 818 and 707, sufficient pore water exchange with overlaying water 
might allow for continuous replenishment of sulfate, at least to the depths 
sampled in this study. Despite the large differences in sulfate concentrations 
between the upper and lower Bay sediments, no clear trend was observed with 
respect to differences in the abundance of sulfate-reducing organisms among 
the different stations (based on qPCR of dsrA and the primers used herein) 
(Figure S5A). Conversely, methanogenic archaea accounted for a 2- to 8-fold 
greater proportion of the archaeal populations in upper Bay sediments (Figure 
S5B), consistent with overall trends in pore water methane concentrations and 
the notion that sediment communities associated with the Bay’s hypoxic zone 
are predominantly methanogenic.  
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High methane concentrations in upper Bay sediments coincided with a 
greater abundance of sequences classified within the deltaproteobacterial order 
Syntrophobacterales. Syntrophobacterales, specifically Syntrophus and 
Smithella spp., are common in methanogenic hydrocarbon-degrading 
communities, including methanogenic oil sands tailings, oil sands tailings 
enrichment cultures, hydrocarbon-contaminated sediments and aquifers, 
methanogenic hexadecane-degrading consortia, oil field production water, 
methanogenic coal seam groundwater, and coal-impacted wetlands (see Gray 
et al., 2011 and references therein, Siddique et al., 2011, Wawrik et al., 2012, 
Cheng et al., 2013, Tan et al., 2013). Furthermore, a greater proportion of 
Firmicutes were detected in the upper Bay sediments. These bacteria are well 
known for their ability to process and ferment complex organic matter and are 
often detected in hydrocarbon-amended enrichment cultures and hydrocarbon-
impacted environments (Gieg et al., 2008, Penner et al., 2010, Wawrik et al., 
2012). More recently it has also been reported that some members of the 
Firmicutes, such as Clostridiales, may play an important role in the activation of 
hydrocarbons under methanogenic conditions (Fowler et al., 2012). Among the 
archaeal communities, upper Bay sediment libraries contained large proportions 
of Euryarchaeota, particularly the methanogenic class Methanomicrobia, 
consistent with both the measured pore water methane concentrations and 
mcrA data (Figure 1B and Figure S5B). Methanomicrobia are often detected in 
methanogenic hydrocarbon-amended enrichment cultures and hydrocarbon 
contaminated systems, and it has been hypothesized this group of 
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methanogens plays a key role in the conversion of hydrocarbons via coupling 
with the requisite syntrophs (for review, see Gray et al., 2010).  
Compared to the upper Bay, the lower Bay sediment 16S rRNA libraries 
contained proportionally fewer sequences within groups traditionally associated 
with organic matter fermentation and methanogenesis. Specifically, significantly 
greater proportions of sequences classified as Dehalococcoidetes (Chloroflexi) 
were detected in these sediments. Dehalococcoidetes and closely related 
groups are known to be involved in organohalide respiration and have potential 
roles in bioremediation of chlorinated compounds that have been used for 
decades as industrial solvents (Richardson, 2013). The latter is relevant to the 
Bay because of a history of PCB pollution (Ashley & Baker, 1999, Walker et al., 
1999, Foster et al., 2000, King et al., 2004). Archaeal communities also 
included large proportions of sequences within the Thermoprotei, which have 
been detected in methanogenic alkane-degrading enrichment cultures, albeit at 
low levels (Gray et al., 2011).  
Given large genome variability within species and high rates of lateral 
gene transfer, 16S rRNA gene sequences are a poor indicator for microbial 
functional traits. To obtain a clearer picture of a community’s potential ability to 
degrade specific pollutants, functional gene markers are frequently used. As 
previously discussed, aliphatic and aromatic hydrocarbon addition to fumarate 
(i.e., ‘fumarate addition’) is one of several mechanisms of anaerobic 
hydrocarbon activation (for review, see Heider and Schühle, 2013). It is 
catalyzed by the glycyl radical enzymes ASS/MAS (Callaghan et al., 2008, 
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Grundmann et al., 2008) and BSS (Leuthner et al., 1998), respectively. The 
genes encoding the catalytic subunits of ASS and BSS (assA and bssA) are 
considered useful biomarkers in this regard (for review, see Callaghan et al., 
2010, Callaghan, 2013, Agrawal & Gieg, 2013). More recently, intense efforts 
have been focused on elucidating pathways of methanogenic conversion of 
hydrocarbons. To date, there have been several studies that have detected 
bssA (for review, see Callaghan, 2013) and/or assA in methanogenic 
enrichment cultures and/or methanogenic hydrocarbon-impacted environments 
(Davidova et al., 2011, Li et al., 2012, Mbadinga et al., 2012, Wang et al., 2012, 
Wawrik et al., 2012, Zhou et al., 2012, Aitken et al., 2013, Cheng et al., 2013), 
providing evidence that fumarate addition may play an important role in the 
hydrocarbon activation step. A recent study of an n-hexadecane-degrading 
methanogenic enrichment culture aimed at identifying requisite alkane-
degrading bacteria, resulted in a draft genome of Smithella sp. ME-1 (Embree 
et al., 2013), which was subsequently reported to contain a nearly full-length 
assA gene to which metatranscriptomic reads were mapped (Tan et al., 2014). 
These observations are consistent with data from another methanogenic 
alkane-degrading enrichment culture (SCADC) (Tan et al., 2013), in which a 
single copy of assA (GenBank accession KF824850) was recovered from a 
partial Smithella sp. genome (Tan et al., 2014). The genus Smithella is a 
member of the family Syntrophaceae, and assA genotypes closely related to 
this gene from Smithella sp. were found in both upper Bay stations (908 and 
858) and station 707 (Figure 3). Genotypes of assA closely related to the 
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sulfate-reducing, alkane-degrading strains D. alkenivorans AK-01 and 
Desulfoglaeba alkanexedens ALDC were also detected at all four stations. 
Moreover, assA genotypes similar to those detected in the Gulf of Mexico 
sediments near the Deepwater Horizon oil spill were also detected. These data 
are consistent with the presence of bacteria capable of alkane utilization under 
methanogenic (i.e., syntrophic) and sulfate-reducing conditions throughout 
Chesapeake Bay in both surface sediments at depth.  
In contrast, bssA-like sequences were only observed in the surface 
horizons of the upper Bay stations (Figure 3). Given the limited number of 
samples analyzed here, our ability to derive conclusions regarding the 
biogeography of ass and bss genes in the Bay is limited. However, the 
substrate range of BSS includes toluene, ethylbenzene, and xylene isomers 
(i.e., TEX) (for review, see Heider & Schühle, 2013), which are far more soluble 
than aliphatic compounds such as the mid- to longer-chain alkanes. It is 
possible that the shorter residence times of these more soluble compounds in 
the water column and sediments may influence the lack of enrichment and/or 
biogeography of TEX-degrading microorganisms in the Bay. Alternatively, 
primer specificity may hinder the ability to detect bssA-type genes at some 
sites. To date, PCR primers that capture the full range of known bssA 
genotypes have not been reported (Acosta-González et al., 2013, von Netzer et 
al., 2013), and it is therefore possible that bacteria potentially capable of TEX-
degradation are more widely distributed in Bay sediments than observed here. 
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In an effort to further investigate the potential for hydrocarbon 
degradation by microbial communities in Chesapeake Bay sediments, 
microcosm experiments were conducted using hexadecane as a substrate 
under sulfate-reducing and methanogenic conditions. Cultures were maintained 
for >600 days. The long incubation time is not atypical of other studies, in which 
lag times associated with methanogenic degradation of long-chain alkanes 
have been observed to be as long as 280 days (Siddique et al., 2011). Despite 
the lengthy incubation, these experiments resulted in several observations. 
First, the addition of hexadecane did not significantly stimulate sulfate loss in 
the absence of D. alkenivorans strain AK-01 as a positive control (Figure S6). 
This observation suggests that the detected assA genotypes are potentially not 
affiliated with the indigenous and ‘strict’ sulfate reducers (i.e., they may be 
affiliated with the indigenous syntrophs). Alternatively, the absence of sulfate 
reduction may simply be an issue of substrate specificity. For example, known 
sulfate-reducing bacteria that utilize alkanes have broad, but variable, substrate 
ranges: D. alkenivorans AK-01 can utilize C13-C18 alkanes (So & Young, 
1999); D. alkanexedens ALDC utilizes C6-C12 alkanes (Davidova et al., 2006); 
and D. oleovorans Hxd3 utilizes C12-C20 alkanes (Aeckersberg et al., 1991). 
The second observation was the production of methane under both sulfate-
reducing and methanogenic conditions. Under sulfate-reducing conditions, the 
active treatments and positive controls produced significantly more methane 
than the background controls for microcosms established with upper Bay 
surface sediments compared to the microcosms established with lower Bay 
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sediments (Figure 4). Moreover, the addition of hexadecane under 
methanogenic conditions appeared to stimulate methanogenesis at stations 908 
(surface and at depth), 858, and 707. Significant methane production was not 
observed under sulfate-reducing or methanogenic conditions in incubations 
established with station 818 sediment. Together, the higher levels of methane 
production in hypoxia-influenced sites (i.e., upper Bay sediments) are 
consistent with the higher abundances of Syntrophaceae and acetoclastic and 
hydrogenotrophic methanogens observed in upper Bay sediments.  
CONCLUSION 
Research addressing the fate and transport of the oil associated with the 
Deepwater Horizon oil spill demonstrated that the microbial community played 
an important role in remediation via natural attenuation mechanisms (for review, 
see Joye et al., 2014, Kimes et al., 2014, King et al., 2015). With respect to the 
Gulf of Mexico, the microbial community demonstrated a rapid and robust 
response (for review, see Joye et al., 2014, Kimes et al., 2014, King et al., 
2015). Molecular analyses of plume water and ocean and coastal sediments via 
microarrays, targeted gene surveys, metagenomics, and metatranscriptomics 
highlighted the importance of both aerobic and anaerobic hydrocarbon 
degradation (for review, see Joye et al., 2014, Kimes et al., 2014, King et al., 
2015). In contrast to the Gulf of Mexico, the Chesapeake Bay is a much 
smaller, shallower, and more dynamic ecosystem, driven by different physical 
and chemical processes, and the predicted response to a large oil spill would 
also be very different. Realistically, physical remediation would in all likelihood 
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be the most exploited tactic in an oil spill response for a system like the Bay. 
Unlike in the Deepwater Horizon oil spill, which elicited a fast, ‘aerobic 
response’ of microbial communities, the Bay’s bioremediation capacity in the 
water column and in the sediments would likely be influenced by its periods of 
seasonal hypoxia. Long term, this could dictate increased dependence on the 
anaerobic microbial community to metabolize the residual hydrocarbons that 
partition to sediments. Although hydrocarbons are probably not a selective 
pressure on Bay sediments, past investigations have demonstrated the ability of 
Bay microbial communities to utilize hydrocarbons aerobically (Walker & 
Colwell, 1973, Walker et al., 1976a, Walker et al., 1976b, Okpokwasili et al., 
1984, West et al., 1984). Here, we report that the microbial communities of Bay 
sediments include microbial taxa frequently associated with the anaerobic 
conversion of hydrocarbons. The potential for anaerobic aromatic and aliphatic 
hydrocarbon transformation is further supported by the detection of bssA and 
assA genotypes at different locations throughout the Bay and the ability to 
stimulate methane production in the presence of hexadecane under sulfate-
reducing and methanogenic conditions. The occurrence of natural attenuation 
of hydrocarbons under anaerobic conditions can therefore be taken into 
account when considering a remediation strategy in response to a major spill in 







Figure 1. Depth profiles of (A) sulfate and (B) methane concentrations in 
Chesapeake Bay sediment pore water. Methane measurements were obtained 
for triplicate sediment samples from each horizon via gas chromatography. 
Sulfate concentrations were determined by analyzing triplicate pore water 







Figure 2. Microbial community composition in Chesapeake Bay sediments as 
determined by 454-pyrosequencing of partial 16S rRNA gene PCR products. 
(A) Bacterial and (B) archaeal 16S rRNA genes were amplified separately, and 
reads were analyzed using QIIME (Version 1.8.0) (Caporaso et al., 2010a). 
Community composition data are shown at the class taxonomic level. Minor 
phylogenetic groups, which could not be visually resolved in the bar graphs, are 







Figure 3. Neighbor-joining dendrogram of translated assA and bssA gene 
sequences detected in Chesapeake Bay sediments. Sequence reads were 
assembled into OTUs at 97% similarity, and closest matches for each OTU 
were determined using BlastX of the NCBI NR database. Resulting OTUs and 
closest matches were translated into protein sequences and aligned with 
representative AssA and BssA sequences from several well-described strains 
using Megalign Software (DNASTAR Inc., Madison, WI, USA) and the ClustalW 
alignment method. Neighbor-joining trees were constructed with pairwise 
deletion and performing 10,000 bootstrap replicates. Bootstrap values below 65 
are not shown. Pyruvate formate-lyase served as the outgroup for phylogenetic 
analysis. Abbreviations: Ass (alkylsuccinate synthase), Mas 
(methylalkylsuccinate synthase), Bss (benzylsuccinate synthase), Nms 
(napthylmethylsuccinate synthase) and Pfl (pyruvate formate-lyase). GenBank 
accession numbers are indicated in parentheses. Stations where OTUs were 
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Chesapeake Bay assA OTU 5 (KM096836)
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Figure 4. Methane production was monitored in microcosms established from 
Chesapeake Bay sediments under sulfate-reducing and methanogenic 
conditions. Microcosms were established with sediments from the surface 
horizons at each station, as well as the deepest horizon (horizon 6) at station 
908. Five treatments were established in triplicate, including (active) 
enrichments that included media, sediment, and a hexadecane overlay; 
(positive) control enrichments that included media, sediment, hexadecane, and 
D. alkenivorans strain AK-01; (background) controls that contained media and 
sediment; (media) controls containing only medium and a hexadecane overlay; 
and (sterile) controls containing media, sediment, and hexadecane, which were 
autoclaved on three consecutive days for sterilization. An asterisk (*) indicates 
methane production significantly above background controls after 672 days of 
incubation. A (†) indicates AK-01-amended microcosms with significantly higher 
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Chapter 2. Impact of Photolyzed Macondo (MC252) Crude Oil 
and Polycyclic Aromatic Hydrocarbons (PAHs) on Indigenous 





Photooxidation is an important process contributing to the fate of crude 
oil in marine systems and can have a significant impact on the bioavailability of 
crude oil components to indigenous microbial communities. Sulfate-reducing 
bacteria (SRB) play an important role in carbon mineralization in the marine 
environment and are known to mediate hydrocarbon transformation processes. 
Determining the impact of photolyzed oil-derived compounds on SRB is 
important with regard to predicting the fate of crude oil in marine ecosystems. It 
was hypothesized that water-soluble products generated from the photolysis of 
Macondo (MC252) crude oil, as well as individual oil components, would inhibit 
the activity of indigenous Gulf of Mexico (GoM) sulfate-reducing 
microorganisms. Sediments were collected from three GoM locations on the 
coast of Biloxi, Mississippi. The impact of aqueous extracts of photolyzed 
source oil and individual polycyclic aromatic hydrocarbons (PAHs) was 
assessed via 35SO4-reduction assays (SRAs) in sediment slurries amended with 
varying concentrations of extracts (0.1 - 50%, v/v). Sediment microbial 
communities were investigated via DNA extraction and 16S rRNA gene 
sequencing, which revealed that Deltaproteobacteria populations at each 
location were distinct. Individual SRA experiments exhibited significant 
increases, significant decreases, or no significant differences in sulfate 
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reduction rates (SRRs) of populations exposed to photooxidized hydrocarbons 
compared to baseline SRRs. No clear trend was observed of an effect from 
exposure to photogenerated products with regard to site, substrate, or 
irradiation treatment. These data suggest that photolyzed oil is not likely to have 
an overall negative impact on sulfate-reducing microbial communities in coastal 




The explosion of the Deepwater Horizon (DWH) rig, blowout of the 
Macondo well, and subsequent discharge from the wellhead released an 
estimated 4.9 million barrels (McNutt et al., 2011, McNutt et al., 2012) of 
Mississippi Canyon Block 252 (MC252) crude oil into the GoM. Once introduced 
into the environment, crude oil is transformed via weathering through processes 
such as evaporation, dissolution, emulsification, and photooxidation. 
Photooxidation is one of the main processes affecting crude oil in marine 
environments (Payne & Phillips, 1985, Nicodem et al., 1997, Tarr et al., 2016). 
Numerous studies have shown that photochemical transformation of petroleum 
results in increased molecular oxygen content, and common photogenerated 
products include acids, alcohols, phenols, ketones, and esters (Hansen, 1975, 
Barth, 1984, Maki et al., 2001, Lee, 2003). An increase in oxygen content in oil 
constituents was observed with oil released during the DWH event. Ray et al 
(2014) demonstrated that photochemical transformation of MC252 crude oil led 
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to increased oxygenation of parent compounds and an increase in water 
solubility of the photogenerated products. Additionally, Aeppli et al (2012) 
concluded that oxygenation of DWH hydrocarbon residues occurred in the 
environment and that the generated ‘oxyhydrocarbons’ represented a 
substantial portion of the mass of weathered oil. This finding has been further 
documented in a number of studies focusing on DWH-related oil (Hall et al., 
2013, Radović et al., 2014, Ruddy et al., 2014). Several studies have 
characterized weathered MC252 oil samples and have identified a number of 
oxygenated-derivatives of oil constituents, such as carboxylic acids, ketones, 
and alcohols (Aeppli et al., 2012, Ray et al., 2014, Ruddy et al., 2014). 
PAHs comprised only a small fraction of released MC252 oil (<2%; 
(Reddy et al., 2012)), but these compounds pose an environmental and health 
risk due to their toxic and carcinogenic properties. Photochemical 
transformation of PAHs can result in increased solubility and therefore, higher 
levels of toxicity compared to parent compounds. Oxygenated PAH-derivatives 
are often identified as photoproducts of PAH photooxidation, including 
pyrenequinones (Sigman et al., 1998) and phenanthrenequinone, which has 
been shown to be toxic to bacteria and aquatic plants (McConkey et al., 1997). 
Additionally, photooxidation of anthracene has been shown to produce a variety 
of different types of photoproducts, including phenols, benzoic acids, 
anthraquinones, and benzaldehydes (Mallakin et al., 2000).  
Past studies have demonstrated increased toxicity of photooxidized 
crude oil and of photooxidized PAHs to a range of organisms. These studies 
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have been carried out using microbes, aquatic plants, as well as invertebrates 
and vertebrates, including bivalves, mysid shrimp, copepods, and a variety of 
fish species (Oris & Giesy, 1985, Gala & Giesy, 1992, Arfsten et al., 1996, 
McConkey et al., 1997, Pelletier et al., 1997, Duesterloh et al., 2002). Due to 
the severity of the DWH spill, extensive research was carried out on the effects 
of crude and weathered MC252 oil (Barron, 2012, de Soysa, 2012, Finch et al., 
2012, Lin & Mendelssohn, 2012, Whitehead et al., 2012, Dubansky et al., 2013, 
Incardona et al., 2014, Alloy et al., 2016, Beyer et al., 2016, Esbaugh et al., 
2016, Langdon et al., 2016, Pasparakis et al., 2016, Stefansson et al., 2016). 
Many of these studies were focused on higher trophic level organisms, and 
overall, concluded that negative impacts of crude and weathered MC252 oil 
occurred in a number of species. Studies on lower trophic level organisms have 
also found that irradiation of MC252 crude oil or a MC252 surrogate oil can 
increase toxic effects on zooplankton (Almeda et al., 2013), phytoplankton (Paul 
et al., 2013), and pure cultures of aerobic bacteria (i.e., Vibrio fischeri via 
Microtox® assays) (King et al., 2011, Paul et al., 2013, King et al., 2014). 
However, little is known about how indigenous microbial communities are 
affected by photogenerated products. 
Anaerobic microorganisms, particularly SRB, play a crucial role in marine 
carbon cycling (Jørgensen, 1982), and these microorganisms can function as 
key players in hydrocarbon transformation processes (Coates et al., 1997, 
Heider et al., 1998, Kniemeyer et al., 2007, Musat et al., 2009). Many sulfate-
reducers have a wide substrate range, not only capable of utilizing a variety of 
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hydrocarbons, including PAHs (Coates et al., 1997, Galushko et al., 1999, 
Meckenstock et al., 2016), but also other types of compounds, such as organic 
acids and alcohols (Rabus et al., 2006). It is unclear what, if any, effect 
weathered oil has on indigenous sulfate-reducing populations in GoM 
ecosystems. However, given the significant role that SRB have in petroleum 
biodegradation and transformation in the environment, as well as the potential 
for increased toxicity of photooxidized compounds, the impact of these 
photogenerated products on SRB populations warrants further study. An 
understanding of how indigenous anaerobic microbial communities respond to 
weathered oil is needed in order to fully recognize the ultimate fate of residual 
oil along the Gulf Coast. Therefore, the aim of this study was to investigate the 
impact that photolyzed oil and PAHs have on native sulfate-reducing 
populations in GoM coastal regions. It was hypothesized that water-soluble 
compounds generated from irradiation of MC252 crude oil and individual PAHs 




MATERIALS & METHODS 
Sample Collection. Three locations were sampled on the coast of Biloxi, 
Mississippi in August 2013 (Table S1). These sites had no visible oil 
contamination. Surface water, defined here as water collected just offshore 
while aboard the sampling vessel, was collected via pumping seawater through 
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Tygon® tubing into 10-L acid-washed, sterile carboys (Bel-Art, Wayne, NJ, 
USA) for on-site analyses. Additional samples of surface water and water 
overlying sediments, defined here as water collected onshore that overlaid 
sediments, were collected and immediately placed on dry ice for subsequent 
laboratory analyses. Onshore sediment samples (i.e., time-zero, T-0) at each 
site were collected at depths of approximately 12-17 cm below the surface 
using an ethanol-sterilized hand shovel. Two 2-L-polypropylene wide mouth 
bottles (VWR®, Radnor, PA, USA) were filled with sediment and overlying 
water (denoted as Jars A and B) at each site. Sediment and seawater collection 
containers were transported on ice and subsequently stored at 4°C in the 
laboratory until use. Four replicates of sediment were collected at each location 
(ca. 1 cm3), placed in MO BIO PowerSoil® Bead Tubes (MO BIO, Carlsbad, 
CA, USA) on-site, immediately stored on dry ice for transport, and stored at -
80°C in the laboratory until extraction. 
Water Analysis. Redox potential, pH, and temperature of surface waters 
were measured on-site using an OAKTON pH 11 series meter (OAKTON 
Instruments, Vernon Hills, IL, USA). Surface water salinity (ppt, parts per 
thousand) was also measured on-site using a salt refractometer (Sper Scientific 
Ltd, Scottsdale, AZ, USA). Four replicate samples of surface water and water 
overlying onshore sediments collected from each site were filtered with a 0.2 
µm PTFE-membrane syringe filter (VWR®, Radnor, PA, USA) to remove 
particulates and diluted fifty-fold in deionized water prior to ion chromatography. 
Chloride, nitrate, nitrite, and sulfate were measured via anion exchange 
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chromatography using a Dionex ICS-1100 (Dionex, Sunnydale, CA, USA) 
equipped with an IonPac AS23 column, an eluent of 4.5 mM Na2CO3 and 0.8 
mM NaHCO3, and a flow rate of 1 mL min-1.  
A colorimetric assay was also used to measure nitrate and nitrite 
concentrations in collected water samples (Miranda et al., 2001). Sodium nitrate 
(NaNO3) and sodium nitrite (NaNO2) standards (1-1000 µM) were established in 
duplicate. All samples and standards were incubated for 25 minutes before 
absorbance was measured at 535 nm using a Unico® 1000 spectrophotometer 
(UNICO, Dayton, NJ, USA). Phosphate concentrations in water samples were 
measured colorimetrically (Zimmermann & Keefe, 1997). Sodium phosphate 
(NaPO4) standards (1-1000 µM) were prepared in duplicate, and 
orthophosphate concentrations were measured at 880 nm on a Unico 1000 
spectrophotometer (UNICO, Dayton, NJ, USA). 
DNA Extraction. Community genomic DNA from sediments collected 
on-site was extracted using a MO BIO PowerSoil® DNA Isolation Kit (MO BIO, 
Carlsbad, CA, USA) according to manufacturer’s instructions, and DNA was 
quantified using a Qubit® 2.0 Fluorometer and Qubit® dsDNA BR Assay Kit 
(Life Technologies, Grand Island, NY, USA). SRA sediment samples collected 
at the time of each SRA set up (see “Assessment via SRAs”) were extracted 
and quantified using the same methods described for field samples. 
Microbial Community Analysis. Genomic DNA extracted from 
sediments was used for sequencing to survey indigenous microbial populations. 
Partial bacterial and archaeal 16S rRNA genes were amplified using a 5’ M13 
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tag on a universal 519F primer (5’-GTA AAA CGA CGG CCA GCA CMG CCC 
C-3’) and with a universal Bac-785R reverse primer (5’-TAC NVG GGT ATC 
TAA TCC-3’) as previously described (Wawrik et al., 2012, Klindworth et al., 
2013). Amplification of 16S rRNA genes was first performed using ‘untagged’ 
forward and reverse primers. Total reaction volumes were 50 µl and contained 
1 µl (100 µM stock) of forward and reverse ‘untagged’ primers, 25 µl of 2X PCR 
Master Mix (Life Technologies, Grand Island, NY, USA), and 2 µl of template 
(1:5 dilution). Thermocycler parameters were as follows: 95°C for 2 min, 30 
cycles of 95°C for 30 s, 55°C for 1 min, and 72°C for 1.5 min, and a final 72°C 
extension step for 10 min. PCR products were purified using QIAGEN QIAquick 
PCR Purification Kit (Qiagen, Valencia, CA, USA) according to the 
manufacturer’s protocol. Subsequently, PCR products were ‘tagged’ by addition 
of Illumina barcode sequences. Reactions were performed in 30-µl volumes and 
contained 15 µl of 2X PCR Master Mix (Life Technologies, Grand Island, NY, 
USA), 0.15 µl (100 µM stock) of ‘untagged’ 785R primer, 1 µl (10 µM stock) of 
‘tagged’ forward primer, and 2 µl of cleaned PCR product. Thermocycler 
conditions were performed as described above for six cycles. Both ‘tagged’ and 
‘untagged’ products were visualized via gel electrophoresis to ensure efficient 
amplification reactions. Equal volumes of barcoded PCR products were 
combined and cleaned as described above in preparation for sequencing. 
Samples were sequenced via Illumina MiSeq 300v2 at Oklahoma Medical 
Research Foundation (Oklahoma City, OK, USA). Samples collected in the field 
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nd samples collected at the time of SRA set-up were identically prepared and 
sequenced during two separate MiSeq runs.  
Sequence Analysis. Sequencing reads were analyzed with QIIME 
(Version 1.9.0) (Caporaso et al., 2010a). Each of the separate Illumina MiSeq 
runs, hereafter referred to as T-0 or SRA, were analyzed using identical 
methods. Individual sample libraries were demultiplexed via barcodes, and a 
similarity cut-off of 97% was used to group reads into operational taxonomic 
units (OTUs). Sequences were aligned using the SILVA reference database 
(Pruesse et al., 2007) and PYNAST (Caporaso et al., 2010b). Taxa frequency 
data were arcsine-square root transformed prior to statistical analyses and 
comparisons. T-tests were used to determine significant differences between 
samples using a two-tailed distribution and equal sample variance. 
Deltaproteobacterial taxa were further analyzed to compare populations among 
sites. Non-metric multidimensional scaling (NMDS) was utilized to assess 
community grouping patterns among sampling locations using a Bray-Curtis 
distance measure, 1000 runs with actual data, 1000 runs with randomized 
versions of the data, two ordination axes, and orthogonal principal axis rotation. 
NMDS analysis was repeated multiple times with identical parameters to ensure 
that the lowest stress value (i.e., the best fit of the data) was achieved and that 
consistent results were obtained. A multi-response permutational procedure 
(MRPP) was also conducted using a Bray-Curtis distance measure (McCune et 
al., 2002), and diversity (e.g., Shannon and Simpson indices), richness, and 
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evenness were calculated. NMDS, MRPP, and descriptive statistics were all 
conducted using PC-ORD (Version 6, MjM Software).  
Photolysis. Photolysis was carried out by layering the compound(s) on 
water (see below) in a jacketed beaker, covering with quartz glass to prevent 
evaporation, and irradiating at 27°C for 12 hours using an Atlas CPS+ solar 
simulator. The solar simulator was operated at 1.3 times solar noon intensity, at 
which 12 hours is equivalent to approximately three days of sunlight in the 
northern GoM. Irradiation treatments were set up in triplicate. A total of 750 mL 
of water was subsequently separated from the hydrocarbon layer, filtered (0.45 
µm), and frozen until use in SRA experiments. Dark (non-photolyzed) 
treatments were generated using the same method without exposure to the 
solar simulator. Whole oil and PAH photolysis experiments were conducted as 
follows. For source oil, 307 µl of MC252 source oil was placed on the surface of 
filtered (0.2 µm) GoM seawater. Pyrene extracts were generated by mixing 1 
mL of a 48 µM pyrene stock in a toluene/tetradecane carrier phase with 5 mL of 
hexane and allowing toluene/hexane to evaporate, resulting in a hydrocarbon 
film of approximately 750 µl on the surface of deionized water. Anthracene and 
anthracene/phenanthrene mix treatments were generated in the same manner, 
with 1 mL of 74 µM anthracene in a toluene/tetradecane carrier and with 1 mL 
of 63 µM anthracene/255 µm phenanthrene in a toluene/tetradecane carrier, 
respectively.  
Assessment via Sulfate Reduction Assays (SRAs). Previous studies 
focused on microbial toxicity of weathered oil have been conducted using 
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Microtox® assays. Here, SRAs using a 35S-radiotracer were conducted to 
determine the effects of photolyzed and non-photolyzed compounds on 
endogenous rates of sulfate reduction in coastal sediments collected from the 
three sites. Incubations were established in 120 mL serum bottles in an 
anaerobic chamber under N2:H2 (95:5) with 10 g sediment and a total volume of 
10 mL, which included seawater and the different concentrations of irradiated or 
non-irradiated aqueous extracts. Sediment was first homogenized in an attempt 
to control variability between bottles by placing it in a sterile beaker and 
continuously stirring in the anaerobic chamber during set-up (with the exception 
of Site 1 source oil incubations). Bottles were sealed with butyl rubber stoppers, 
closed with aluminum crimp seals, and the headspace aseptically flushed three 
times with N2:CO2 (80:20) after removal from the chamber. Experimental 
controls were established in triplicate and included an endogenous incubation 
containing sediment and seawater (i.e., baseline), a positive control with a 
lactate amendment (2 mM), and a sterile control of autoclaved sediment and 
seawater. Based on preliminary experiments, amendments of 1%, 2%, and 5% 
(v/v) of photolyzed or non-photolyzed aqueous extracts were initially added to 
incubations. Subsequently, experiments were conducted using a wider range of 
amendment concentrations, including 0.1%, 1%, 2%, 5%, 10%, and 50% (v/v). 
In the case of MC252 source oil incubations, 100% treatments were also set up. 
This concentration was not tested with individual PAHs as these compounds 
were photolyzed using deionized water, and no sulfate was present. All 
experimental SRAs were set up in triplicate. Amendments containing source oil 
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and pyrene were established using sediments from Jar A at each of the three 
sites, whereas anthracene and anthracene/phenanthrene mix incubations were 
established using sediments from Jar B. Sediment and water were collected at 
the time of each SRA set-up and stored at -20°C until further analysis. For 
sediment, four replicates (ca. 1 cm3) were placed in MO BIO PowerSoil® tubes 
(MO BIO, Carlsbad, CA, USA) for DNA extraction and subsequent 16S rRNA 
gene sequencing to assess microbial communities shifts during storage (i.e., 
sediment was kept at 4°C for several months as different SRAs were 
established) (see “Microbial Community Analysis”). As mentioned above, the 
overlying water was analyzed for sulfate via ion chromatography (see “Water 
Analysis”). These sulfate concentrations were used in SRR calculations.    
SRAs were performed as described by Ulrich et al (1997) with 
modifications described here. Additions of 35S-radiotracer were amended to 
each bottle in 100 µl volumes, and incubations were stored at room temperature 
in the dark for six to seven days. Sulfide traps were placed in bottles after the 
approximate week-long incubation period as follows: serum bottles were placed 
in an anaerobic chamber, un-stoppered, and a 12x75 mm borosilicate glass test 
tube was added. Anoxic zinc acetate (4% solution) was added to each test tube 
(2 mL) to precipitate any 35S by-products generated through sulfate reduction. 
Bottles were then stoppered, sealed, and removed from the chamber. Anoxic 
Cr(II)-HCl (4 mL) and anoxic 12 N HCl (4 mL) were syringe-injected into each 
bottle, and bottles were placed on a rotary shaker (~60 rpm) for three days. 
Sulfide traps were subsequently removed, and the zinc acetate solution 
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homogenized using a combination of pipetting and sonication. Half of the 
homogenized solution (1 mL) was removed, placed in a scintillation vial, and 
mixed with 5 mL of Ultima Gold LSC-scintillation fluid (PerkinElmer, Waltham, 
MA, USA). Decomposition per minute (dpm) was recorded using a Hidex 
Triathler liquid scintillation counter (Hidex Oy, Turku, Finland). Rates of sulfate 
reduction were calculated by measuring the amount of radiolabel counted in 
zinc acetate traps, the total radiolabel initially added to bottles, and the amount 
of non-labeled sulfate that was present in the incubations. Rates are reported 
as averages of triplicates and are presented as a percent increase or decrease 




Water Analysis. Measurements of salinity, as well as sulfate 
concentrations, indicated that Site 1 and Site 3 were similar to each other and 
more typical of a brackish coastal environment. Salinities were 13 ppt and 10 
ppt (Table S2) for Site 1 and Site 3, respectively. Sulfate ranged from 7.83 ± 
0.04 mM to 9.42 ± 0.04 mM for these locations (Table S3). In contrast, Site 2 
had a higher salinity of 26 ppt (Table S2) and higher sulfate, ranging from 16.58 
± 0.05 mM to 19.47 ± 0.06 mM (Table S3). Nitrate and nitrite were below 
detection limits in all samples via ion chromatography. Nitrate was detected 
colorimetrically in only one sample at a concentration of 0.01 ± 0.009 mM in 
surface water at Site 1 (Table S3). No nitrite was detected in any of the tested 
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samples. Phosphate concentrations ranged from 0.018 ± 0.01 mM to 0.07 ± 
0.002 mM across the three sites (Table S3).  
Microbial Community Analysis. Genomic DNA was extracted from 
time-zero (T-0) sediment samples, and partial 16S rRNA genes were 
sequenced to compare phylogenetic compositions of communities among sites. 
Of particular interest were the Deltaproteobacteria, as this taxa contains many 
sulfate-reducing genera. Relative abundances of Deltaproteobacteria varied 
among sites (Table S4). Sediment from Site 1 (Jar A: 7.31% ± 0.17%, Jar B: 
4.43% ± 0.18%) and Site 3 (Jar A: 12.24% ± 0.49%, Jar B: 7.82% ± 2.55%) had 
significantly higher relative abundances than Site 2 sediment (Jar A: 2.54% ± 
0.22%, Jar B: 2.40% ± 0.12%) (p ≤ 0.03). The Deltaproteobacteria communities 
also varied in overall composition among sites (Figure 1, Tables S5, S6, S7, S8, 
and S9), but multiple taxa were consistently present and relatively abundant 
among all locations/jars, including Desulfonauticus, Desulfobacteraceae 
Sva0081 sediment group, and uncharacterized Sh765B-TzT-29 (Tables S7, S8, 
and S9).  
Additional sediment samples were collected (ca. 1 cm3, four replicates) 
at the time that each SRA was established to monitor whether community shifts 
occurred during sediment storage. At Site 1, the relative abundance of 
Deltaproteobacteria did not show significant changes in Jar A (Table S10), 
whereas there was a significant increase in Jar B, as abundances increased 
from 4.43% ± 0.18% of the total population in the T-0 sample to 5.42% ± 0.15% 
in anthracene/phenanthrene mix SRA samples (p = 3.01E-04) (Table S10). In 
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contrast, Site 2 Jar A sediment significantly decreased at the time pyrene 
incubations were established from 2.54% ± 0.22% to 1.33% ± 0.22% (p = 
5.49E-04) (Table S10). Anthracene/phenanthrene mix SRA samples for Site 2 
had significantly higher Deltaproteobacteria, increasing from a total of 2.40% ± 
0.12% in the T-0 sample to 5.81% ± 0.77% at the time of SRA set-up (p = 
1.31E-03) (Table S10). Deltaproteobacteria in Jar A sediment from Site 3 
showed a general decrease in relative abundance with time, significantly 
decreasing to 10.05% ± 0.62% (p = 8.13E-03) for the 50% oil SRA samples and 
to 8.49% ± 1.99% (p = 0.04) for pyrene SRA samples (Table S10). Similarly as 
in Jar B from Sites 1 and 2, an increase in the abundance of 
Deltaproteobacteria was observed in Site 3 Jar B, increasing from 7.82% ± 
2.55% in the T-0 sample to 11.42% ± 0.90% (p = 0.08) in the anthracene SRA 
samples and to 12.07% ± 0.69% (p = 0.04) in the anthracene/phenanthrene mix 
SRA samples (Table S10).  
The relative abundances of Deltaproteobacteria were not consistently 
significantly different between T-0 and SRA samples in all cases, although 
shifts in microbial communities were observed within deltaproteobacterial taxa 
among all sites (Figure S1). These shifts occurred to varying degrees, and the 
deltaproteobacterial taxa present differed among individual samples (Figures 
S2, S3, and S4, Table S11). Desulfonauticus was present in all T-0 sediment 
samples ranging from 4.54% ± 0.64% to 15.17% ± 0.36% of total 
Deltaproteobacteria (Figures S2, S3, and S4, Tables S7, S8, S9). However, this 
group was not abundant in any of the SRA samples among any of the three 
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locations (Figures S2, S3, and S4, Table S11). Nitrospinaceae abundance 
generally increased during storage (e.g., Site 1, Jar B) (Figures S2, S3, and S4, 
Table S11), as did environmental groups such as Sh765B-TzT-29 (e.g., Site 2, 
Jar A), Desulfobacteraceae Sva0081 sediment group (e.g., Site 3, Jar B), and 
Desulfobacteraceae SEEP-SRB1 (e.g., Site 1, Jar A) (Figures S2, S3, and S4, 
Table S11). Desulfopila, Desulfobacula, and Desulfofaba also typically 
increased in relative abundance within SRA samples (e.g., Site 2, Jar B) (Figure 
S3, Table S11). NMDS ordination confirmed that shifts occurred among overall 
Deltaproteobacteria populations (Figure S1). However, grouping patterns 
indicated that within-site communities were generally similar to T-0 samples 
even as shifts occurred, and that Site 2 sediment appeared to have the largest 
changes in deltaproteobacterial community composition (Figure S1). Non-
deltaproteobacterial sulfate-reducing lineages (e.g., Archaeoglobus, 
Desulfotomacalum, Desulfosporosinus) (Muyzer & Stams, 2008) were not 
abundant in T-0 or SRA sediment samples (data not shown).  
Sulfate Reduction Assays (SRAs). Sulfate reduction assays using a 
35S radiotracer were used to assess potential impacts of photolyzed compounds 
on endogenous sulfate reduction rates. SRAs were established using dark 
(non-photolyzed) versus irradiated (photolyzed) MC252 source oil, pyrene, 
anthracene, and an anthracene/phenanthrene mix. Individual treatments 
showed significant increases, significant decreases, or had no significant 
differences compared to baseline rates (Figure 2, Tables S12, S13, and S14). 
For Site 1, incubations amended with source oil exhibited a significant increase 
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in the 5% irradiated treatment compared to the endogenous SRR (p = 0.04), 
whereas a significant decrease was seen in the 0.1% irradiation treatment (p = 
0.05) (Figure 2A, Table S12). For other tested compounds at Site 1, both 
increases and decreases in SRRs occurred, although no clear trend was 
observed with regard to significant differences compared to baseline controls 
(Figure 2, Table S12). Overall, the source oil SRAs for Site 2 and Site 3 did not 
demonstrate significant differences for dark or irradiated treatments across the 
range of tested concentrations, with the exception of the 100% dark treatment 
at Site 2, which showed a decrease compared to baseline rates (p = 0.04) 
(Figure 2A, Table S13), and the 100% amendment at Site 3, which was 
significantly higher relative to the endogenous rate (p = 0.02) (Figure 2A, Table 
S14). Incubations using dark or photolyzed pyrene, as well as anthracene 
assays, again indicated that there were increases or decreases among 
individual treatments, but no significant trend was seen (Figure 2, Tables S12, 
S13, and S14). It should be noted that in some treatments, the positive control 
amended with lactate did not show a significant increase (e.g., Site 1 with 
anthracene; Site 2 with pyrene; Site 2 with anthracene) (Figure 2, Tables S12 
and S13).  
 
 
DISCUSSION   
Photooxidation and biodegradation are major processes that govern the 
fate of oil in marine environments. Photooxidation alters the chemical 
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composition of oil, leading to generation of oxygenated compounds (Nicodem et 
al., 1997, Tarr et al., 2016). This can result in an increase in bioavailability and 
allow for greater biodegradation, but can also lead to enhanced toxicity of 
specific oil constituents (e.g., PAHs). As microbial-mediated transformation of 
hydrocarbons is central to the removal of petroleum from contaminated 
environments, it is crucial to understand the impact that photolyzed 
hydrocarbons have on native microbial communities. Anaerobic processes are 
of particular importance in coastal marshes, and, as SRB are key mediators in 
hydrocarbon remediation in anoxic systems (Aeckersberg et al., 1991, Rueter et 
al., 1994, Coates et al., 1996, Coates et al., 1997, Widdel & Rabus, 2001, 
Meckenstock et al., 2004, Widdel et al., 2010, Mbadinga et al., 2011, 
Kleindienst et al., 2014, Lueders, 2016), an understanding of the effect that 
photolyzed MC252 crude oil and PAHs have on indigenous sulfate-reducing 
communities in the GoM is needed to fully appreciate the impact the DWH spill 
had on the ecosystem. Therefore, the aim of this study was to determine 
whether irradiation of MC252 crude oil and PAHs would affect the indigenous 
sulfate-reducing communities in coastal GoM sediments. Sulfate reduction 
assays were used to evaluate the effects of these compounds by comparing 
baseline SRRs to rates in the presence of irradiated (photolyzed) or dark (non-
photolyzed) compounds.  
Microbial Community Analysis. Sulfate-reducing bacteria play a crucial 
role in marine environments due to their involvement in carbon cycling 
(Jørgensen, 1982), and their role in the natural attenuation of petroleum 
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contamination (Heider et al., 1998, Kniemeyer et al., 2007, Widdel et al., 2010). 
Here, partial 16S rRNA genes were sequenced to inventory the sulfate-reducing 
communities present at each of the three sites and to monitor whether these 
communities shifted over the course of the experiment as sediment was stored. 
Deltaproteobacterial abundances in T-0 sediment samples were significantly 
higher at Site 1 and Site 3 than at Site 2 (Table S4), and the differences in 
overall Deltaproteobacteria abundance between sites likely explain the 
observed variations in baseline SRRs among the different sites (see “SRA 
Assessments” below) (Figure 2, Tables S12, S13, and S14). In addition to 
overall abundances, deltaproteobacterial taxa varied among sites, as indicated 
by the separate NMDS grouping patterns (Figure 1), and populations also 
varied somewhat between replicates from Jar A and Jar B, specifically at Site 1 
(Figure 1). A number of taxa classified within the Desulfarculaceae, 
Desulfobacteraceae, and Desulfobulbaceae families were observed, as well as 
several environmental groups (e.g., Sh765B-TzT-29, Desulfobacteraceae 
Sva0081 sediment group, Desulfobacteraceae SEEP-SRB1) (Figures S2, S3, 
and S4, Table S11). These data are consistent with other studies, wherein 
members of these taxa, as well as the uncharacterized environmental groups, 
have been detected in a variety of marine and brackish environments (Knittel et 
al., 2003, Li et al., 2009, Siegert et al., 2011, Sun et al., 2013, Kleindienst et al., 
2014, Kuever et al., 2015a, Kuever et al., 2015b).  
Given the number of treatments, controls, and replicates, all of the SRAs 
could not be established and monitored simultaneously, thus requiring that 
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sediment be stored until each SRA experiment was carried out. In order to 
determine that site sediment contained sulfate-reducing taxa at the time of each 
assay, sediment samples were collected each time an SRA experiment was set 
up, and partial 16S rRNA genes were sequenced to monitor potential 
community shifts. Changes in the relative abundances of Deltaproteobacteria 
were observed, as were shifts in the specific deltaproteobacterial taxa present 
(Figures S1, S2, S3, and S4, Table S11). Several trends were observed with 
regard to shifts in Deltaproteobacteria in the SRA sediment communities. Initial 
populations (i.e., T-0) at each of the three locations contained Desulfonauticus 
(Figures S2, S3, and S4, Tables S7, S8, and S9). However, this taxon was not 
abundant in any SRA sample (Figures S2, S3, and S4, Table S11). In contrast, 
several environmental taxa, including Sh765B-TzT-29, Desulfobacteraceae 
Sva0081 sediment group, and Desulfobacteraceae SEEP-SRB1 commonly 
increased in abundance in the SRA 16S rRNA gene libraries (Figures S2, S3, 
and S4, Table S11). Sva0081 and SEEP-SRB1 are classified as members of 
the Desulfobacteraceae family, a metabolically diverse group of sulfate-
reducers with taxa capable of utilizing a wide range of substrates, including 
alcohols, organic acids, dicarboxylic acids, and hydrocarbons (Kuever, 2014). 
Previous research on Sva0081 has suggested that this group may play an 
important role in the oxidation of hydrogen and acetate in marine sediments 
(Dyksma, 2016), as it is widespread among different sediment environments 
(Ravenschlag et al., 2000, Kleindienst, 2012, Wang et al., 2013, Dyksma, 
2016), whereas SEEP-SRB1 sequences are often detected at hydrocarbon 
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seeps (Kleindienst, 2012, Kleindienst et al., 2014), where this taxa may be 
involved in anaerobic methane oxidation (Schreiber et al., 2010) or also 
potentially in biodegradation of other types of hydrocarbons (Kleindienst, 2012). 
Changes in Deltaproteobacteria were further evident through NMDS ordination 
of T-0 and SRA populations, which revealed that shifts did occur, most notably 
within Site 2 communities (Figure S1), in which relatively large increases in 
Sh765B-TzT-29 (Jar A), Desulfopila (Jars A & B), Desulfofaba (Jars A & B), and 
Desulfobacula (Jar B) occurred (Figure S3). It should also be noted that 
changes to the native communities could explain the lack of stimulation in some 
of the positive lactate controls in SRA experiments (see “SRA Assessments” 
below) (Figure 2, Tables S12 and S13). However, decreases in overall 
metabolic activity of SRB cannot be ruled out, as several species within the 
detected genera are capable of utilizing lactate (Suzuki et al., 2007, Gittel et al., 
2010, Kuever et al., 2015c). 
Sulfate Reduction Assay (SRA) Assessments. SRAs were utilized to 
monitor changes in SRRs to determine whether exposure to photogenerated 
products would have toxic effects (i.e., inhibition of SRR) or whether these 
compounds could potentially be utilized by sulfate-reducers (i.e., stimulation of 
SRR). Individual treatments showed inhibition, defined here as a significant 
decrease in SRR compared to baseline, stimulation, defined here as a 
significant increase in SRR, or no significant impact (Figure 2, Tables S12, S13, 
and S14). This holds true for each of the three sites sampled, each of the 
substrates tested, and for irradiation treatment. Although inhibition and 
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stimulation were seen in individual treatments, variability among all incubations 
led to the conclusion that the water-soluble photogenerated compounds did not 
have an overall significant impact on the activity of sulfate-reducing populations. 
Collectively, data presented here is in contrast to findings of other toxicity 
studies which have concluded that weathered MC252 oil products are toxic to a 
range of organisms (for review, see Barron, 2012, Beyer et al., 2016). Many of 
these studies focused on higher trophic levels which could explain the 
discrepancy, although toxic effects of photooxidized MC252 oil have also been 
reported with microorganisms (King et al., 2011, Paul et al., 2013, King et al., 
2014).  
The apparent lack of toxicity to microorganisms in these experiments 
compared to previous reports could potentially be due to differences in 
experimental approach. Previous studies on microbial toxicity of photolyzed 
MC252 oil have typically used Microtox® assays (King et al., 2011, Paul et al., 
2013, King et al., 2014), which measure changes to the luminescence of a 
single, aerobic species (i.e., V. fischeri) as a proxy for toxicity. In contrast, SRAs 
in this study were conducted with sediment slurries of anaerobic communities. It 
is possible that photogenerated products are toxic to individual sulfate-reducing 
species, whereas effects may not be observed at the community level as was 
assessed here. As many SRB are metabolically diverse (Rabus et al., 2006), 
there is also the potential that some taxa can utilize photogenerated products, 
which could explain the stimulation seen among various treatments (Figure 2, 
Tables S12, S13, and S14). Information about the specific photogenerated 
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products present in the aqueous extracts used in these SRAs is needed in 
order to confirm what types of compounds were present and whether these 
compounds could be potentially used by SRB. This characterization was not 
conducted herein. However, Ray et al (2014) reported on the formation of 
oxygenated oil-derived compounds of MC252 crude oil after exposure to 
simulated sunlight using similar experimental parameters. Photoproducts were 
characterized via chemical functionalities, and were considered to be largely 
carboxylic acids, although other compound classes likely also formed from 
photooxidation, including ketone, aldehyde, alcohol, ether, and ester derivatives 
of parent compounds. These results suggest that these types of compounds 
were likely present within the aqueous extracts used in our SRA experiments.  
The lack of toxicity could also be a result of limited bioavailability of the 
photogenerated compounds (e.g., due to either binding with sediment humic 
materials or as a result of the overall small volume of aqueous extracts 
amended to SRAs (amendments ranged from 5 µl to 5 mL)). The presence of 
dissolved humic materials has been shown to reduce PAH phototoxicity in fish 
and crustaceans (Oris et al., 1990, Weinstein & Oris, 1999). Decreases were 
attributed largely to a lower availability of the compounds for uptake and 
bioaccumulation, and to a lesser extent, by attenuation of solar radiation (Oris 
et al., 1990, Weinstein & Oris, 1999). However, these studies exposed the 
organisms to the parent PAH prior to irradiation, whereas microorganisms in 
this study were exposed directly to photogenerated products. It is therefore 
unclear what effect the presence of sediment may have had in these 
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incubations. Additionally, the lack of toxicity could potentially also be a result of 
the amount of photoproducts added to the incubations. Total organic carbon 
(TOC) measurements were not conducted herein. However, an increase in 
TOC was observed in aqueous extracts of irradiated MC252 oil generated using 
similar experimental parameters (Ray et al., 2014).  
CONCLUSION 
The Deepwater Horizon spill was the largest accidental discharge of 
crude oil into a U.S. marine environment. Researchers responded rapidly, 
allowing this catastrophic spill to be studied in great detail with regard to the 
response of microbial communities and to the fate of the oil (for review, see 
Joye et al., 2014, Kimes et al., 2014, King et al., 2015). Much of this work was 
focused on aerobic microbial communities in the water column, beaches, and 
coastal marshes (for review, see Joye et al., 2014, Kimes et al., 2014, King et 
al., 2015). Little work has focused on how weathered Macondo oil would affect 
anaerobic microbial communities. Anaerobes, particularly sulfate-reducing 
bacteria, are critical to long-term hydrocarbon remediation in the environment. 
This study investigated the impact of photolyzed oil and PAHs on sulfate-
reducing communities in coastal GoM sediments. Overall, significant inhibition 
of sulfate reduction activity was not observed as a result of exposure to 
photogenerated products, suggesting that the activity of indigenous anaerobic 
communities is not negatively impacted by deposition of weathered Macondo oil 
at coastal marshes or beaches. Stimulation of sulfate reduction in several 
individual incubations suggests that the water-soluble oil-derived photoproducts 
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could potentially be utilized by members of native communities. Use of these 
oil-derived compounds suggests that the anaerobic microbial populations in the 
GoM may function, not only in hydrocarbon remediation, but also potentially in 
degradation of weathered, oil-derived compounds. These findings highlight the 
metabolic resiliency of native microbes and provide further evidence that 
indigenous microorganisms play critical roles in transformation of contaminants 




















Figure 1. Non-metric multidimensional scaling (NMDS) ordination of 
Deltaproteobacteria within field (i.e., T-0) sediment communities. NMDS plot 
was constructed in PC-ORD (Version 6, MjM Software) using a Bray-Curtis 
distance measure, rotated with orthogonal principal axes, and analyzed with 














Figure 2. Sulfate reduction rates (SRRs) measured from SRA incubations with 
irradiated and non-irradiated (dark) (A) source oil, (B) pyrene, (C) anthracene 
and an (D) anthracene/phenanthrene mix. Each condition was set up in 
triplicate. In some cases, additional amendments were tested after initial 
incubations. In these instances, baseline controls were re-established each time 
a SRA was repeated. An asterisk (*) indicates a significant difference between 
endogenous sulfate reduction rates and an amendment, with a black asterisk (*) 
indicating a significant increase in SRR compared to baseline, and a red 
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Chapter 3. Meta-Omics Analysis of Tar Balls: Remnants of the 
Deepwater Horizon Oil Spill 
 
ABSTRACT 
 Residual oil from the Deepwater Horizon (DWH) spill has continued to 
wash ashore Gulf of Mexico (GoM) beaches in the form of oil:sand aggregates 
(e.g., tar balls, sand patties). Previous studies investigating these aggregates 
have mainly focused on chemical characterization and weathering patterns of 
the entrained oil. Little is known about the microbial ecology associated with 
aggregates and whether the microbial communities carry out biodegradation of 
residual hydrocarbons in situ. Aggregate, beach sand, and seawater samples 
were collected from three locations along the coast of Alabama to investigate 
the indigenous microbial communities associated with these residues, to 
determine whether associated microorganisms are capable of hydrocarbon 
biodegradation, and to assess whether hydrocarbon transformation processes 
occur in situ. Characterization of oil extracted from aggregates revealed that the 
samples were highly weathered and were substantially depleted in constituents 
originally present in the Macondo Mississippi Canyon Block 252 (MC252) crude 
oil. Genomic DNA extracted from aggregates and subsequent sequencing of 
16S rRNA genes demonstrated that distinct populations were associated with 
sand patties collected at different locations. Known taxa capable of utilizing 
hydrocarbon substrates were detected, although specific taxa varied among 
samples. It was determined that beach sand and seawater communities were 
distinct from those detected among sand patties, as only ten core operational 
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taxonomic units (OTUs) were shared between aggregates and beach sand and 
only seven core OTUs were shared between aggregates and seawater. The 
metabolic potential of these communities was assessed via metagenomic 
sequencing. The genetic potential for both aerobic and anaerobic hydrocarbon 
degradation was detected, but the functional gene profiles varied among 
samples. Metabolites indicative of aerobic and/or anaerobic hydrocarbon 
transformation processes (e.g., toluic acid, benzylsuccinic acid) were putatively 
identified via QTOF mass spectrometry but could not be confirmed. Overall, 
data reveal that the microbial communities associated with oil:sand aggregates 
are capable of utilizing hydrocarbons and may play a role in the long-term 




The blowout of the DWH drilling platform led to the accidental discharge 
of an estimated 4.9 million barrels of crude oil into the GoM (McNutt et al., 
2011, McNutt et al., 2012). Efforts were made to remove the oil through the use 
of booms, skimmers, in situ burning, and chemical dispersants (Ramseur, 2010) 
in an attempt to prevent oil from reaching the environmentally and economically 
sensitive coastal beaches and marshes. Despite these efforts, oil reached the 
coast, and over 2,000 km of GoM shoreline were eventually impacted by 
petroleum (Michel et al., 2013, Nixon et al., 2016).  
88 
 
Once introduced into the environment, oil undergoes weathering 
processes that change its physical properties and chemical composition (NRC, 
2003, Tarr et al., 2016). Weathering of the MC252 oil resulted in viscous water-
in-oil emulsions (Michel et al., 2013) that eventually washed ashore or mixed 
with sand and seawater particulates in nearshore environments. Subsequent 
sinking of these emulsions lead to the formation of submerged oil mats (SOMs) 
in the intertidal and subtidal zones (OSAT-II, 2011, OSAT-III, 2013), and 
masses of buried weathered oil were reported in a number of coastal locations 
(OSAT-II, 2011, OSAT-III, 2013). Over time, SOMs can fragment as a result of 
wave and tidal action, leading to the formation of smaller aggregates, referred 
to as oil:sand aggregates, oil-soaked sands, sand patties, tar balls, or surface 
residue balls (Clement et al., 2011, Michel et al., 2013, OSAT-III, 2013). 
Aggregates identified in the early years following the spill were quite large, and 
the term ‘patty’ was used to describe material ranging from ten centimeters to 
one meter in diameter, whereas residues less than ten centimeters in diameter 
were referred to as ‘surface residue balls’ (OSAT-III, 2013). However, the 
above-mentioned terms are often used interchangeably. These residues have 
been consistently documented along GoM beaches since the DWH spill 
(Clement et al., 2011, Hayworth et al., 2011, Aeppli et al., 2012, Clement et al., 
2012, Hall et al., 2013, Mulabagal et al., 2013, Urbano et al., 2013, Horel et al., 
2014, Simister et al., 2015, White et al., 2016). The formation of these residues 
is not unique to the DWH spill (Warnock et al., 2015). However, previous 
studies have indicated that the nature of aggregates varies with a given source 
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oil as well as the prevailing environmental conditions during formation (Warnock 
et al., 2015). The DWH aggregates are unique in a number of ways. Tar balls 
formed in the GoM from natural seeps are firm, dark masses with little, if any, 
petroleum odor (OSAT-III, 2013). In contrast, tar balls originating from the DWH 
spill are fragile oil:sand aggregates consisting of 80% to 96% sand, often with a 
noticeable petroleum odor (Hayworth et al., 2011, Aeppli et al., 2012, Mulabagal 
et al., 2013, OSAT-III, 2013, White et al., 2016).  
Clement et al (2011) analyzed fragments of SOMs and found that the 
entrained oil had matching polycyclic aromatic hydrocarbon (PAH) fingerprints 
with emulsified oil that washed ashore early after the DWH spill, indicating that 
the PAHs within buried mats were not highly weathered. Later studies 
confirmed that oil buried in nearshore environments was not undergoing 
extensive weathering within the submerged mats (Clement et al., 2012, 
Mulabagal et al., 2013). However, chemical analyses of the smaller oil:sand 
aggregates that washed ashore indicated that a greater degree of weathering 
occurred in these types of samples. A study by Elango et al (2014) found 
distinctive weathering patterns of oil collected from different locations on the 
beach, and specifically, more extensive weathering was observed in beached 
samples than that were observed in SOMs (Elango et al., 2014). Analysis of 
multiple oil types, including surface slicks, oil-soaked sands, and rock 
scrapings, concluded that exposed samples had undergone extensive 
weathering, evidenced by a loss of saturated and aromatic compounds and a 
substantial increase in oxygenated compounds, termed ‘oxyhydrocarbons’ 
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(OxHC) (Aeppli et al., 2012). A similar study carried out on sand patties 
collected at an even later time point concluded that the abundance of OxHC 
can increase with time, further suggesting that weathering continues in samples 
deposited and exposed on beaches (White et al., 2016). Data from these 
studies demonstrated that the chemical composition of the entrained oil can 
change over time as a result of photooxidation and biodegradation processes 
(Aeppli et al., 2012, Hall et al., 2013, Elango et al., 2014, Gros et al., 2014, 
Radović et al., 2014).  
Long-term, these nearshore buried oil sources are of particular concern 
due to their mobility and capacity to redistribute in the environment (OSAT-III, 
2013, Dalyander et al., 2014) and for the potential to continually contaminate 
public beaches. One uncertainty with regard to these residues is whether the 
remaining petroleum constituents are utilized by microbial communities once 
they are deposited on beaches. Microbial biodegradation of petroleum has been 
extensively studied and shown to be vital to remediation of contaminated 
systems, particularly in marine environments (Leahy & Colwell, 1990, Prince, 
1993, Atlas, 1995, Harayama et al., 1999, Head et al., 2006, McGenity et al., 
2012). The response of the microbial communities to DWH contamination was 
widely studied in the years following the spill. Several reports showed that 
indigenous microbial populations in the deep-sea water column, sediment, and 
coastal beaches and marshes rapidly responded to the presence of 
hydrocarbons and mediated oil transformation processes (for review, see Joye 
et al., 2014, Kimes et al., 2014, King, 2015). However, very few studies have 
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focused specifically on the microbial communities associated with oil:sand 
aggregates. Thus far, research on sand patties has indicated that microbial 
communities can vary between aggregates, and taxa with known hydrocarbon-
degrading ability have been detected. As a result of the Texas City “Y” spill in 
Galveston Bay, the community composition of tar balls was reported to vary 
when compared to the peripheral beach sand and included hydrocarbon-
degraders such as Alcanivorax and Pseudoalteromonas (Bacosa et al., 2016). 
Urbano et al (2013) used DGGE analysis to characterize microbial communities 
of DWH sand patties and detected hydrocarbon-degrading taxa (e.g., 
Mycobacterium, Stenotrophomonas), as well as differences in community 
compositions between supratidal and intertidal samples. Phospholipid fatty acid 
analyses, along with radiocarbon measurements of oil extracted from DWH-
sourced sand patties, has demonstrated that the microbial communities 
associated with aggregates are distinct from those of non-oiled sand and also 
that these microorganisms can assimilate oil-derived components (Bostic, 
2016). Fungal species have been isolated from DWH sand patties and were 
found to be capable of hydrocarbon degradation, indicating that higher 
eukaryotic organisms may also play a role in transformation of hydrocarbons in 
these aggregates (Simister et al., 2015). We conducted a preliminary survey of 
two sand patties collected from the coast of Alabama in January 2014 and 
subjected them to metagenomic sequencing. Results from taxonomic 
classification based on partial 16S rRNA genes demonstrated that populations 
varied between aggregates collected at different locations (i.e., Fort Morgan 
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versus Gulf Shores) (Figure S1, Table S1). Pseudospirillium and 
Pseudoalteromonas were abundant in both sand patties, and several observed 
taxa (e.g., Pseudoalteromonas, Colwellia) were consistent with other studies 
that investigated the response of microbial communities to the DWH spill 
(Figure S1) (Kostka et al., 2011, Bælum et al., 2012, Redmond & Valentine, 
2012, Dubinsky et al., 2013, Gutierrez et al., 2013, Yang et al., 2016). Analyses 
also revealed the presence of genes associated with both aerobic and 
anaerobic hydrocarbon degradation pathways (Figure S2).  
The aim of study herein was to expand upon our preliminary work and to 
characterize multiple sand patties from different GoM beaches using a meta-
omics approach (i.e., 16S rRNA community analysis, metagenomics, and 
metabolomics) to assess the composition, functional potential, and activity 
among aggregates deposited at different locations. It was hypothesized that the 
community profiles and metabolic potential for hydrocarbon degradation within 
oil:sand aggregates would differ between geographical locations (i.e., where 
they are deposited), and that microbial communities would mediate 
hydrocarbon transformation processes in situ. Knowledge about the community 
structure and the metabolic function of aggregate populations will allow for a 
better understanding of the ultimate fate of residual oil and the role 






MATERIALS & METHODS 
Sampling Sites and Sample Collection. Oil:sand aggregates, 
peripheral beach sand, and seawater samples were collected from Fort Morgan 
(FM) and Gulf Shores (GS), Alabama (Figure S3) in September 2014. Two 
separate locations in Gulf Shores were sampled, denoted as Gulf Shores Site 1 
(GS-1) and Gulf Shores Site 2 (GS-2). Sand patty samples were identified on 
the beach, GPS coordinates recorded (Table S2), and patties aseptically 
transferred to individual methanol-washed glass collection jars (Fisher 
Scientific, Pittsburgh, PA, USA). Surface seawater at each site was collected in 
acid-washed, autoclaved 2L-polypropylene wide mouth bottles (VWR®, Radnor, 
PA, USA) via submersion. Biomass was subsequently obtained via syringe-
filtering collected seawater through 0.45 µm Supor membranes (Pall Life 
Sciences, Ann Arbor, MI, USA) (60 mL per filter), and individual filters were 
aseptically transferred into MO BIO Powersoil® Bead Tubes (MO BIO 
Laboratories, Carlsbad, CA, USA). Beach sand was also collected in acid-
washed, autoclaved 2L-polypropylene wide mouth bottles (VWR®, Radnor, PA, 
USA) using an ethanol-sterilized hand shovel. Three 2-L bottles of beach sand 
were collected from Fort Morgan and Gulf Shores Site 2, and one bottle was 
collected from Gulf Shores Site 1. All samples were placed on dry ice for 
transport back to the laboratory and stored at -80°C until analysis.  
Water Analysis. Redox potential, temperature, and pH of surface water 
were measured at each location using an OAKTON pH 11 series meter 
(OAKTON Instruments, Vernon Hills, IL, USA). Seawater was collected in 15 
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mL centrifuge tubes (VWR®, Radnor, PA, USA), immediately placed on dry ice 
for transport back to the laboratory, and kept at -80°C until analysis. Anion 
exchange chromatography was used to measure seawater nitrate, nitrite, and 
sulfate concentrations using a Dionex ICS-1100 (Dionex, Sunnyvale, CA, USA) 
operated with an IonPac AS23 column, a 4.5 mM Na2CO3 and 0.8 mM NaHCO3 
eluent, and a flow rate of 1 mL min-1. Four replicates per site were filtered 
through 0.2 µm PTFE-membrane syringe filters (VWR®, Radnor, PA, USA) to 
remove particulates and diluted fifty-fold in deionized water prior to ion 
chromatography.  
 Aggregate and Beach Sand Subsampling. A total of 1, 13, and 20 
sand patties were collected at Gulf Shores Site 1, Gulf Shores Site 2, and Fort 
Morgan, respectively. Aggregates were weighed to ensure that each sample 
chosen for further investigation contained enough material for subsequent 
analyses (Table S3). The three largest aggregates were chosen from Fort 
Morgan. Only one sample was found and collected from Gulf Shores Site 1, and 
therefore, was the only sample to analyze. Five sand patties were chosen from 
Gulf Shores Site 2 due to the overall smaller size of these samples to ensure 
that at least triplicate samples were successful in all downstream analyses. 
Sand patties were homogenized and subsampled for the various assays to 
allow for correlation among analyses. For this, individual sand patties were 
homogenized in their glass collection jars using a sterile spatula and 
subsampled for oil extraction and characterization, DNA extraction and 
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sequencing, and for metabolite profiling. Peripheral beach sand samples were 
subsampled to serve as controls.  
 Oil Extraction and Characterization. Oil present in aggregates was 
extracted and analyzed to confirm that sand patties originated from MC252 oil 
and to determine types of oil constituents present, along with the extent of 
weathering. Homogenized aggregate subsamples and beach sand controls (~1 
g) were extracted with dichloromethane:methanol (90:10, v/v) and brought to 
concentrations of 10-50 mg mL-1. GCxGC-FID analysis was conducted as 
previously described (Aeppli et al., 2012, Aeppli et al., 2014). Samples were 
injected in 1 µl-volumes in a GCxGC-FID system (Leco, St. Joseph, MI) fitted 
with a Restek Rtx-1 column (60 m, 0.25 mm ID, 0.25 µm thickness; first 
dimension) and a SGE BPX-50 column (1.5 m, 0.10 mm ID, 0.10 µm thickness; 
second dimension). A carrier gas of H2 was used at a flow rate of 1 ml min-1. 
Ovens were programmed at 40° for 10 min, 40-340° at 1.25°C min-1 and at 
45°C for 10 min, 45-355°C at 1.29°C min-1, respectively. Compounds used to 
calculate biomarker ratios were identified based on elution order and standards. 
Quantification of saturate, aromatic, and oxygenated fractions was performed 
via thin layer-chromatography-FID (TLC-FID) as previously described (Aeppli et 
al., 2012, Aeppli et al., 2014). Extracts were spotted on a silica-gel-sintered 
glass rod and sequentially developed in hexane (26 min), toluene (12 min), and 
dichloromethane:methanol (97:3) (5 min). Rods were dried between each 
development for 1 min at 500 mbar at 70°C, and subsequently scanned using 
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an Iatroscan MK-5 TLC-FID system (Iatron, Tokyo, Japan) using a 30 sec scan 
time and flow rate of 2 L min-1 air and 160 mL min-1 H2.  
 DNA Extraction. Triplicate technical replicates were generated for each 
homogenized sand patty as well as for each jar of beach sand (Figure S3). 
Approximately 1 g of homogenized sand patty or beach sand sample was 
transferred to MO BIO PowerSoil® Bead Tubes (MO BIO Laboratories, 
Carlsbad, CA, USA). For seawater samples, the MO BIO tubes containing 
filtered seawater biomass (see “Sample Collection”) were thawed prior to 
extraction. Genomic DNA was extracted according to the manufacturer’s 
instructions. DNA was quantified using a Qubit® 2.0 Fluorometer and the 
Qubit® dsDNA BR Assay Kit (ThermoFisher, Waltham, MA, USA).  
 16S rRNA Gene Sequencing. The taxonomic composition of microbial 
communities was investigated via 16S rRNA gene sequencing. Amplification 
was performed with two series of PCR using a 5’ M13 tag on a universal 519F 
primer (5’-GTA AAA CGA CGG CCA GCA CMG CCC C-3’) and a universal 
Bac-785R reverse primer (5’-TAC NVG GGT ATC TAA TCC-3’) as previously 
described (Wawrik et al., 2012, Klindworth et al., 2013). First, amplification was 
carried out using ‘untagged’ primers with reaction volumes of 50 µl, each 
containing 25 µl of PCR Master Mix (2X) (Invitrogen, Waltham, MA, USA), 1 µl 
of forward and reverse primers, and 2 µl of template. Thermocycler conditions 
were as follows: 95°C for 2 min, 30 cycles of 95°C for 30 s, 55°C for 1 min, and 
72°C for 1.5 min, with a final extension step at 72°C for 10 min. Resulting PCR 
products were purified with a QIAGEN QIAquick PCR Purification Kit (QIAGEN, 
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Valencia, CA, USA) according to the manufacturer’s instructions. A second 
amplification step was carried out to incorporate Illumina barcode sequences to 
the PCR product. Reactions were carried out in 30-µl total volumes, and each 
contained 15 µl of PCR Master Mix (2X) (Invitrogen, Waltham, MA, USA), 0.15 
µl of ‘untagged’ 785R primer (100 µM stock concentration), 1 µl of ‘tagged’ 
forward primer (10 µM stock), and 2 µl of cleaned PCR product. Thermocycler 
parameters remained as described above for six cycles. Both ‘untagged’ and 
‘tagged’ PCR products were analyzed via gel electrophoresis to confirm efficient 
amplification and barcoding. Barcoded PCR products were combined in equal 
amounts (5 µl per sample), cleaned as described above, and sequenced via 
Illumina MiSeq (300v2) at the Oklahoma Medical Research Foundation 
(Oklahoma City, OK, USA).  
 16S rRNA Gene Sequence Analysis. Resulting 16S rRNA gene 
sequences were analyzed via QIIME (Version 1.9.0) (Caporaso et al., 2010a) 
using MGMIC, an in-house, web-based automated application for next-
generation sequencing read analysis. Read quality was assessed via FastQC 
(Version 0.11.2) (Andrews, 2010), reads trimmed to a quality score of 30, and 
adapter sequences trimmed via Cutadapt (Martin, 2011). Reads were then 
paired, and only overlapping reads were retained. Remaining sequences were 
grouped into operational taxonomic units (OTUs) at a 97% identity level and 
aligned to the SILVA reference database (Pruesse et al., 2007) with PyNAST 
(Caporaso et al., 2010b). Taxonomy was subsequently assigned to sequences 
and taxa plots generated. Frequency data were arcsine-square-root 
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transformed prior to statistical analyses using a student’s t-test. Core taxa, 
defined here as any group accounting for 1% or more of a library, were further 
analyzed via PC-ORD (Version 6, MjM Software) to investigate similarities 
and/or differences among samples. Non-metric multidimensional scaling 
(NMDS) was employed to visualize grouping patterns of phylogenetic 
communities. NMDS ordination was plotted with two axes and a Bray-Curtis 
distance measure. Ordination analyses were conducted 1000 times with actual 
data and 1000 with randomized versions of the data to ensure that the lowest 
stress value (i.e., the best fit of the data) was achieved. A multi-response 
permutation procedure (MRPP) analysis using a Bray-Curtis distance measure 
was performed to test for differences among samples within a group (i.e., within 
a sampling location) (McCune et al., 2002). Community richness, evenness, 
and diversity were also measured. 
 Metagenomic Sequencing. Genomic DNA obtained from aggregates, 
beach sand, and seawater was used to investigate the metabolic potential of 
the microbial communities through metagenomic sequencing. Libraries were 
prepared using a Nextera XT DNA Library Preparation Kit (Illumina, San Diego, 
CA, USA). Technical replicate DNA extractions (described above) were pooled 
to generate metagenomic samples (Figure S3). Combined samples were 
diluted as needed to produce approximately 0.2 ng/µl concentrations for a total 
of 1 ng input DNA as suggested by the Nextera protocol. Library preparations 
were carried out according to the manufacturer’s instructions with the exception 
of one sample, FM8. Due to the extremely low DNA template concentration for 
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this sample (approximately 0.05 ng/µl), nine separate Nextera ‘tagmentations’ 
were carried out and subsequently combined prior to the PCR clean-up step. 
Individual libraries were validated for size distribution with an Agilent 
Bioanalyzer using a High Sensitivity DNA kit (Agilent Technologies, Santa 
Clara, California, USA) following the manufacturer’s instructions. Library 
normalization of amplified samples was modified from the Nextera protocol due 
to low concentrations among several samples after PCR clean-up. Manual 
normalization was conducted via pooling 2.4 nM (molarity calculated based on 
DNA quantity and measured library size distributions) of each sample. Libraries 
were then sequenced via Illumina HiSeq 3000 at the Oklahoma Medical 
Research Foundation (Oklahoma City, OK, USA).  
Metagenomic Sequence Analysis. Resulting metagenomic sequences 
were also analyzed using the in-house MGMIC pipeline to detect functional 
genes associated with hydrocarbon degradation. Raw forward and reverse 
paired-end metagenomic reads (250 bp) were uploaded to MGMIC, and read 
quality was first evaluated by FastQC (Version 0.11.2) (Andrews, 2010). 
Illumina and Nextera adapters were detected and removed using custom scripts 
in conjunction with Trim Galore! (Krueger, 2015) and Cutadapt (Martin, 2011). 
Reads with a quality score below 30 and any sequencing artifacts were 
removed using homerTools (Heinz et al., 2010). Sequences were screened for 
a minimum length of 100 nucleotides via Trimmomatic (Bolger et al., 2014), and 
biopieces (Hansen, 2010) was used to remove unpaired reads and to convert 
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resulting high-quality sequences into fasta format. FastQC analyses were 
repeated to assess these quality-control steps. 
The resulting unassembled reads were analyzed for presence/absence 
and abundance of functional genes of interest via USEARCH (Version 8.1) 
(Edgar, 2010). For sequences to be classified as a hit, reads required 60% 
identity over at least 35 amino acids. These parameters were chosen based on 
preliminary analyses varying both the percent identity (50%, 55%, 60%, 65%, 
70%, and 75%) and the minimum amino acid length (25, 30, 35, and 40 amino 
acids) to determine which parameters resulted in confident classifications. 
Functional gene databases associated with aerobic and anaerobic 
hydrocarbon degradation pathways were manually generated and curated 
(Callaghan & Wawrik, 2016). These included: Ass/Mas, alkylsuccinate 
synthase/(1-methylalkyl)succinate synthase; Abc, anaerobic benzene 
carboxylase; Ahy, alkane C2 methylene hydroxylase; Apc, acetophenone 
carboxylase; Bss, benzylsuccinate synthase; Cmd, p-cymene dehydrogenase; 
Ebd, ethylbenzene dehydrogenase; Hbs, hydroxybenzylsuccinate synthase; 
Ibs, 4-isopropylbenzylsuccinate synthase; Nms, napthyl-2-methylsuccinate 
synthase; Ped, phenylethanol dehydrogenase; Ppc, phenylphosphate 
carboxylase; and Pps, phenylphosphate synthase. AromaDeg, a publically 
available database containing dioxygenases involved in aromatic hydrocarbon 
transformation processes (Duarte et al., 2014) was also used. In addition, the 
different classes of oxygenases contained within the AromaDeg database were 
investigated individually. These included: benzoate, biphenyl, phthalate, 
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salicylate, protocatechuate, homoprotocatechuate, gentisate, and extradiol 
dioxygenases (EXDO) of monocyclic, bicyclic, and miscellaneous substrates 
(Duarte et al., 2014).    
Sequences were also interrogated for marker genes associated with 
electron-accepting and nutrient cycling processes via USEARCH analysis 
(Version 8.1) (Edgar, 2010) of reads against the KOBAS database (Xie et al., 
2011). The top resulting hits from these analyses were retained and 
catalogued via KEGG orthology (KO) number. Commonly used molecular 
markers were analyzed here to assess the involvement of aggregate-
associated microorganisms in various nitrogen cycling pathways (i.e., nitrogen 
fixation, nitrification, dissimilatory nitrate reduction to ammonia (DNRA), 
denitrification, and anaerobic ammonium oxidation (anammox)), oxidation and 
reduction of sulfur species, carbon fixation via the Wood-Ljungdahl and 
photosynthetic pathways, and methanogenesis (Table S4). It should be noted 
that marker genes involved in anammox have KO numbers not included in the 
KOBAS database used. Therefore, analyses of these genes were conducted 
by manually generating databases for marker genes based on amino acid 
sequences associated with the KEGG entry, and reads were analyzed via 
MGMIC as described above.   
The number of sequence hits to each of the gene databases was 
normalized to the beta subunit of RNA polymerase (RpoB) hits to account for 
variations in library size among samples. Normalizations were conducted using 
either bacterial, archaeal, or prokaryotic (bacterial + archaeal) RpoB hits based 
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on which domain(s) the marker genes have been detected in, and ratios are 
reported in the text.  
High Performance Liquid Chromatography/High Resolution Mass 
Spectrometry (HPLC/HRMS). Mass spectrometry was utilized for 
metabolomic profiling with the aim to identify compounds indicative of aerobic 
and/or anaerobic hydrocarbon transformation. Sand patty and beach sand 
samples (~1 g per sample) were acidified with 4N HCl (2 mL) and sonicated for 
30 minutes. MS-grade ethyl acetate was subsequently added (2 mL) to each 
sample, the mixture vortexed, and the organic phase carefully removed. Ethyl 
acetate extraction was repeated once and volumes combined. Samples were 
dried under N2 prior to reconstitution in HPLC-grade isopropanol (1 mL). Each 
sample was filtered through a 0.2 µm filter and concentrated to 100 µL 
volumes by evaporation. Initially, HPLC-HRMS analyses were conducted in 
triplicate for each sample on an Agilent 1290 binary UPLC interfaced to an 
Agilent 6538 UHD Accurate Mass QTOF mass spectrometer. The UPLC 
separation used injection volumes of 5 µl, with a Waters Acquity HSS C18 SB 
analytical column (2.1 x 100 mm, 1.8 µm) and VanGuard Acquity HSS C18 SB 
guard column (2.1 x 5 mm, 1.8 µm), and a flow rate of 400 µL min-1. Each 
series of three injections were separated by at least one isopropanol (MS-
grade) injection blank. In the mass spectrometer, compounds were ionized 
using electrospray in negative ion mode. Mass spectrometer parameters were 
as follows: ion-source gas temperature of 325°C, capillary voltage of 3500V, 
fragmentor voltage of 160V, nebulizer pressure of 20 psi, sheath gas flow of 
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10L min-1, an m/z range of 50-1100, data acquisition rate of 4 GHz, and one 
spectrum recorded per second. HPLC-HRMS raw data were analyzed using 
Mass Hunter and Mass Profiler Professional software to putatively identify 
metabolites. Based on putative identifications, several sand patty samples 
were subsequently reanalyzed, along with available standards. These analyses 
were performed in duplicate using 10-µl injections, a Waters Acquity BEH C18 
analytical column (2.1 x 100 mm, 1.7 µm) and VanGuard Acquity BEH C18 
guard column (2.1 x 5 mm, 1.8 µm), and using the parameters described 
above. Standards included 2-benzylsuccinic acid, C10 and C16 alkylsuccinic 
acids, p-, m-, and o-toluic acid, benzoic acid, 3-hydroxybenzoic acid, 4-





Water Analysis. Surface water measurements at each of the three sites 
included temperature, pH, redox potential, and anion concentrations. 
Temperature, pH, and redox measurements at each of the three collection sites 
ranged from 24.6°C to 26.6°C, 7.76 to 7.91, and -69.9 to -74.1mV, respectively 
(Table S5). Sulfate concentrations were also similar among sites and ranged 
from 23.47 ± 1.47 to 24.78 ± 3.01 mM (Table S5). Nitrate and nitrite were 
undetectable (data not shown).  
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Characterization of Extracted Oil. Biomarker ratios were used to 
fingerprint the oil extracted from aggregates. Ratios revealed that each of the 
nine aggregates was derived from DWH oil (Table S6). Further analysis via 
GCxGC-FID confirmed that each of the aggregates was highly weathered, 
demonstrated by the substantial loss of oil constituents originally present in 
MC252 crude oil (Figures S4A-K). A large proportion of oil constituents, 
including short chain n-alkanes, BTEX, and low-molecular-weight PAHs (e.g., 
naphthalene, phenanthrene) were no longer detectable (data not shown). TLC-
FID measurements revealed a decrease in both the saturate (FSat) and aromatic 
(FAro) fractions with an increase in oxygenated fractions (FOxHC1 and FOxHC2) 
compared to MC252 crude oil (Figure 1). Relative abundances of the saturate 
and aromatic fractions were high (48% and 34%, respectively) in MC252 crude 
oil, and the FOxHC1+2 fraction made up only 18% of the total mass of the oil. In 
contrast, relative abundances of FOxHC1+2 ranged from 56-76% in the 
aggregates, whereas saturated and aromatic fractions ranged from 8-34% 
(Figure 1).   
Microbial Community Analysis via 16S rRNA Sequencing. Partial 
16S rRNA genes were sequenced from a total of 57 sand patty, beach sand, 
and seawater samples, and library sizes ranged from 11,355 to 42,621 reads 
per sample (Table S7), with a median of 25,609 reads. Proteobacteria 
comprised the largest phylum among aggregates, ranging from approximately 
29-88% of total reads (Table S8A). Within Proteobacteria, sequences classified 
largely as Gammaproteobacteria, Alphaproteobacteria, or Betaproteobacteria 
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with the majority assigned to Gammaproteobacteria (ranged from ~10-74% of 
total reads) (Table S9). Alpha- and Betaproteobacteria ranged from 
approximately 1-29% and approximately 0.02-7% of the total population, 
respectively (Table S9A). Deltaproteobacteria populations were abundant in 
only two of the aggregates: FM8 (11.43% ± 0.85%) and GS1 (16.61% ± 0.22%) 
(Table S9A).   
 Commonly detected groups within Gammaproteobacteria included 
Marinobacter, Acidithiobacillales KCM-B-112, Halomonas, Alcanivorax, 
Idiomarina, Pseudoxanthomonas, Pseudospirillum, Lysobacter, Pseudomonas, 
as well as Gammaproteobacteria-Other (Figures 2A-C). However, the presence 
of these specific taxa varied among sand patties. Alteromonadales was 
significantly higher in FM8 (8.00% ± 1.46%) and FM16 (14.97% ± 1.67%) than 
in all other samples (p ≤ 1.18E-03). Within Altermonadales, FM8 consisted of 
mostly Marinobacter (6.84% ± 1.12%), whereas FM16 consisted of 
Marinobacter (4.95% ± 0.37%), Idiomarina (4.13% ± 1.34%), and 
Alteromonadales-Other (5.23% ± 2.39%). The majority of 
Gammaproteobacteria in FM20 classified as Pseudoxanthomonas (18.51% ± 
4.54%) and Acidithiobacillales KCM-B-112 (39.43% ± 0.71%). 
Gammaproteobacteria observed in GS1 mostly classified as Pseudospirillum 
(5.82% ± 1.16%) or were unclassified Gammaproteobacteria. The five sand 
patty samples investigated from Gulf Shores Site 2 (GS2, GS3, GS7, GS9, 
GS12) had notable similarities, i.e., the enrichment of Acidithiobacillales KCM-
B-112, as was also seen with FM20 (Figures S2A & S2C). Relative abundances 
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of KCM-B-112 were significantly enriched in FM20, GS2, GS3, GS7, GS9, and 
GS12 compared to all other aggregates (p ≤ 5.43E-03), and each of these 
samples were significantly different to each other due to the large variations of 
KCM-B-112 relative abundances, which ranged from 18.94% ± 0.30% in GS3 to 
50.15% ± 0.58% in GS9 (p ≤ 0.04). Other notable Gammaproteobacteria 
present in Gulf Shores Site 2 aggregates consisted of Lysobacter (GS7, 8.11% 
± 0.08%), Pseudoxanthomonas (GS9, 15.68% ± 0.50%), and Pseudomonas 
(GS9, 3.57% ± 0.16%) (Figure 2C). 
 Alphaproteobacteria taxa also varied among individual samples and 
largely included Hyphomonas, Thalassopira, Parvibaculum, Geminicoccus, 
Rhizobium, Brevundimonas, Sphingomonas, Methylobacterium, Parvularcula, 
Phenylobacterium, Rickettsiales TK34, and unclassified Rhodobacteraceae-
Other (Figures 2A-C). Rhodobacteriaceae-Other and Hyphomonas comprised a 
large portion of Alphaproteobacteria in FM8, averaging 11.52% ± 0.54% and 
4.45% ± 2.01%, respectively. Parvibaculum (4.27% ± 0.30%) and Thalassopira 
(2.26% ± 0.41%) were the most abundant alphaproteobacterial genera detected 
in FM16. Other notable taxa among samples included Geminicoccus (GS3, 
5.16% ± 0.35%), Phenylobacterium (GS7, 6.51% ± 0.15%), Methylobacterium 
(GS9, 4.03% ± 0.25%), and Parvibaculum (GS12, 6.65% ± 0.10%). In contrast 
to other sand patty samples, GS1 had a low abundance of Alphaproteobacteria, 
with an average of 1.96% ± 0.50% of total sequences attributed to this group.  
 Betaproteobacteria were not ubiquitous among all aggregates. Observed 
groups included Achromobacter (GS9, 1.87% ± 0.06%), Variovorax (GS7, 
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1.12% ± 0.08%), and Massilia (GS3, 1.98% ± 0.12%; GS7, 2.00% ± 0.10%; 
GS9, 1.19% ± 0.12%). Additionally, unclassified Oxalobacteraceae were 
detected in FM8 (5.31% ± 0.90%) and FM16 (1.33% ± 0.09%) (Figures 2A-C). 
 As mentioned above, only two sand patty samples were found to have 
notable levels of Deltaproteobacteria. GS1 had a significantly higher relative 
abundance of Deltaproteobacteria compared to all other aggregates, with an 
average of 16.61% ± 0.22% of total sequences (p ≤ 1.44E-03). GS1 
deltaproteobacterial reads largely classified as Desulfarculaceae (3.02% ± 
0.17%), Desulfobacteraceae-Other (3.39% ± 0.64%), Desulfosarcina (1.78% ± 
0.16%), Desulfobacteraceae-SEEP-SRB1 (1.42% ± 0.28%), 
Desulfobacteraceae-Sva0081-Sediment Group (1.03% ± 0.15%), 
Desulfobacteraceae (1.78% ± 0.04%), and Desulfovibrio (1.55% ± 0.26%) 
(Figure 2B). FM8 also had a significantly higher abundance of 
Deltaproteobacteria compared to the other sand patties, with the exception of 
GS1, with an average of 11.43% ± 0.85% (p ≤ 1.70E-05). These sequences 
mostly classified as Desulfovibrio (4.03% ± 0.62%) and Desulfofustis (3.57% ± 
0.62%) (Figure 2A, Table S10A). Deltaproteobacteria taxa in all of the other 
aggregates had low overall relative abundances (<1% of all reads) (Table S9).  
Although sequences classified as Proteobacteria were the most 
abundant reads among sand patties, non-proteobacterial taxa were also 
detected at high relative abundances. Dominant taxa varied among sample and 
included Halogranum (FM16, 10.22% ± 2.66%), Anaerolineaceae (GS1, 4.78% 
± 0.36%), Leptospiraceae (GS1, 18.44% ± 2.60%), Mycobacterium [(FM20, 
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7.18% ± 3.28%), (GS2, 6.22% ± 0.32%), (GS3, 5.17% ± 0.23%), (GS7, 5.56% ± 
0.36%), (GS12, 5.39% ± 0.19%)], Thermomicrobia-JG30-KF-FM45 (GS12, 
11.00% ± 0.45%), and Microbacteriaceae-Other (GS3, 12.08% ± 0.25%) 
(Figures 2A-C).  
  Beach sand and seawater samples had distinct populations compared to 
those observed in aggregates, and similar communities were observed among 
sand and seawater samples collected at the different locations (Figures 2D and 
2E). Major phyla detected in beach sand included Planctomycetes, 
Proteobacteria, Bacteroidetes, Thaumarchaeota, and cyanobacteria (Figure 2D, 
Table S8B). Similarly, seawater samples consisted largely of Planctomycetes, 
Proteobacteria, Bacteroidetes, cyanobacteria, and Euryarcheota (Figure 2E, 
Table S8C). Several groups were observed in both sand and seawater samples 
(e.g., Planctomycetaceae, Rhodopirellula, Blastopirellula, Thermoplasmatales-
Marine Group II), and these communities clustered closely in NMDS ordination 
(Figure 3). As with sand patty samples, the majority of Proteobacterial reads in 
beach sand and seawater classified as Gammaproteobacteria or 
Alphaproteobacteria, and to a lesser extent, Deltaproteobacteria. 
Gammaproteobacteria made up the largest proportion of Proteobacteria, 
ranging from approximately 6-18% and 7-15% of all beach sand and seawater 
reads, respectively (Tables S9B and S9C). Dominant gammaproteobacterial 
taxa in beach sand and seawater were different from those observed in 
aggregates, and consisted mainly of the uncharacterized BD7-8 marine group 
and JTB255 marine benthic group in sand, whereas OM60 Nor5 clade and 
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SAR86 were the dominant gammaproteobacterial lineages in seawater (Figures 
2D and 2E).  
 Collectively, the community analysis of sand patty, beach sand, and 
seawater samples yielded 1,342 OTUs at the genus level, of which, 135 OTUs 
were categorized as the ‘core’ community, defined as any taxa consisting of 
≥1% of the population in any library. Core OTUs encompassed approximately 
77-96% of total reads (data not shown). A total of ten and seven core OTUs 
were shared among aggregates and beach sand or aggregates and seawater, 
respectively (data not shown). NMDS ordination demonstrated that GS1 
harbored a distinct core community and that populations in each of the Fort 
Morgan aggregates were distinct from each other (Figure 3). FM20 was similar 
in overall community structure with all of the sand patties analyzed from Gulf 
Shores Site 2 (Figures 2A & 2C). MRPP tests were conducted on samples 
within a location (i.e., between aggregate, beach sand, and seawater collected 
on the same beach), and groups were defined as sample type (i.e., sand 
patties, sand, or seawater). MRPP analyses generate a test statistic (T) that 
describes how strongly the tested groups are separated (McCune et al., 2002). 
Results indicated that the groups at each sampling location, that is aggregates, 
sand, and seawater, are distinct, as indicated by the negative T values (Table 
S11).  
Metagenomic Analysis. Metagenomic sequences were analyzed for 
presence and for abundance of functional genes to compare the metabolic 
potentials of microbial communities among samples. RpoB-normalized ratios 
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were calculated to account for differences among library size and are reported 
hereafter.  
Nitrogen Cycling 
Commonly used molecular markers were analyzed to investigate the 
potential of the aggregate-associated microorganisms in various nitrogen 
cycling pathways (i.e., nitrogen fixation, nitrification, dissimilatory nitrate 
reduction to ammonia (DNRA), denitrification, and anaerobic ammonia 
oxidation (anammox)). Overall, analyses of genes associated with nitrogen 
cycling show that nitrogen fixation and DNRA are processes that can be carried 
out by the populations among the sand patties, whereas the potential for 
denitrification was more variable among aggregates (Figure S5).  
Nitrate reductases (NarGHI, NapAB) catalyze the reduction of nitrate to 
nitrite in DNRA and in denitrification (Zehr & Kudela, 2011). In DNRA, nitrite 
reductases (NirBD, NrfAH) further reduce nitrite to ammonia (Zehr & Kudela, 
2011). Nitrate reductases (NarGHI and NapAB) and nitrite reductases (NirBD 
and NrfAH) were observed in all sample types (Figures S5A-G). NarGHI ratios 
were significantly higher in aggregates collected from Gulf Shores Site 2 than in 
beach sand (p ≤ 0.02) or seawater (p ≤ 2.06E-03). Significantly higher ratios 
were also observed for Fort Morgan sand patties relative to seawater (p ≤ 0.05), 
whereas no significant differences were seen between Fort Morgan sand 
patties and beach sand (p ≤ 0.10). NapAB sequences were generally more 
prevalent among beach sand, with significantly higher ratios than in aggregates 
or seawater at Gulf Shores Site 2 (p ≤ 4.81E-03). As nitrate reductase enzymes 
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are involved in several nitrogen cycling processes, nitrite reductases were used 
as markers to determine the potential of microbial communities for participating 
in DNRA. NirBD and NrfAH ratios followed a similar trend as those observed 
with nitrate reductases (Figures S5F-I). NirBD ratios were significantly higher in 
sand patties from Fort Morgan and Gulf Shores Site 2 than in sand (p ≤ 0.01) or 
seawater (p ≤ 0.02) from these locations. NrfAH sequences were significantly 
higher in beach sand samples than in aggregates across both Fort Morgan and 
Gulf Shores Site 2 (p ≤ 0.046), with the exception of NrfH at Fort Morgan which 
was only marginally higher than aggregates (p = 0.056).  
The genetic potential for denitrification, based on the presence of NirK, 
NirS, NorBC, and NosZ (Zehr & Kudela, 2011), was observed among 
aggregates, although not consistently, as low ratios were measured in samples 
from Gulf Shores Site 2 (Figures S5J-N). Beach sand samples had significantly 
higher ratios than sand patties or seawater for NirK, NirS, and NosZ (p ≤ 0.046) 
(Figures S5J, S5K, S5N). In contrast, nitric oxide reductases (NorBC) were 
observed at higher ratios in sand patties than other genes involved in 
denitrification, particularly at Fort Morgan (Figures S6L & S6M).  
 The potential for nitrogen fixation, the conversion of dinitrogen gas to 
ammonia, was assessed by surveying for nitrogenase proteins (NifDKH) (Zehr 
& Kudela, 2011). These genes had significantly higher ratios in sand patty 
samples at both Fort Morgan and Gulf Shores Site 2 (p ≤ 0.048) than compared 
to beach sand and seawater samples, with the exception of NifH in Fort Morgan 
sand patties. These abundances were only marginally significant (p = 0.055) 
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compared to sand and seawater (Figures S5O-Q). No sequences in any of the 
samples had hits to the AnfG gene, which encodes for the delta subunit of 
nitrogenase (data not shown).  
 Nitrification, the oxidation of ammonia to nitrate, is catalyzed by ammonia 
monooxygenase (AmoCAB), hydroxylamine dehydrogenase (Hao), and nitrate 
reductase/nitrite oxidoreductase (NxrAB) enzymes (Kowalchuk & Stephen, 
2001, Zehr & Kudela, 2011). AmoCAB and Hao sequences were significantly 
higher in beach sand at both Fort Morgan and Gulf Shores Site 2 (p ≤ 0.03) 
than in sand patty or seawater samples (Figures S5R-S5U). NxrAB (NarGH) 
was present in all samples (Figures S5A-B). However, as nitrate reductases are 
involved in multiple nitrogen cycling processes, differences among samples 
cannot be directly linked with nitrification based on NxrAB.  
 The potential for anaerobic oxidation of ammonia to nitrogen (anammox) 
was also investigated via analysis of the marker genes hydrazine synthase 
(Hzs) and hydrazine dehydrogenase (Hdh) (van Niftrik & Jetten, 2012). Few, if 
any, sequences classified as either Hzs or Hdh among sand patty, beach sand, 
or seawater samples (data not shown). Only one read among all sand patties 
samples had sequence similarity to known anammox genes (i.e., hydrazine 
synthase in GS1) (data not shown). Beach sand and seawater samples had 
slightly more reads that classified as either hydrazine synthase or hydrazine 
dehydrogenase, but detection was sporadic and resulted in extremely low ratios 





 Genes encoding proteins involved in dissimilatory sulfate reduction, 
adenylylsulfate reductase (AprAB) and dissimilatory sulfite reductase (DsrAB), 
had the highest ratios in GS1 (Figures S6A-D). These genes were also 
detected at relatively high abundances in FM8, consistent with the presence of 
Deltaproteobacteria among both GS1 and FM8, and were observed in beach 
sand and seawater as well, although at overall lower ratios (Figures S6A-D). 
Normalized ratios were significantly lower in Gulf Shores Site 2 sand patty 
samples compared to beach sand and seawater samples (p ≤ 2.71E-04). Ratios 
from individual aggregates collected from Fort Morgan varied (Figures S6A-D), 
and therefore, were not significantly different than beach sand or seawater 
samples collected from this location (p ≥ 0.31).  
 Several sulfur oxidation genes were also investigated. Aggregate 
populations appeared to possess the metabolic potential for oxidation of sulfur 
species to varying extents and through multiple pathways. The various subunits 
of the SOX complex, the most well-characterized sulfur oxidation enzyme 
complex (Friedrich et al., 2001, Ghosh & Dam, 2009), were detected at the 
highest ratios in FM8 (Figures S6E-K). Genes encoding the SOX proteins also 
appeared to be widespread among beach sand and seawater samples, but 
gene ratios were consistently lower in Gulf Shores Site 2 sand patties than in 
corresponding beach sand or seawater (Figures S6E-K). Oxidation of sulfur 
species through less-characterized pathways can involve thiosulfate 
dehydrogenase (DoxD), sulfide:quinone oxidoreductase (Sqr), sulfide 
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dehydrogenase/flavocytochrome c (FccAB), and sulfur oxygenase/reductase 
(Sor) enzymes (Ghosh & Dam, 2009). Of these, Sqr sequences were observed 
most commonly (Figure S6P) and were significantly higher among aggregates 
from both Fort Morgan and Gulf Shores Site 2 than in beach sand or seawater 
samples (p ≤ 0.03).  
Methanogenesis 
On trend with the detection of genes for sulfate reduction, methyl-
coenzyme M reductase (McrABG) and heterodisulfide reductase (HdrABC), 
genes typically involved in the final steps of methanogenesis, ratios were 
elevated in GS1. These genes were also observed at high ratios in FM8 and/or 
FM16 (Figures S7A-F). Few, if any, beach sand and seawater samples had 
sequences classified as McrABG, whereas HdrABC hits were observed within 
these samples (Figures S7A-F).  
Carbon Fixation  
Gene inventories were surveyed for carbon-monoxide dehydrogenase 
genes (CooSF) in order to determine if populations possessed the potential for 
carbon fixation through the Wood-Ljungdahl pathway. Surveys suggested that 
there was potential for carbon fixation associated with GS1 and FM8 sand 
patties (Figures S8A-B). Additionally, ratios of the large subunit of ribulose-
biphosphate carboxylase (RbcL), the key enzyme involved in carbon fixation in 
photosynthetic organisms, were significantly higher in seawater samples than in 
beach sand or sand patties from each location (p ≤ 4.69E-03) (Figure S8C). 
Aerobic Hydrocarbon Degradation 
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 Functional gene profiles revealed differences in the metabolic potential 
for hydrocarbon degradation among samples (Figures 4B-D). With respect to 
the inventory of genes associated with aerobic hydrocarbon degradation 
pathways, FM16 demonstrated a strong aerobic degradation signature, with 
high ratios of monooxygenases involved in alkane hydroxylation (AlkB, 
CYP153) (Nie et al., 2014) (Figures 4B and S12), and dioxygenases involved in 
a number of aromatic ring activation and cleavage reactions, including those 
involved in aerobic transformation of benzene, toluene, benzoate, naphthalene, 
biphenyl, among several other compounds (AromaDeg) (Duarte et al., 2014) 
(Figures 4B and S12). FM8 also displayed the potential for aerobic degradation, 
although to a lesser extent than FM16 (Figures 4B and S12). No significant 
differences in AlkB or CYP153 ratios were observed between Fort Morgan 
aggregates compared to beach sand or seawater due to the variation between 
the different sand patties collected at this location (p ≥ 0.17). Sand patty profiles 
generally had higher ratios of CYP153 than sand or seawater samples, 
whereas ratios indicated a more widespread distribution of dioxygenases 
(Figures 4B and S12). Both sand patties and beach sand samples collected at 
Fort Morgan had significantly higher dioxygenase ratios than seawater (p ≤ 
4.56E-03), whereas the variation observed among Gulf Shores Site 2 sand 
patties resulted in a significant difference measured only between beach sand 
and seawater dioxygenase ratios (p = 0.047).  
The results of the AromaDeg analyses demonstrated a ubiquitous 
presence of dioxygenases among the different sample types (Figures 4B, S12, 
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S13). Sand patties had the highest variation, particularly within samples 
collected from Gulf Shores Site 2. Specifically, GS12 contained the overall 
highest ratio, and GS9 had the lowest (Figure S13). In an attempt to interrogate 
differences in the types of dioxygenases present within samples, individual 
classes of proteins contained within the AromaDeg database were analyzed 
separately. Benzoate and biphenyl oxygenase sequences were detected most 
frequently among sand patties (Figures S13B-C), and aggregates also had the 
highest ratios of hits to the three individual databases of extradiol oxygenases 
(EXDO) (Figures S13F-H). No significant differences in benzoate oxygenases, 
biphenyl oxygenases, or EXDO ratios were observed among Gulf Shores Site 2 
aggregates compared to sand and seawater at the same location (p ≥ 0.06). In 
contrast, significantly higher ratios of benzoate oxygenases (p ≤ 0.03), biphenyl 
oxygenases (p ≤ 6.94E-03), EXDO monocyclic oxygenases (p ≤ 5.43E-03), and 
EXDO miscellaneous oxygenases (p ≤ 0.01) were observed between Fort 
Morgan aggregates and sand/seawater samples. Fort Morgan sand patties also 
had a significantly higher ratio of hits to the salicylate oxygenase database than 
beach sand and seawater samples (p ≤ 0.02).  
Anaerobic Hydrocarbon Degradation  
Several genes associated with the anaerobic activation of hydrocarbons 
were identified in GS1, consistent with this sample having high ratios of AprAB 
and DsrAB. Most notably, genes involved in the addition of hydrocarbons to 
fumarate (i.e., ‘fumarate addition’), including the catalytic subunits of 
alkylsuccinate synthase/(1-methylalkyl)succinate synthase (AssA/MasD), 
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benzylsuccinate synthase (BssA), napthyl-2-methylsuccinate synthase (NmsA), 
hydroxybenzylsuccinate synthase (HbsA), and 4-isopropylbenzylsuccinate 
synthase (IbsA) (Strijkstra et al., 2014, Wilkes et al., 2016, Heider et al., 2016a) 
were considerably higher in GS1 than in all other sand patty, sand, or seawater 
samples (Figure S9). The ratios of alkylsuccinate synthase/(1-
methylalkyl)succinate synthase, which catalyzes the addition of n-alkanes to 
fumarate (Wilkes et al., 2016), was much higher than those associated with the 
activation of aromatic compounds (Figure S9). FM8 was also observed to have 
consistently higher ratios of these genes than the other samples analyzed 
(Figure S9).  
The potential for other mechanisms of anaerobic hydrocarbon 
transformation was also investigated. Specifically, gene inventories were 
surveyed for genes involved in anaerobic hydroxylation processes, such as 
ethylbenzene dehydrogenase (Ebd), p-cymene dehydrogenase (Cmd), and a 
putative alkane C2-methylene hydroxylase enzyme (Ahy) (Heider et al., 2016b). 
Ratios of the catalytic subunit of ethylbenzene dehydrogenase, EbdA, were 
highest in GS1 (Figure S10), whereas the ratios of genes involved in the 
downstream reactions of ethylbenzene degradation (i.e., phenylethanol 
dehydrogenase (Ped) and acetophenone carboxylase (Apc), (Heider et al., 
2016b)), varied among all samples, with no clear trend observed among 
aggregates compared to beach sand or seawater (Figure S10). The first step in 
anaerobic hydroxylation of p-cymene is catalyzed by p-cymene dehydrogenase 
(Cmd) (Strijkstra et al., 2014), and ratios of CmdA and CmdB were variable 
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among individual samples (Figure S11B). Activation of n-alkanes via anaerobic 
hydroxylation is proposed to be catalyzed by a putative alkane C2-methylene 
hydroxylase, AhyABCD (Heider & Schühle, 2013, Heider et al., 2016b). The 
maximum ratios of each of the subunits of this enzyme were observed in GS1 
(Figure S11A). Together, EbdB, CmdB, and AhyB ratios were higher than 
expected compared to those calculated for the other subunits of these proteins 
(Figures S10B, S11A, and S11B). Further analysis of EbdB, CmdB, and AhyB 
sequences indicated that many of these hits are similar to nitrate reductases 
(data not shown).  
Hydrocarbons can also be activated under anaerobic conditions via 
carboxylation processes (Rabus et al., 2016). Anaerobic benzene carboxylase 
(AbcA) ratios were significantly higher in sand patties than in seawater collected 
at respective locations (p = 0.03 for Fort Morgan; p = 3.25E-03 at Gulf Shores 
Site 2), but no significant differences were observed between aggregates and 
beach sand (p ≥ 0.08) (Figure S11C). The potential for the anaerobic activation 
of phenol was assessed by surveys of phenylphosphate synthase (PpsAB) and 
phenylphosphate carboxylase (PpcABCD). Phenol is activated to a 
phenylphosphate intermediate via PpsAB and then carboxylated by PpcABCD 
(Boll & Fuchs, 2005). The abundance of these genes varied among individual 
samples, although GS1 had consistently high ratios with these enzymes (Figure 






 Metabolomic surveys were conducted to determine whether hydrocarbon 
transformation processes occur within aggregates deposited on coastal 
beaches. Extracted ion chromatograms (EICs) were obtained from the raw 
HPLC/HRMS data of oil:sand aggregates. EICs for the molecule ions (M-H-) of 
potential metabolites generally contained a number of peaks, some of which 
overlapped in HPLC retention time (data not shown), rendering unequivocal 
identifications of these compounds extremely difficult. However, targeted 
searches for metabolites associated with hydrocarbon transformation processes 
produced a number of potential candidates from the aggregates. These 
included benzoic acid, phenylpentanoic acid, phenanthrene carboxylic acid, 
along with C10 to C22 alkylsuccinic acids, among several others (data not 
shown). These compounds were putatively identified through the m/z (mass-to-
charge) ratios of the (M-H-) ions. For the majority of compounds detected, 
several isomers were identified at different retention times. None of these 
compounds were detected in any of the beach sand samples analyzed (data 
not shown). In order to provide stronger evidence for the presence of these 
metabolites, multiple aggregate samples (i.e., FM8, FM20, GS7) were 
subsequently reanalyzed in conjunction with several available standards. 
Overall, metabolites confirmed based on mass and retention times of standards 
included p-toluic acid, m-toluic acid, o-toluic acid, 3-hydroxybenzoic acid, 2-
phenylpropionic acid, benzylsuccinic acid, as well as alkylsuccinic acids (data 




 The DWH spill was a catastrophic event. Of the vast amounts of crude oil 
released during the spill, much of it was removed through active clean-up 
efforts (e.g., burning, skimming, chemical dispersant application) or was 
removed through natural weathering processes (e.g., evaporation, dissolution, 
biodegradation) (Ramseur, 2010). However, an unknown amount of 
hydrocarbons was buried in the deep seabed (Valentine et al., 2014) and at 
various unknown locations along the coast (Hayworth et al., 2011). Residual oil 
contamination in nearshore coastal environments allows for re-oiling of the 
shoreline in the form of oil:sand aggregates (i.e., sand patties, tar balls, oil-
soaked sands, surface residue balls) (Hayworth et al., 2011, OSAT-III, 2013). 
As these aggregates are responsible for continued contamination of 
environmentally and economically important ecosystems, it is important to 
understand the chemical and biological nature of these residues. The aim of 
this study was to characterize the microbial communities associated with DWH-
sourced sand patties and to determine the biodegradation potential of the 
entrained oil once aggregates are deposited on GoM beaches.  
Sand patties analyzed here contained oil derived from the DWH spill as 
confirmed through biomarker ratios (Table S6). A concurrent increase in the 
oxygenated fractions and decrease in the saturate and aromatic fractions was 
observed in oil extracted from patties (Figure 1). This signifies a high degree of 
weathering (Aeppli et al., 2012) and is in agreement with previous studies that 
concluded ‘oxyhydrocarbons’ (OxHC) can make up a substantial portion of the 
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extractable compounds from aggregates (Aeppli et al., 2012, White et al., 
2016). When OxHC fractions were normalized to C30-hopane, an increase was 
observed in relation to this recalcitrant marker (data not shown), indicating that 
these oxygenated compounds are newly formed and likely represent oil 
degradation products (Aeppli et al., 2014). Data collected here is also in 
agreement with a previous report indicating that weathered oil profiles were 
somewhat uniform between samples (White et al., 2016), as all nine aggregates 
exhibited severe weathering profiles and were depleted in many of the oil 
constituents originally present in MC252 oil (Figures S4A-K). Multiple reports 
have confirmed that DWH-sourced oil constituents undergo molecular changes 
(e.g., incorporation of oxygen molecules) as a result of weathering (Aeppli et al., 
2012, Hall et al., 2013, Gros et al., 2014, Radović et al., 2014, Ruddy et al., 
2014, White et al., 2016), leading to formation of compounds such as carboxylic 
acids, alcohols, and ketones (Aeppli et al., 2012, Ruddy et al., 2014), and that 
aggregates exhibit signatures of biodegradation (Aeppli et al., 2012, Elango et 
al., 2014, Gros et al., 2014, Bostic, 2016). Biodegradation potential of both 
residual hydrocarbons and oxygenated degradation products likely exists within 
aggregates. However, there are currently no published reports of conclusive in 
situ biodegradation activity.  
To date, relatively little is known with regard to the structure and 
metabolic potential of the microbial communities associated with DWH sand 
patties. Based on our preliminary metagenomic survey (Figures S1 and S2, 
Table S1), we hypothesized that the microbial communities associated with 
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sand patties and their metabolic potentials would differ between individual 
aggregates. In the study herein, populations were found to be highly variable 
among geographical locations (i.e., where they were deposited) and also 
among aggregates collected from the same location (i.e., at Fort Morgan). The 
genetic potential for hydrocarbon degradation through aerobic and/or anaerobic 
processes also varied among samples and was consistent with observations 
from 16S rRNA profiles. Beach sand and seawater, sources of microbes 
associated with aggregates, had distinct communities compared to all of the 
aggregates interrogated here. NMDS analysis (Figure 3) indicated that 
differences between individual aggregate populations were as large as the 
differences in populations of aggregates to sand/seawater communities and 
were much larger than those between sand and seawater samples. It can be 
hypothesized that community succession associated with sand patties 
potentially undergoes distinctly different trajectories, which is likely as a result of 
the specific conditions (e.g., nutrient availability, moisture content, types of 
substrates available, residence time) that each aggregate is subjected to during 
transport and deposition.  
A number of striking differences were observed among aggregates with 
regard to the 16S rRNA community profiles as well as with the functional gene 
profiles associated with nutrient cycling and terminal electron-accepting 
processes. Overall, the individual aggregates demonstrated either an 
anaerobic, facultative anaerobic, or aerobic signature. Collectively, results of 
both the 16S rRNA gene profiling (e.g., high relative abundance of sulfate-
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reducing taxa) (Figure 2B) and metagenomic analyses (e.g., high ratios of 
AprAB, DsrAB) (Figures 6A-D) indicated that GS1, the one sand patty collected 
at Gulf Shores Site 1, differed substantially from all other samples and that 
anaerobic processes were likely dominant in this aggregate. Although no 
quantitative data were collected for moisture or nutrient content (e.g., nitrate, 
ammonia, and sulfate concentrations), GS1 was collected in the intertidal zone 
and would have been subjected to tidal activity. If this aggregate had recently 
washed ashore and was saturated with seawater, the high relative abundance 
of anaerobic taxa and anaerobic functional genes could potentially be explained 
by the presence of anoxic microniches.  
Both aerobic and anaerobic signatures were observed in FM8. 
Community profiles for FM8 included a high relative abundance of anaerobes, 
particularly sulfate-reducing taxa (e.g., Desulfovibrio, Desulfofustis) (Figure 2A), 
as well as a number of aerobic and facultative anaerobic taxa (e.g., 
Marinobacter, Alcanivorax, Hyphomonas, Pseudomonas, Bacillus) (Figure 2A). 
Correspondingly, functional gene profiles suggested that both aerobic and 
anaerobic processes were important in FM8. Genes involved in DNRA and 
denitrification (NapAB, NrfAH, NirK, NirS, NorBC, NosZ) were present in FM8, 
as were those involved in dissimilatory sulfate reduction (AprAB, DsrAB) and 
carbon fixation via the Wood-Ljungdahl pathway (CooFS) indicating the 
importance of anaerobic processes within this sample. Additionally, genes 
associated with oxidation processes were also observed, most notably with the 
SOX system genes (Figures S6E-K). Together, data indicate that FM8 shared 
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similarity with GS1 with regard to the importance of anaerobic processes but 
was substantially different in that aerobic systems were also likely relevant in 
this sample.  
In contrast to GS1 and FM8, the remainder of the aggregates 
investigated had predominantly aerobic 16S rRNA and functional gene 
signatures. The community profile of FM16 revealed that aerobic hydrocarbon 
degraders made up a relatively large proportion of the overall community (e.g., 
Alcanivorax, Marinobacter, Thalassospira, Parvibaculum) (Figure 2A). Many of 
the taxa present in FM16 have previously been identified as either capable of 
utilizing hydrocarbon substrates or have been observed/enriched in 
hydrocarbon-contaminated systems (Coulon et al., 2007, Kodama et al., 2008, 
Zhao et al., 2008, Vila et al., 2010, Wang et al., 2010, Li et al., 2012, Rosario-
Passapera et al., 2012, Yergeau et al., 2012, Gutierrez et al., 2013, Liu & Liu, 
2013, Sherry et al., 2013, Fathepure, 2014, Joye et al., 2014, Kappell et al., 
2014, Liang et al., 2015, Shao et al., 2015, Liang et al., 2016, Mishamandani et 
al., 2016, Ruiz et al., 2016), and several taxa have also been reported in 
studies focused on contamination from the DWH spill (Gutierrez et al., 2013, Liu 
& Liu, 2013, Looper et al., 2013, Joye et al., 2014, Kappell et al., 2014, Atlas et 
al., 2015). With regard to the metabolic potential of the microbial community, 
nitrogen fixation appeared to be a central nitrogen cycling process in FM16, but 
that the community also did appear able to participate in denitrification. Genes 
involved in oxidation of sulfur species were observed, whereas genes involved 
in reductive processes (e.g., AprAB, DsrAB, CooFS) were not abundant, with 
125 
 
the exception of heterodisulfide reductase (Figures S7A-C). The high ratios 
observed for heterodisulfide reductase in FM16, as well as GS1 and FM8, are 
likely due to hits to heterodisulfide reductase homologs present in non-
methanogen taxa, as methanogens were not abundant in any of the 
aggregates. Homologs of heterodisulfide reductase genes have been found in a 
number of non-methanogenic taxa, particularly within sulfate-reducing bacteria 
(Pereira et al., 2011, Callaghan et al., 2012, Ramos et al., 2015), and these 
genes have been proposed to be involved in energy conversion processes 
(Thauer et al., 2008), which may explain the unexpectedly high detection of 
these sequences in samples without methanogens.    
Interestingly, FM20, as well as the five samples collected from Gulf 
Shores Site 2 (GS2, GS3, GS7, GS9, GS12) had similar overall community 
compositions. One notable trend among these aggregates was the presence of 
Mycobacterium. Mycobacterium species are metabolically diverse organisms, 
capable of utilizing a variety of hydrocarbons including n-alkanes (Watkinson & 
Morgan, 1991, Churchill et al., 1999, Bogan et al., 2003), aromatics (Burback & 
Perry, 1993, Solano-Serena et al., 2000), and PAHs (Kim et al., 2010). 
Mycobacterium has also been observed in microbial communities that 
responded to the DWH spill (Looper et al., 2013, Atlas et al., 2015), and in 
DWH-sourced oil:sand aggregates (Urbano et al., 2013). The frequent detection 
among aggregates in this study may suggest that Mycobacterium plays a role in 
hydrocarbon transformation in sand patties as was suggested by Urbano et al 
(2013), potentially due to the ability of this taxa to withstand desiccating 
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conditions. Several other taxa observed within these patties were organisms 
with known or suspected hydrocarbon-degrading capabilities that have been 
previously reported in GoM microbial communities associated with DWH 
contamination, including Pseudoxanthomonas, Pseudomonas, Sphingomonas, 
Nocardioides, and Streptomyces (Dubinsky et al., 2013, Looper et al., 2013, 
Mortazavi et al., 2013, Urbano et al., 2013) (Figures 2A & 2C; Table S10A-C). 
These aggregates also had an enrichment of the uncharacterized taxa 
Acidithiobacillales KCM-B-112 (Figures 2A and 2C). The order 
Acidithiobacillales has only a few characterized members and are described as 
sulfur-utilizing autotrophs (Garrity et al., 2015). The SILVA database (Pruesse 
et al., 2007, Quast et al., 2013) contains approximately 900 16S rRNA gene 
sequences associated with KCM-B-112. These 16S rRNA gene sequences 
were submitted and classified as various uncultured prokaryotes and were 
obtained from a variety of environments including, but not limited to, petroleum-
contaminated soil and sand, heavy metal-contaminated soil, asphalt seeps, oil-
containing bioreactors, and oil sands tailings ponds (SILVA, 2007). Many of the 
SILVA listings classified sequences as related to known sulfur-oxidizers. 
However, some of the gene sequences were obtained from clones related to 
Methylococcus capsulatus, a methanotroph capable of nitrogen-fixation (Kasai 
et al., 2005). Interestingly, the type strain of Acidithiobacillales, Acidithiobacillus 
ferrooxidans, can fix nitrogen (Mackintosh, 1978), and nif genes have been 
found in the genome of A. ferrooxidans (Valdés et al., 2008). NifDHK genes 
were abundant among aggregates in this study (Figures S5O-Q). Given that 
127 
 
16S rRNA gene phylogeny and function are not necessarily correlated, it is 
unclear what role Acidithiobacillales KCM-B-112 could be playing in these sand 
patties. It can be postulated that a potential functional niche of KCM-B-112 is to 
provide an ammonia source to the microbial population through nitrogen 
fixation. However, further bioinformatic analyses would be needed to determine 
which taxa the observed nif gene sequences were attributed to, which is 
beyond the scope of this study. Genes involved in sulfur oxidation were also 
present among these aggregates, but were generally less abundant overall 
compared to beach sand or seawater (Figures S6E-P). Genes of reductive 
processes (e.g., AprAB, DsrAB, CooFS) were low among FM20 and the Gulf 
Shores Site 2 aggregates (Figures S6A-D, S7D-F, and S8A-C), further 
suggesting that anaerobic processes were not dominant among populations 
associated with these samples.   
In comparison, the community compositions and functional genes 
detected in beach sand and seawater, initial sources of aggregate inocula, were 
distinct compared to all sand patties. Both beach sand and seawater contained 
taxa commonly found in marine systems (e.g., Gammaproteobacteria, 
Deltaproteobacteria, Plantomycetes, Bacteroidetes, Actinobacteria, Firmicutes) 
(Mills et al., 2008, Biers et al., 2009, Zinger et al., 2011, Gobet et al., 2012, King 
et al., 2012, Newton et al., 2013), and communities were similar between 
samples collected at each of the three locations (Figures 2D and 2E). Several 
taxa were shared between sand and seawater samples (e.g., 
Planctomycetaceae, Rhodopirellula, Blastopirellula), and samples clustered 
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together in NMDS ordination (Figure 3), indicating that these samples were 
more similar to each other than to any of the aggregates. Functional gene 
profiles of beach sand and seawater communities were also different from 
those associated with sand patties. Beach sand and seawater are both known 
to harbor diverse microbial populations with broad metabolic capabilities (Biers 
et al., 2009, Zinger et al., 2011, Gobet et al., 2012, Williams & Cavicchioli, 
2014). Functional gene profiles observed among sand and seawater samples in 
this study are representative of marine systems, as the genetic potential for 
various carbon, nitrogen, and sulfur cycling processes was observed (Figure 
4A).  
One of the main goals of this study was to investigate whether the 
microbial communities within aggregates had the functional potential to 
attenuate residual hydrocarbons. Interrogation of the genetic capacity for 
hydrocarbon transformation within aggregate-associated populations revealed 
that there was also considerable dissimilarity in the biodegradation potential of 
each sand patty. In GS1, metagenomic analyses indicated that the associated 
microbial community was capable of participating in a range of anaerobic 
hydrocarbon pathways, particularly those of ‘fumarate addition’ (Figures 4C, 4D, 
and S9A-E). Proteins of the ‘fumarate addition’ pathways catalyze the addition 
of n-alkanes (AssA/MasD), toluene and xylene (BssA), p-cymene (IbsA), p-
cresol (HbsA), and 2-methylnapthalene (Nms/Mns) to fumarate to form succinic 
acid metabolites (Rabus et al., 2016). Overall, AssA/MasD was more prevalent 
than sequences typically associated with activation of aromatic compounds 
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(Figure S9), implying that organisms capable of degrading n-alkanes may be 
more prevalent in this sample. Genes associated with other anaerobic 
processes, including anaerobic ethylbenzene hydroxylation (EbdA), anaerobic 
phenol carboxylation (PpsAB, PpcABC), and anaerobic benzene carboxylation 
(AbcA) were also present in GS1 (Figures 4D, S10, and S11), further 
corroborating the likely importance of anaerobic transformation pathways within 
this sample. Interestingly, a large number of sequences in GS1 classified as 
EbdB (Figure S10B). Ethylbenzene dehydrogenase is a DMSO reductase-type 
II molybdenum type protein (Johnson et al., 2001), as are p-cymene 
dehydrogenase (Cmd) and dissimilatory nitrate reductases (Heider et al., 
2016b). The alpha- and beta-subunits of ethylbenzene dehydrogenase are 
similar to nitrate reductases (Heider et al., 2016b), and a closer inspection of 
the sequences classified as EbdB via BLAST largely returned nitrate 
reductases (data not shown), explaining the apparent widespread distribution of 
putative EbdB sequences among all samples types. A putative alkane C2 
methylene hydroxylase (AhyABCD) (Figure S11A), a protein that was first 
detected in the alkane/alkene-utilizing sulfate-reducer, Desulfococcus 
oleovorans Hxd3 (Callaghan et al., 2008), was also prevalent in GS1. It has 
been proposed that this enzyme may be involved in the anaerobic hydroxylation 
of alkanes (Heider & Schühle, 2013, Heider et al., 2016b), although the 
requisite metabolites have not yet been detected. The putative alkane C2 
methylene hydroxylase has sequence similarity to ethylbenzene 
dehydrogenase (Heider & Schühle, 2013, Heider et al., 2016b), and therefore, 
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the frequent detection among samples, as suggested by observed ratios of 
AhyB, should also be interpreted with caution.  
Similarly as was seen with the 16S rRNA and nutrient cycling profiles, 
genes involved in both aerobic and anaerobic hydrocarbon degradation 
pathways were detected in FM8. With regard to anaerobic degradation 
processes, genes involved in alkane and mono-aromatic hydrocarbon addition 
to fumarate (e.g., AssA/MasD, BssA) were prevalent (Figure S9), and genes 
involved in other anaerobic pathways (e.g., Ahy, Abc, Pps) were also detected 
(Figure S11) but were detected less frequently than those of ‘fumrate addition’, 
particularly for AssA/MasD (Figure S9B). These data suggest that n-alkane 
activation via ‘fumarate addition’ may be an important process within FM8, as 
was observed with GS1, and also that the community can participate in 
transformation of a range of hydrocarbons. Additionally, the microbial 
community associated with FM8 is capable of hydroxylating alkanes (i.e., via 
AlkB and CYP153), as well as carrying out transformation of range of aromatic 
compounds as demonstrated by the various dioxygenases detected with the 
AromaDeg database (Figure S13).  
The remainder of the sand patties investigated displayed predominantly 
aerobic signatures. For FM16, data indicate the potential for aerobic 
hydrocarbon transformation as demonstrated by the occurrence of mono- and 
dioxygenases (Figures 4B, S12, and S13) and of known aerobic hydrocarbon-
degraders (e.g., Marinobacter, Alcanivorax) (Nie et al., 2014) (Figure 2A). 
Aerobic processes also seemed more prevalent in the aggregates analyzed at 
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Gulf Shores Site 2. Interestingly, although overall community composition 
between these Gulf Shores Site 2 aggregates was similar (Figure 3), 
differences were observed with regard to the functional gene profiles related to 
hydrocarbon transformation. For example, GS12 had the highest observed ratio 
of AromaDeg sequences, whereas GS9 had the lowest (Figures S12 and S13). 
These varying patterns suggest that aggregates can become enriched in genes 
for specific metabolic pathways but can also become depleted compared to the 
background (i.e., sand/seawater) metabolic potential.  
The microbial community in beach sand and seawater had the genetic 
capacity for hydrocarbon degradation, and in general, genes of aerobic 
pathways were detected more frequently (Figures S9-S13). These data are not 
surprising given that the GoM is regularly exposed to hydrocarbons through 
natural seeps and anthropogenic inputs (NRC, 2003), and the indigenous 
microbial populations are diverse and capable of utilizing petroleum 
constituents (for review, see Joye et al., 2014, Kimes et al., 2014, King et al., 
2015). Sand and seawater samples exhibited a more consistent detection of the 
various genes analyzed than sand patty samples, which seems to indicate that 
aggregate-associated populations can become enriched in genes associated 
with hydrocarbon transformation compared to the background beach sand and 
seawater (e.g., GS1: AssA, FM16: CYP153), but can also become depleted 
relative to the background (e.g., GS9: AromaDeg).  
One of the goals of this study was to investigate whether genetic 
potential for hydrocarbon transformation could be correlated with evidence of in 
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situ activity. To our knowledge, this is the first report of identification of putative 
hydrocarbon transformation metabolites within DWH-sourced aggregates 
through mass spectrometry analysis. The presence of hydrocarbon-degrading 
taxa and genes involved in the transformation of oil constituents suggested that 
the sand patty-associated microbial communities were able to degrade 
hydrocarbons. Targeted metabolite profiling was conducted in an attempt to 
identify requisite metabolites of known pathways via QTOF mass spectrometry. 
Identification of metabolites was challenging due to the limited sand patty 
material available for analyses, the extremely low concentrations of putative 
metabolites, and the complexity of the metabolite signatures. The presence of 
several compounds was confirmed based on mass and retention times of 
available standards. These included benzylsuccinic acid, alkylsuccinic acids, 
toluic acid, hydroxybenzoic acid, and phenylpropionic acid. A number of other 
compounds were identified as putative metabolites associated with hydrocarbon 
degradation processes (e.g., phenanthrene carboxylic acid, benzoylacetate, 
acenapthylmethylsuccinic acid) based on known retention times of these 
compounds. However, conclusive identification of these putatively identified 
metabolites was not possible. None of the confirmed or putative metabolites 
were detected in beach sand control samples.  
Given that the requisite parent compounds (e.g., BTEX, short-chain n-
alkanes, naphthalene, phenanthrene) were no longer detectable based on 
GCxGC analyses, metabolite detection in these aggregates should be 
interpreted with caution. It may be possible that these putative compounds were 
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derived from biological transformation of trace concentrations of parent 
hydrocarbons that were below the detection limits of the GCxGC method, or 
that they represent products from biotransformation processes that occurred at 
an earlier time. With respect to the latter, these putative compounds may not 
have been further transformed to end products due to limitations in nutrients or 
changes in redox conditions. Alternatively, the putative detections may have 
been accidental. Compounds that are produced directly via biological 
transformations can be detected using HPLC/HRMS (Picó & Barceló, 2015). 
However, the weathering of the residual oil in aggregates can also occur as a 
result of abiotic reactions. The resulting mixture of ‘oxyhydrocarbons’ can be 
challenging to characterize beyond identification of chemical functionalities 
(e.g., alcohols, ketones) (Aeppli et al., 2012, Ray et al., 2014, Ruddy et al., 
2014), and the complexity of traces in this study further corroborates this. 
CONCLUSIONS 
 DWH-sourced sand patties represent contaminating oil that persists in 
the environment that has continued to wash ashore years after the spill. 
Chemical analyses of these aggregates have consistently shown that they are 
highly weathered, likely through both photooxidation and biodegradation 
processes (Aeppli et al., 2012, Hall et al., 2013, Aeppli et al., 2014, Gros et al., 
2014, White et al., 2016), but little is known with regard to the microbial ecology 
of these residues. Several conclusions can be drawn from the results of this 
study. Distinct microbial populations are associated with individual aggregates, 
and many community members have known or suspected hydrocarbon-
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degrading capabilities. These putative hydrocarbon-degraders vary in 
abundance between sand patties, as does the genetic potential for aerobic 
and/or anaerobic hydrocarbon transformation. Overall, the data suggest that 
oil:sand aggregates are distinct entities that differ from background beach sand 
and seawater and also likely from other sand patties. These differences are 
presumably the result of the environmental conditions that each aggregate is 
subjected to over time, including aggregate residence time in seawater versus 
on land, moisture and nutrient content due to seawater inundation and/or 
precipitation, as well as available residual hydrocarbons. Results provide 
evidence that microbial communities associated with aggregates are capable of 
hydrocarbon transformation, and that they may play a vital role in the long-term 


























Figure 1. Relative abundance of saturate (FSat), aromatic (FAro), and 
oxygenated (FOxHC1 and FOxHC2) fractions measured via TLC-FID for MC252 
crude oil and oil:sand aggregates collected from Fort Morgan (FM), Gulf Shores 













Figure 2. Microbial community composition as determined by Illumina 
sequencing of partial 16S rRNA gene sequences from (A) Fort Morgan 
aggregates, (B) the Gulf Shores Site 1 aggregate, (C) Gulf Shores Site 2 
aggregates, (D) beach sand, and (E) seawater samples. Each sample was 
subjected to triplicate DNA extractions, and each replicate is indicated by the 
triplicate bar graphs for each sample. Reads were analyzed using QIIME 
(Version 1.9.0) (Caporaso et al, 2010a) and classified to the genus level when 
possible. Minor phylogenetic groups, which could not be visually resolved in the 
bar graphs, are not included in the legend. Sand and seawater samples from 
Gulf Shores locations are denoted as from Site 1 (GS-1) or Site 2 (GS-2). Note: 





































































































































Figure 3. Non-metric multidimensional scaling (NMDS) ordination of core 
microbial communities. Core taxa were defined as any group accounting for 1% 
or more of sequences in any sample. NMDS plot was generated using a Bray-
Curtis distance measure in PC-ORD (Version 6, MjM Software). Sand and 
seawater (SW) samples are labeled according to site: Fort Morgan (FM), Gulf 














































Figure 4. Heatmap of normalized ratios calculated for gene sequences involved 
in (A) biogeochemical cycling, (B) aerobic hydrocarbon transformation 
pathways as well as genes involved in (C) anaerobic pathways of samples 
collected from Fort Morgan (FM), Gulf Shores Site 1 (GS.1), and Gulf Shores 
Site 2 (GS.2) with AssA ratios plotted and (D) without AssA ratios plotted. 
Heatmaps were generated using Heatmap Builder® (Version 1.1) with dataset-
normalized sorting so that the highest ratio in each set of functional genes 
corresponds to the darkest grid color. Abbreviations: Nar, nitrate reductase; Nir, 
nitrite reductase; Nap, nitrate reductase; Nrf, nitrate reductase; Nor, nitric oxide 
reductase; Nos, nitrous oxide reductase; Nif, nitrogenase; Amo, ammonia 
monooxygenase; Hao, hydroxylamine dehydrogenase; Apr, adenylylsulfate 
reductase; Dsr, dissimilatory sulfite reductase; Sox, sulfur-oxidizing protein; Sqr, 
sulfide:quinone oxidoreductase; Dox, thiosulfate dehydrogenase; Fcc, sulfide 
dehydrogenase; Sor, sulfur oxygenase; Coo, carbon monoxide dehydrogenase; 
Rbc, ribulose-bisphosphate carboxylase; Alk, alkane monooxygenase; CYP153, 
cytochrome P450 alkane hydroxylase; Ass, alkylsuccinate synthase; Mas, 
(methyl)alkylsuccinate synthase; Bss, benzylsuccinate synthase; Ibs, (4-
isopropylbenzyl)succinate synthase; Nms, 2-napthylmethylsuccinate synthase; 
Hbs, hydroxybenzylsuccinate synthase; Ahy, alkane C2 methylene hydroxylase; 
Ebd, ethylbenzene dehydrogenase; Ped, phenylethanol dehydrogenase; Apc, 
acetophenone carboxylase; Cmd, p-cymene dehydrogenase; Abc, anaerobic 
benzene dehydrogenase; Pps, phenylphosphate synthase; Ppc, 
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Appendix I: Chapter 1 Supplemental Materials 
 
Table S1. Longitudinal and latitudinal coordinates of stations sampled in 




Latitude Longitude Salinity 
PSU 
Water Temp.  
˚C 
908 39° 08.00N 76° 19.84W 9.9 28 
858 38° 58.01N 76° 23.04W 11.9 29 
818 38° 17.79N 76° 17.28W 15.3 29 








































Table S2. Alkylsuccinate synthase (assA) and benzylsuccinate synthase (bssA) 
primer sequences used for the interrogation of Chesapeake Bay sediments 


























Table S3. Microcosms established with sediment core material under (A) 
sulfate-reducing conditions and (B) methanogenic conditions. All treatments 
were established in triplicate. Initial sulfate concentrations were approximately 
25 mM; hexadecane was amended as an overlay. Sterile controls were 
autoclaved at 121°C for three consecutive days. Positive controls were 
amended with Desulfatibacillum alkenivorans strain AK-01 (10% v/v). An X 
indicates inclusion into the microcosm. 
 
(A) Sulfate-Reducing Microcosms 




Active enrichments X X  X  
Positive controls X X  X X 
Background controls X X    
Abiotic media 
controls 
X   X  
Sterile controls X X X X  
(B) Methanogenic Microcosms 




Active enrichments  X  X  
Positive controls  X  X X 
Background controls  X    
Abiotic media 
controls 
   X  














Table S4. Phylogenetic analysis of bacterial 16S rRNA genes detected in 
Chesapeake Bay sediments at the family level of taxonomic classification. All 
data are shown as percentages of detected sequences for each respective 



























































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































Table S5. Phylogenetic analysis of archaeal 16S rRNA genes detected in 
Chesapeake Bay sediments at the family level of taxonomic classification. All 
data are shown as percentages of detected sequences for each respective 



















































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































Table S6. Results from PerMANOVA and MRPP analyses of sequenced core 
bacterial and archaeal communities. PerMANOVA (permutation-based 
multivariate analysis of variance) was performed using the Bray-Curtis distance 
measure and 5000 permutations. An F statistic in a PerMANOVA analysis 
indicates the likelihood of no difference among groups, with a higher value 
suggesting a larger difference among samples. MRPP (multi-response 
permutation procedure) analysis was also conducted using Bray-Curtis as a 
distance measure. Test statistic (T) describes how strongly the groups are 
separated, with a more negative value indicating a greater level of separation. 
The chance-corrected within-group agreement of the MRPP analysis, 
represented by A, indicates homogeneity within-groups compared to what is 





F = 35.56 T = -7.04 
p = 2.0E-04 Observed δ = 0.55E-01 
 Expected  δ = 0.17 
 p = 1.80E-06 
 A = 0.68 
ARCHAEA 
PerMANOVA MRPP 
F = 67.24 T = -6.00 
p = 2.0E-04 Observed δ = 0.53E-01 
 Expected  δ = 0.23 
 p = 2.24E-05 








Table S7. Diversity indices and descriptive information of core taxa in bacterial 
and archaeal communities. A total of 21 core bacterial classes were found 
among all samples, whereas a total of 6 core classes of archaea were found 
among all samples. All statistics were calculated in PC-ORD (Version 6, MjM 
Software). Notation: S - number of taxa in each sample; E - evenness; H - 
Shannon Diversity index; and D’ - Simpson’s Diversity for an infinite population. 
D’ is the complement of Simpson’s original index, and indicates the likelihood 
that two individuals from a population would be different if chosen randomly.   
 
Bacteria 
Sample* S E H D’ 
908A 21 0.94 2.86 0.93 
908B 21 0.93 2.83 0.93 
908C 21 0.94 2.86 0.93 
908H6A 21 0.92 2.81 0.93 
908H6B 21 0.93 2.83 0.93 
908H6C 21 0.92 2.80 0.93 
858A 21 0.93 2.83 0.93 
858B 21 0.93 2.82 0.93 
858C 21 0.93 2.83 0.93 
818A 20 0.84 2.53 0.89 
818B 18 0.86 2.48 0.89 
818C 20 0.87 2.59 0.90 
707A 19 0.87 2.58 0.90 
707B 20 0.86 2.58 0.90 
707C 20 0.89 2.67 0.91 
Archaea 
Sample S E H D’ 
908A 6 0.93 1.66 0.80 
908B 6 0.93 1.66 0.79 
908C 6 0.94 1.68 0.80 
908H6A 6 0.92 1.64 0.79 
908H6B 6 0.93 1.66 0.79 
908H6C 6 0.92 1.64 0.79 
858A 6 0.92 1.65 0.78 
858B 6 0.90 1.60 0.77 
858C 6 0.92 1.64 0.78 
818A 6 0.77 1.37 0.65 
818B 6 0.84 1.50 0.71 
818C 6 0.87 1.55 0.74 
707A 6 0.94 1.69 0.80 
707B 6 0.94 1.68 0.80 
707C 6 0.92 1.64 0.78 
*Letters refer to sample replicates
174 
 
Table S8. Copy numbers of dsrA and bacterial 16S rRNA gene sequences per 
gram of wet sediment. Values represent averages and standard deviations of 




Avg. # of dsrA gene 
copies g-1 wet sediment 
Avg. # of bacterial 16S 
rRNA gene copies 





Station 908    
Horizon 1 (surface) 2.98 x 106 ± 1.11 x 106 5.63 x 107 ± 1.47 x 107 5.28 
Horizon 2 1.33 x 106 ± 2.14 x 105 3.25 x 107 ± 4.29 x 106 4.09 
Horizon 3 5.84 x 105 ± 1.04 x 105 3.43 x 107 ± 9.19 x 106 1.71 
Horizon 4 4.69 x 105 ± 8.46 x 104 2.54 x 107 ± 4.26 x 106 1.84 
Horizon 5 4.10 x 105 ± 1.97 x 105 2.27 x 107 ± 7.40 x 106 1.81 
Horizon 6 1.01 x 105 ± 4.51 x 104 1.05 x 107 ± 3.76 x 105 0.96 
    
Station 858    
Horizon 1 (surface) 6.02 x 105 ± 9.63 x 104 3.68 x 107 ± 4.33 x 106 1.64 
Horizon 2 5.27 x 105 ± 3.39 x 105 3.02 x 107 ± 1.35 x 107 1.86 
Horizon 3 5.31 x 105 ± 1.11 x 105 3.37 x 107 ± 6.84 x 106 1.58 
Horizon 4 5.46 x 105 ± 2.56 x 105 3.23 x 107 ± 1.01 x 107 1.69 
Horizon 5 4.11 x 105 ± 6.72 x 104 2.36 x 107 ± 1.19 x 106 1.75 
Horizon 6 3.23 x 105 ± 8.62 x 104 2.10 x 107 ± 2.59 x 106 1.53 
Horizon 7 3.36 x 105 ± 5.02 x 104 2.25 x 107 ± 5.89 x 106 1.49 
    
Station 818    
Horizon 1 (surface) 3.42 x 105 ± 2.55 x 105 9.59 x 106 ± 4.00 x 106 3.47 
Horizon 2 1.47 x 105 ± 2.56 x 104 7.39 x 106 ± 5.05 x 105 1.99 
Horizon 3 1.17 x 105 ± 9.46 x 104 6.07 x 106 ± 2.77 x 106 1.92 
Horizon 4 3.78 x 104 ± 1.96 x 104 6.19 x 106 ± 7.30 x 105 0.61 
Horizon 5 9.93 x 103 ± 7.57 x 103 4.30 x 106 ± 1.03 x 106 0.23 
    
Station 707    
Horizon 1 (surface) 6.58 x 105 ± 2.01 x 105 2.53 x 107 ± 3.47 x 106 2.60 
Horizon 2 1.63 x 106 ± 2.03 x 106 2.94 x 107 ± 1.25 x 107 5.55 
Horizon 3 7.46 x 105 ± 4.92 x 105 2.40 x 107 ± 1.59 x 107 3.11 





Table S9. Copy numbers of mcrA and archaeal 16S gene sequences per gram 
of wet sediment. Values represent averages and standard deviations of 




Avg. # of mcrA gene 
copies g-1 wet sediment 
Avg. # of archaeal 16S 
rRNA gene copies  





Station 908     
Horizon 1 (surface)  3.42 x 106 ± 1.98 x 106 1.41 x 108 ± 4.49 x 107 2.43 
Horizon 2  3.03 x 106 ± 3.83 x 105 6.29 x 107 ± 1.43 x 107 4.82 
Horizon 3  1.76 x 106 ± 6.68 x 105 6.04 x 107 ± 1.47 x 107 2.92 
Horizon 4  2.68 x 106 ± 8.04 x 105 4.18 x 107 ± 1.10 x 107 6.41 
Horizon 5  2.32 x 106 ± 1.60 x 106 4.65 x 107 ± 2.43 x 107 4.98 
Horizon 6  2.76 x 105 ± 1.07 x 105 1.04 x 107 ± 1.60 x 106 2.65 
    
Station 858    
Horizon 1 (surface)  5.85 x 106 ± 3.94 x 106 1.04 x 108 ± 9.88 x 106 5.65 
Horizon 2  3.70 x 106 ± 2.35 x 106 7.18 x 107 ± 4.96 x 107 5.15 
Horizon 3  2.69 x 106 ± 3.96 x 105 1.05 x 108 ± 4.98 x 106 2.56 
Horizon 4  3.94 x 106 ± 1.15 x 106 1.11 x 108 ± 4.99 x 107 3.56 
Horizon 5  4.51 x 106 ± 1.84 x 105 6.19 x 107 ± 5.05 x 106 7.30 
Horizon 6  3.03 x 106 ± 6.97 x 105 3.94 x 107 ± 1.15 x 107 7.69 
Horizon 7  3.31 x 106 ± 6.34 x 105 4.74 x 107 ± 2.30 x 107 6.98 
    
Station 818     
Horizon 1 (surface)  1.10 x 105 ± 7.31 x 104 1.37 x 107 ± 9.83 x 106 0.80 
Horizon 2  8.60 x 104 ± 9.78 x 103 6.81 x 106 ± 7.36 x 105 1.26 
Horizon 3  6.92 x 104 ± 1.57 x 104 4.91 x 106 ± 2.63 x 106 1.41 
Horizon 4  9.43 x 104 ± 2.96 x 104 6.07 x 106 ± 1.55 x 106 1.55 
Horizon 5  5.10 x 104 ± 8.03 x 103 3.71 x 106 ± 1.09 x 106 1.37 
    
Station 707     
Horizon 1 (surface) 5.09 x 105 ± 2.59 x 105 7.43 x 107 ± 2.29 x 107 0.69 
Horizon 2  4.29 x 105 ± 3.34 x 105 1.20 x 108 ± 1.15 x 108 0.36 
Horizon 3  4.15 x 105 ± 2.13 x 105 6.11 x 107 ± 4.30 x 107 0.68 





Table S10. Detection of assA and bssA in Bay sediments. The number of 
detected OTUs is designated for each station. Note: N.D. designates that the 
gene of interest was not detected based on the primers used in this study. 
 
 
Station assA bssA 
908 (surface horizon) 4 OTUs 1 OTU 
908 (horizon 6) 1 OTU N.D. 
858 4 OTUs 1 OTU 
818 4 OTUs ND 







Table S11. Sulfate concentrations (mM) in microcosms after 672 days of 
incubation. Microcosm treatments were established in triplicate, and sulfate was 
monitored via ion chromatography. D. alkenivorans strain AK-01 positive 
controls were amended with additional sulfate when sulfate was depleted to 
approximately 2-3 mM. The incubation time required for this sulfate depletion in 
positive controls varied among the stations and among the replicates at each 
station. The range of time points designating when replicates at each station 
were amended with sulfate are indicated below. The treatments are as follows: 
(1) Active enrichments amended with sediment and hexadecane; (2) Positive 
controls amended with sediment, hexadecane and Desulfatibacillum 
alkenivorans strain AK-01; (3) Background controls containing medium and 
sediment; (4) Abiotic media controls containing medium and hexadecane; and 
(5) Sterile controls amended with sediment and hexadecane and autoclaved at 
121°C for three consecutive days. Values represent the averages and standard 
deviations of triplicate replicates. Note: values shown in red are statistically 










Table S12. Methane production (mM) in microcosms established under sulfate-
reducing and methanogenic conditions after 672 days of incubation. Treatments 
were established in triplicate as follows: (1) Active enrichments amended with 
sediment and hexadecane; (2) Positive controls amended with sediment, 
hexadecane and Desulfatibacillum alkenivorans strain AK-01, (3) Background 
controls containing medium and sediment, (4) Abiotic media controls containing 
medium and hexadecane, and (5) Sterile controls amended with sediment and 
hexadecane and autoclaved at 121°C for three consecutive days. Values 
represent averages and standard deviations of triplicate replicates. Note: values 







Station 908    
(1) Active enrichments  1.37 ± 0.52 3.15 ± 0.64 
(2) Positive controls 1.61 ± 0.41 2.49 ± 0.42 
(3) Background controls 0.18 ± 0.11 1.93 ± 0.40 
(4) Abiotic media controls 0.00 0.00 
(5) Sterile controls  0.00 0.00 
Station 908, Horizon 6    
(1) Active enrichments 1.00 ± 0.48 2.69 ± 0.27 
(2) Positive controls  0.20 ± 0.02 2.18 ± 0.08 
(3) Background controls 0.60 ± 0.36 1.02 ± 0.42 
(4) Abiotic media controls  0.00 0.00 
(5) Sterile controls  0.001 ± 0.002 0.001 ± 0.002 
Station 858    
(1) Active enrichments 2.05 ± 0.61 4.15 ± 1.15 
(2) Positive controls  2.01 ± 0.27 3.32 ± 0.37 
(3) Background controls 0.23 ± 0.08 2.19 ± 0.17 
(4) Abiotic media controls  0.00 0.00 
(5) Sterile controls  0.004 ± 0.001 0.005 ± 0.001 
Station 818    
(1) Active enrichments 0.02* 0.06 ± 0.02 
(2) Positive controls  0.07 ± 0.04 0.54 ± 0.39 
(3) Background controls 0.01 ± 0.004 0.48 ± 0.40 
(4) Abiotic media controls  0.00 0.00 
(5) Sterile controls  0.00 0.00 
Station 707    
(1) Active enrichments 0.04 ± 0.01 1.20 ± 0.25 
(2) Positive controls  0.18 ± 0.07 1.28 ± 0.28 
(3) Background controls 0.02 ± 0.02 0.41 ± 0.55 
(4) Abiotic media controls  0.00 0.00 
(5) Sterile controls  0.00 0.00 





Figure S1. Map of the Chesapeake Bay including the longitudinal and 





















Figure S2. Dissolved oxygen data collected in 2009 along the vertical section of 
the Chesapeake Bay. Data were obtained from the Chesapeake Bay Program 
Water Quality Database 
(http://www.chesapeakebay.net/data/downloads/cbp_water_quality_database_1
984_present). Approximate station locations sampled for the study herein are 








Figure S3. Dissolved oxygen data collected in 2010 along the vertical section of 
the Chesapeake Bay. Data were obtained from the Chesapeake Bay Program 
Water Quality Database   
(http://www.chesapeakebay.net/data/downloads/cbp_water_quality_database_1
984_present). Approximate station locations sampled for the study herein are 










































Figure S4. Non-metric multidimensional scaling (NMDS) plot of core (A) 
bacterial and (B) archaeal communities. Core bacterial and archaeal taxa are 
considered taxonomic groups that make up ≥ 1% of the total population in any 
sequenced library. These core taxa were analyzed using PC-ORD (Version 6, 
MiM Software) to determine similarities and/or differences in microbial 
populations among locations in Chesapeake Bay. NMDS plots were 
constructed using the Bray-Curtis distance measure, rotated with orthogonal 
principal axes, and analyzed using 1000 permutations. Samples are labeled 
according to station number and replicate (A, B, or C). Surface and depth 
horizons at station 908 are differentiated as follows: 908s_A-C (surface horizon) 










Figure S5. Distribution of (A) sulfate-reducing microorganisms and (B) 
methanogens in Chesapeake Bay sediment horizons. Relative percentages of 
microorganisms were determined via qPCR analysis of dsrA and bacterial 16S 
rRNA gene sequences for sulfate-reducers and mcrA and archaeal 16S rRNA 
gene sequences for methanogens. Calculations assume single copies of dsrA, 
mcrA, and 16S rRNA genes per cell. Analyses were conducted in triplicate, and 
averages were used to determine percentages shown below. Note: stations 
have different numbers of horizons due to the ability to core the different types 

























































































































Figure S6. Sulfate loss in microcosms established under sulfate-reducing 
conditions with Chesapeake Bay sediment. Green bars indicate time-zero 
measurements, and the yellow bars indicate measurements at an incubation 
time-point for each station prior to sulfate re-amendment of the AK-01 controls. 
The incubation times required for sulfate depletion to near 2-3 mM varied 
among the stations (as shown below), occurring as follows: station 858 - 40 
weeks of incubation; station 908 - 32 weeks; station 908 (horizon 6) - 20 weeks; 
and 24 weeks for stations 818 and 707. AK-01 positive controls were amended 
with additional sulfate when initial concentrations were depleted to 2-3 mM (See 
Table S8). Enrichment cultures were allowed to incubate for a total of 672 days 
(not shown). Treatments were established in triplicate as follows: (1) Active 
enrichments amended with sediment and hexadecane; (2) Positive controls 
amended with sediment, hexadecane, and Desulfatibacillum alkenivorans strain 
AK-01, (3) Background controls containing medium and sediment, (4) Abiotic 
media controls containing medium and hexadecane, and (5) Sterile controls 
amended with sediment and hexadecane and autoclaved at 121°C for three 
consecutive days. Data represent averages of triplicate incubations. Note: an 
asterisk (*) indicates a significant difference between sulfate concentrations at 



































Appendix II: Chapter 2 Supplemental Materials 
 
Table S1. Sediment descriptions and latitude and longitude coordinates from 
each coastal sampling location in Biloxi, Mississippi.  
 
 Site Description Latitude Longitude 
Site 
1 
Medium-grain sandy upper layer and dark 
gray fine-grain lower layer; some 
noticeable sulfide odor. Marsh grass 
vegetation nearby. 
N 30°22.470 W 088°47.597 
Site 
2 
Sandy sediment, uniform with depth. No 
vegetation. 
N 30°14.854 W 088°44.162 
Site 
3 
Medium-grain sandy upper layer and dark-
gray silt-like grain lower layer; some 
noticeable sulfide odor. Marsh grass 
vegetation nearby. 





































Site 1 Site 2 Site 3 
Temperature 
(°C) 
27.6 26.9 27.5 
pH 7.8 8.1 6.7 
Salinity (ppt) 13 26 10 
Redox Potential 
(mV) 






















Table S3. Ion concentrations measured in coastal water samples. Sulfate and 
chloride measurements conducted via ion exchange chromatography of four 
replicates per site. Nitrate, nitrite, and phosphate concentrations were 
determined via colorimetric assays. Note: Surface indicates water samples 
collected slightly offshore. Overlying indicates water overlying sediment 
collected onshore. N.D. = not detected.  
 
 
                 Site 1 Site 2 Site 3 
 
































N.D. N.D. N.D. N.D. N.D. 
Nitrite 
(mM) 















Table S4. Average relative abundances of total Deltaproteobacteria detected in 
field (i.e., T-0) sediment communities based on 16S rRNA gene analyses. Note: 





Site 1 Site 2 Site 3 
Jar A 
Average (%) 7.31 ± 0.17 2.54 ± 0.22 12.24 ± 0.49 
T-test Site 1 vs. Site 2 Site 2 vs. Site 3 Site 1 vs. Site 3 
p value 3.40E-06 7.10E-07 1.30E-04 
Jar B 
Average (%) 4.43 ± 0.18 2.40 ± 0.12 7.82 ± 2.55 
T-test Site 1 vs. Site 2 Site 2 vs. Site 3 Site 1 vs. Site 3 





























Table S5. Multi-response permutational procedure (MRPP) analysis of field 
(i.e., T-0) sediment samples collected at Sites 1, 2, and 3. MRPP was 
conducted in PC-ORD (Version 6, MjM Software) using a Bray-Curtis distance 
measure with groups defined by site (i.e., Site 1, Site 2, Site 3). The test 
statistic, T, describes how strongly groups are separated from each other, with 
a more negative value indicative of a greater degree of separation. The chance-
corrected within-group agreement, A, indicates within-group homogeneity 
compared to random chance. A maximum value of A=1 indicates that all 
samples within a group are identical. The p value indicates within-group 








































Table S6. Diversity indices and descriptive information of Deltaproteobacteria 
communities sequenced from field (i.e., T-0) sediment samples at (A) Site 1, 
(B) Site 2, and (C) Site 3. A total of 105 deltaproteobacterial OTUs were 
detected in sediment at the genus level (97% similarity). Data were calculated 
in PC-ORD (Version 6, MjM Software). Abbreviations: S - number of taxa in 
each sample, E - evenness, H - Shannon Diversity index, and D’ - Simpson’s 
Diversity for an infinite population. D’ is the complement of Simpson’s original 
index and indicates the likelihood that two individuals from a population would 
be different, if chosen randomly.   
 
A.  
Sample S E H D’ 
Jar A, Rep. 1 50 0.927 3.627 0.966 
Jar A, Rep. 2 61 0.917 3.772 0.969 
Jar A, Rep. 3 68 0.927 3.913 0.974 
Jar B, Rep. 1 61 0.962 3.955 0.978 
Jar B, Rep. 2 78 0.947 4.127 0.981 
Jar B, Rep. 3 64 0.966 4.017 0.979 
Jar B, Rep. 4 82 0.953 4.202 0.982 
 
B. 
Sample S E H D’ 
Jar A, Rep. 1 51 0.964 3.789 0.974 
Jar A, Rep. 2 56 0.953 3.836 0.974 
Jar A, Rep. 3 74 0.935 4.026 0.977 
Jar A, Rep. 4 60 0.947 3.878 0.974 
Jar B, Rep. 1 70 0.938 3.984 0.976 
Jar B, Rep. 2 55 0.949 3.801 0.972 
Jar B, Rep. 3 50 0.953 3.728 0.971 
 
C. 
Sample S E H D’ 
Jar A, Rep. 1 38 0.962 3.499 0.966 
Jar A, Rep. 2 80 0.922 4.038 0.977 
Jar A, Rep. 3 70 0.933 3.963 0.977 
Jar B, Rep. 1 82 0.936 4.126 0.980 
Jar B, Rep. 2 67 0.929 3.908 0.975 
Jar B, Rep. 3 58 0.936 3.801 0.973 
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Table S7. Relative abundances of the most abundant taxa within the total 
Deltaproteobacteria population in field (i.e., T-0) sediment samples from Site 1 
(A) Jar A and (B) Jar B. Values were calculated based on the relative 
abundances of individual taxa and the relative abundance of total 
Deltaproteobacteria and represent averages from 3-4 replicates per jar.   
 
A. 
Deltaproteobacteria Taxa Average (%) 
Desulfarculaceae; g 14.51 ± 0.81 
Nitrospinaceae; g 10.67 ± 1.76 
Desulfonauticus 5.26 ± 0.66 
Sh765B-TzT-29 17.70 ± 2.12 
Syntrophaceae; g 6.43 ± 0.47 
Bacteriovoracaceae; g 3.97 ± 0.19 
Desulfobacteraceae; Other 2.92 ± 1.21 
Desulfobacteraceae; SEEP-SRB1 2.14 ± 0.87 
Desulfobacteraceae; Sva0081_sediment_group 3.28 ± 0.53 
Desulfobulbus 2.46 ± 0.08 
Sva0485; f; g 3.25 ± 0.69 
Desulfobacca 3.01 ± 0.34 
Syntrophobacteraceae; g 4.83 ± 1.09 
 
B. 
Deltaproteobacteria Taxa Average (%) 
Desulfarculaceae; g 3.61 ± 0.17 
Desulfobacteraceae; Sva0081_sediment_group 9.65 ± 0.75 
Desulfobacteraceae; g 2.82 ± 0.84 
Desulfobulbus 3.90 ± 0.67 
Desulfobulbaceae; MSBL7 1.84 ± 1.15 
Desulfonauticus 8.53 ± 1.57 
Desulfuromonadaceae; Other 4.09 ± 0.97 
Desulfuromonadales; Sva1033; g 2.75 ± 0.50 
GR-WP33-30; f; g 2.40 ± 0.78 
Nannocystineae; g 2.08 ± 1.02 
Sandaracinaceae 5.84 ± 1.08 










Table S8. Relative abundances of the most abundant taxa within the total 
Deltaproteobacteria population in field (i.e., T-0) sediment samples from Site 2 
(A) Jar A and (B) Jar B. Values were calculated based on the relative 
abundances of individual taxa and the relative abundance of total 
Deltaproteobacteria and represent averages from 3-4 replicates per jar. 
 
A. 
Deltaproteobacteria Taxa Average (%) 
Bdellovibrionaceae; OM27_clade 3.43 ± 0.58 
Desulfobacteraceae; Sva0081_sediment_group 5.29 ± 1.68 
Desulfonauticus 13.83 ± 1.40 
Desulfuromonadales; GR-WP33-58; g 3.16 ± 0.24 
GR-WP33-30; f; g 3.99 ± 0.62 
Myxococcales; 0319-6G20; g 2.50 ± 0.64 
Haliangium 3.74 ± 0.52 
Sandaracinaceae 11.30 ± 2.06 
SAR324_clade, Marine_group_B f; g 2.98 ± 0.58 
Sh765B-TzT-29 11.21 ± 0.66 
 
B. 
Deltaproteobacteria Taxa Average (%) 
Bdellovibrio 2.65 ± 0.53 
Desulfobacteraceae; Sva0081_sediment_group 4.69 ± 0.80 
Desulfonauticus 15.17 ± 0.36 
Desulfothermus 1.79 ± 0.71 
Desulfuromonadales; GR-WP33-58; g 3.46 ± 0.66 
GR-WP33-30; f; g 5.53 ± 1.48 
Haliangium 5.08 ± 1.62 
Sandaracinaceae 9.26 ± 1.77 
SAR324_clade, Marine_group_B; f; g 2.56 ± 1.33 















Table S9. Relative abundances of the most abundant taxa within the total 
Deltaproteobacteria population in field (i.e., T-0) sediment samples from Site 3 
(A) Jar A and (B) Jar B. Values were calculated based on the relative 
abundances of individual taxa and the relative abundance of total 
Deltaproteobacteria and represent averages from 3-4 replicates per jar. 
 
A. 
Deltaproteobacteria Taxa Average (%) 
43F-1404R; f; g 3.79 ± 1.31 
Desulfarculaceae; g 7.70 ± 1.49 
Desulfobacteraceae; Sva0081_sediment_group 9.20 ± 2.65 
Desulfobacteraceae; g 3.05 ± 0.20 
Desulfonauticus 4.54 ± 0.64 
Desulfuromonas 2.65 ± 1.30 
Geoalkalibacter 3.98 ± 0.88 
GR-WP33-30; f; g 6.08 ± 0.94 
Sh765B-TzT-29; f; g 9.59 ± 1.15 
Desulfobacca 8.42 ± 2.36 
Syntrophobacteraceae; g 5.52 ± 1.90 
Desulfobacteraceae;Other 2.79 ± 0.96 
Desulfobulbus 2.64 ± 0.65 
Nitrospinaceae; g 2.71 ± 0.23 
Nannocystineae; g 2.13 ± 0.27 
  
B. 
Deltaproteobacteria Taxa Average (%) 
43F-1404R; f; g 2.76 ± 1.35 
Desulfarculaceae; g 7.58 ± 0.95 
Desulfobacteraceae; Other 2.97 ± 0.21 
Desulfobacteraceae; SEEP-SRB1 2.45 ± 1.00 
Desulfobacteraceae; Sva0081_sediment_group 6.60 ± 1.81 
Desulfobulbus 4.20 ± 1.40 
Nitrospinaceae; g 4.57 ± 0.42 
Desulfonauticus 5.92 ± 2.17 
Geoalkalibacter 2.42 ± 1.49 
Geobacter 4.06 ± 2.85 
GR-WP33-30; f; g 4.29 ± 1.67 
Sh765B-TzT-29; f; g 8.08 ± 1.61 
Sva0485; f; g 3.26 ± 1.65 
Desulfobacca 8.38 ± 2.44 





Table S10. Change in relative abundances of total Deltaproteobacteria from 
samples collected in the field (i.e., T-0) compared to SRA samples from (A) Jar 
A and (B) Jar B. Values represent averages of 3-4 replicates per site. 
Significant p values are denoted in red. N.A. indicates repeat SRAs that were 










































































































































































































































































































































































































































































































 T-0, Jar B Anthracene Mix 








p values  0.69 3.01E-04 








p values  0.32 1.31E-03 












Table S11. Average relative abundances of deltaproteobacterial taxa 
sequenced from field (i.e., T-0) sediment and SRA samples from (A) Site 1, (B) 
Site 2, and (C) Site 3. Data obtained through analysis of 16S rRNA gene 
sequences analyzed via QIIME (Version 1.9.0) (Caporaso et al., 2010a). Values 






























Other 0.01 0.01 0.03 0.01 0.01 0.01 0.00 0.01 
10bav-F6; f; g 0.00 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
43F-1404R; f; g 0.09 0.05 0.10 0.04 0.08 0.02 0.03 0.02 
Bdellovibrionales; Bacteriovoracaceae;Other 0.00 0.00 0.00 0.00 0.00 0.01 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Bacteriovorax 
0.00 0.00 0.00 0.00 0.00 0.01 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Deferrisoma 
0.00 0.01 0.00 0.00 0.01 0.00 0.01 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Peredibacter 
0.01 0.00 0.00 0.01 0.00 0.01 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; g 0.29 0.24 0.24 0.24 0.13 0.02 0.00 0.02 
Bdellovibrionales; Bdellovibrionaceae; 
Bdellovibrio 
0.02 0.02 0.04 0.01 0.05 0.09 0.04 0.03 
Bdellovibrionales; Bdellovibrionaceae; 
OM27_clade 
0.01 0.01 0.01 0.03 0.01 0.08 0.03 0.04 
DTB120; f; g 0.01 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfarculales; Desulfarculaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfarculales; Desulfarculaceae; Desulfarculus 0.01 0.00 0.03 0.01 0.01 0.01 0.00 0.00 
Desulfarculales; Desulfarculaceae; g 1.06 1.07 0.95 0.79 0.72 0.16 0.10 0.20 
Desulfobacterales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae;Other 0.21 0.04 0.08 0.06 0.11 0.09 0.07 0.07 
Desulfobacterales; Desulfobacteraceae; 
Desulfatibacillum 
0.00 0.00 0.00 0.00 0.01 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfatiferula 
0.00 0.00 0.00 0.00 0.00 0.00 0.01 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfatirhabdium 
0.00 0.01 0.00 0.01 0.00 0.00 0.00 0.01 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacter 
0.00 0.08 0.01 0.03 0.00 0.03 0.03 0.01 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacterium 
0.00 0.00 0.01 0.00 0.01 0.00 0.03 0.04 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacula 
0.00 0.02 0.02 0.05 0.05 0.02 0.12 0.13 
Desulfobacterales; Desulfobacteraceae; 
Desulfocella 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobotulus 
0.00 0.00 0.01 0.01 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfococcus 
0.04 0.02 0.06 0.01 0.02 0.03 0.04 0.03 
Desulfobacterales; Desulfobacteraceae; 
Desulfofaba 
0.01 0.03 0.01 0.02 0.01 0.01 0.01 0.01 
Desulfobacterales; Desulfobacteraceae; 
Desulfofrigus 
0.00 0.00 0.00 0.01 0.00 0.00 0.02 0.02 
Desulfobacterales; Desulfobacteraceae; 
Desulfosalsimonas 
0.00 0.00 0.01 0.01 0.01 0.01 0.02 0.11 
Desulfobacterales; Desulfobacteraceae; 
Desulfosarcina 
0.01 0.02 0.06 0.05 0.03 0.10 0.11 0.15 
Desulfobacterales; Desulfobacteraceae; 
Desulfospira 
0.00 0.00 0.00 0.03 0.00 0.02 0.04 0.01 
Desulfobacterales; Desulfobacteraceae; 
Desulfotignum 
0.01 0.00 0.01 0.01 0.01 0.11 0.02 0.01 
Desulfobacterales; Desulfobacteraceae; SEEP-
SRB1 





0.24 0.33 0.44 0.30 0.21 0.43 0.46 0.58 
Desulfobacterales; Desulfobacteraceae; g 0.06 0.11 0.13 0.12 0.05 0.12 0.12 0.16 
Desulfobacterales; Desulfobulbaceae;Other 0.01 0.01 0.11 0.08 0.04 0.04 0.13 0.18 
Desulfobacterales; Desulfobulbaceae; 
Desulfobulbus 
0.18 0.18 0.21 0.21 0.11 0.17 0.20 0.25 
Desulfobacterales; Desulfobulbaceae; 
Desulfocapsa 
0.00 0.01 0.01 0.03 0.01 0.00 0.05 0.02 
Desulfobacterales; Desulfobulbaceae; Desulfopila 0.00 0.02 0.07 0.12 0.04 0.08 0.13 0.20 
Desulfobacterales; Desulfobulbaceae; 
Desulforhopalus 
0.00 0.00 0.00 0.01 0.01 0.00 0.02 0.07 
Desulfobacterales; Desulfobulbaceae; 
Desulfotalea 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; 
Desulfurivibrio 
0.01 0.01 0.01 0.02 0.01 0.03 0.08 0.02 
Desulfobacterales; Desulfobulbaceae; MSBL7 0.01 0.02 0.05 0.05 0.02 0.08 0.05 0.05 
Desulfobacterales; Desulfobulbaceae; SEEP-
SRB2 
0.03 0.08 0.09 0.06 0.03 0.01 0.01 0.02 
Desulfobacterales; Desulfobulbaceae; SEEP-
SRB4 
0.00 0.00 0.00 0.00 0.00 0.01 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; g 0.02 0.02 0.09 0.13 0.06 0.09 0.32 0.31 
Desulfobacterales; Nitrospinaceae; 
Candidatus_Entotheonella 
0.02 0.02 0.01 0.00 0.00 0.04 0.03 0.03 
Desulfobacterales; Nitrospinaceae; Nitrospina 0.00 0.00 0.00 0.00 0.00 0.01 0.00 0.00 
Desulfobacterales; Nitrospinaceae; g 0.77 0.82 0.76 0.71 1.26 0.08 0.17 0.21 
Desulfovibrionales; Desulfohalobiaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfonauticus 
0.38 0.00 0.00 0.00 0.00 0.38 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfothermus 
0.04 0.00 0.00 0.00 0.00 0.03 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfovermiculus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfomicrobiaceae; 
Desulfomicrobium 
0.00 0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae;Other 0.00 0.00 0.00 0.00 0.02 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae; 
Desulfovibrio 
0.01 0.01 0.01 0.02 0.01 0.01 0.01 0.02 
Desulfurellales; Desulfurellaceae; g 0.01 0.01 0.02 0.01 0.01 0.01 0.00 0.02 
Desulfuromonadales;Other;Other 0.04 0.09 0.13 0.06 0.04 0.03 0.04 0.02 
Desulfuromonadales; 21f08; g 0.00 0.01 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; AKYG597; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; BVA18; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; 
Desulfuromonadaceae;Other 
0.01 0.02 0.02 0.01 0.01 0.18 0.01 0.01 
Desulfuromonadales; Desulfuromonadaceae; 
Desulfuromonas 
0.14 0.02 0.05 0.05 0.05 0.05 0.04 0.02 
Desulfuromonadales; Desulfuromonadaceae; 
Desulfuromusa 
0.00 0.01 0.10 0.11 0.09 0.02 0.25 0.24 
Desulfuromonadales; Desulfuromonadaceae; 
Pelobacter 
0.02 0.13 0.15 0.18 0.14 0.04 0.06 0.19 
Desulfuromonadales; GR-WP33-58; g 0.02 0.00 0.00 0.01 0.00 0.07 0.03 0.04 
Desulfuromonadales; Geobacteraceae;Other 0.00 0.00 0.01 0.01 0.00 0.01 0.03 0.01 
Desulfuromonadales; Geobacteraceae; 
Geoalkalibacter 
0.04 0.04 0.03 0.02 0.01 0.01 0.01 0.03 
Desulfuromonadales; Geobacteraceae; 
Geobacter 
0.04 0.02 0.03 0.01 0.03 0.02 0.01 0.02 
Desulfuromonadales; Geobacteraceae; 
Geopsychrobacter 
0.00 0.00 0.00 0.00 0.00 0.01 0.00 0.00 
Desulfuromonadales; Geobacteraceae; 
Geothermobacter 
0.00 0.01 0.03 0.02 0.00 0.03 0.02 0.05 
Desulfuromonadales; M113; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; Sva1033; g 0.00 0.02 0.08 0.05 0.02 0.12 0.17 0.18 
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FW113; f; g 0.01 0.00 0.02 0.02 0.04 0.01 0.00 0.01 
GR-WP33-30; f; g 0.09 0.03 0.07 0.06 0.05 0.11 0.06 0.09 
Myxococcales;Other;Other 0.01 0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Myxococcales; 0319-6G20; g 0.03 0.01 0.01 0.01 0.00 0.04 0.05 0.06 
Myxococcales; Cystobacteraceae; 
Anaeromyxobacter 
0.00 0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Myxococcales; Cystobacterineae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Cystobacterineae; g 0.04 0.01 0.02 0.04 0.01 0.04 0.05 0.04 
Myxococcales; FFCH16767; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Haliangiaceae; Haliangium 0.08 0.03 0.06 0.06 0.03 0.03 0.05 0.05 
Myxococcales; MSB-4B10; g 0.00 0.01 0.02 0.01 0.00 0.00 0.00 0.00 
Myxococcales; Nannocystaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.01 
Myxococcales; Nannocystaceae; Enhygromyxa 0.01 0.01 0.01 0.03 0.01 0.00 0.00 0.01 
Myxococcales; Nannocystaceae; Nannocystis 0.00 0.01 0.00 0.00 0.00 0.01 0.01 0.01 
Myxococcales; Nannocystaceae; g 0.00 0.00 0.00 0.01 0.00 0.01 0.00 0.02 
Myxococcales; Nannocystineae; Nannocystaceae 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Nannocystineae; g 0.06 0.10 0.03 0.05 0.02 0.09 0.04 0.04 
Myxococcales; Phaselicystidaceae; Phaselicystis 0.00 0.00 0.01 0.00 0.00 0.01 0.00 0.01 
Myxococcales; Polyangiaceae;Other 0.01 0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae; Byssovorax 0.01 0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae; Chondromyces 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae; Sorangium 0.01 0.01 0.02 0.01 0.01 0.00 0.00 0.01 
Myxococcales; Sandaracinaceae; Sandaracinus 0.00 0.01 0.01 0.02 0.00 0.01 0.00 0.00 
Myxococcales; Sorangiineae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Sorangiineae; Sandaracinaceae 0.07 0.10 0.10 0.13 0.06 0.26 0.19 0.18 
Myxococcales; Sorangiineae; g 0.04 0.03 0.02 0.03 0.01 0.02 0.01 0.02 
Myxococcales; VHS-B3-70; g 0.04 0.02 0.04 0.04 0.00 0.00 0.00 0.00 
 Myxococcales; mle1-27; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Order_Incertae_Sedis; Syntrophorhabdaceae; 
Syntrophorhabdus 
0.00 0.00 0.00 0.00 0.01 0.00 0.00 0.00 
SAR324_clade(Marine_group_B); f; g 0.11 0.04 0.05 0.00 0.03 0.10 0.01 0.02 
Sh765B-TzT-29; f; g 1.29 1.77 1.44 1.19 1.97 0.30 0.33 0.37 
Sva0485; f; g 0.24 0.23 0.30 0.17 0.09 0.06 0.02 0.08 
Syntrophobacterales; Syntrophaceae;Other 0.01 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; 
Desulfobacca 
0.22 0.18 0.13 0.17 0.18 0.04 0.01 0.07 
Syntrophobacterales; Syntrophaceae; 
Desulfomonile 
0.02 0.02 0.04 0.02 0.02 0.01 0.02 0.01 
Syntrophobacterales; Syntrophaceae; Smithella 0.00 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; Syntrophus 0.02 0.01 0.01 0.04 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; g 0.47 0.40 0.27 0.23 0.21 0.03 0.03 0.03 
Syntrophobacterales; 
Syntrophobacteraceae;Other 
0.00 0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophobacteraceae; 
Desulforhabdus 
0.00 0.04 0.01 0.03 0.00 0.01 0.01 0.02 
Syntrophobacterales; Syntrophobacteraceae; 
Syntrophobacter 
0.01 0.00 0.00 0.00 0.01 0.00 0.01 0.01 





0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfonema 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae; 
Desulfocurvus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; 008E09-B-D-P15; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophobacteraceae; 
Desulfacinum 

































































Other 0.01 0.00 0.00 0.01 0.00 0.00 0.00 
10bav-F6; f; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
43F-1404R; f; g 0.02 0.01 0.02 0.01 0.02 0.00 0.01 
Bdellovibrionales; Bacteriovoracaceae;Other 0.01 0.01 0.00 0.00 0.01 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Bacteriovorax 
0.01 0.00 0.00 0.00 0.01 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Deferrisoma 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Peredibacter 
0.02 0.01 0.00 0.00 0.02 0.00 0.01 
Bdellovibrionales; Bacteriovoracaceae; g 0.03 0.04 0.01 0.01 0.03 0.00 0.01 
Bdellovibrionales; Bdellovibrionaceae; 
Bdellovibrio 
0.09 0.05 0.03 0.02 0.06 0.02 0.01 
Bdellovibrionales; Bdellovibrionaceae; 
OM27_clade 
0.09 0.07 0.01 0.03 0.06 0.00 0.00 
DTB120; f; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfarculales; Desulfarculaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfarculales; Desulfarculaceae; Desulfarculus 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfarculales; Desulfarculaceae; g 0.06 0.01 0.06 0.03 0.05 0.03 0.03 
Desulfobacterales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae;Other 0.03 0.03 0.05 0.01 0.02 0.00 0.03 
Desulfobacterales; Desulfobacteraceae; 
Desulfatibacillum 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfatiferula 
0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfatirhabdium 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacter 
0.00 0.00 0.00 0.00 0.00 0.01 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacterium 
0.00 0.00 0.01 0.00 0.00 0.08 0.18 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacula 
0.00 0.01 0.07 0.01 0.00 0.17 1.08 
Desulfobacterales; Desulfobacteraceae; 
Desulfocella 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobotulus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfococcus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfofaba 
0.00 0.01 0.20 0.01 0.00 0.38 1.24 
Desulfobacterales; Desulfobacteraceae; 
Desulfofrigus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfosalsimonas 
0.00 0.01 0.00 0.00 0.00 0.01 0.04 
Desulfobacterales; Desulfobacteraceae; 
Desulfosarcina 
0.03 0.01 0.03 0.04 0.02 0.05 0.06 
Desulfobacterales; Desulfobacteraceae; 
Desulfospira 
0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfotignum 
0.01 0.00 0.00 0.00 0.01 0.02 0.00 
Desulfobacterales; Desulfobacteraceae; SEEP-
SRB1 
0.01 0.01 0.01 0.00 0.01 0.02 0.03 
Desulfobacterales; Desulfobacteraceae; 
Sva0081_sediment_group 
0.14 0.11 0.07 0.10 0.11 0.06 0.15 
Desulfobacterales; Desulfobacteraceae; g 0.03 0.02 0.09 0.01 0.03 0.04 0.13 
Desulfobacterales; Desulfobulbaceae;Other 0.00 0.03 0.02 0.00 0.00 0.03 0.08 
Desulfobacterales; Desulfobulbaceae; 
Desulfobulbus 
0.03 0.04 0.03 0.01 0.02 0.02 0.02 
Desulfobacterales; Desulfobulbaceae; 
Desulfocapsa 
0.00 0.00 0.00 0.00 0.00 0.01 0.04 
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Desulfobacterales; Desulfobulbaceae; Desulfopila 0.02 0.05 0.16 0.09 0.01 0.42 1.22 
Desulfobacterales; Desulfobulbaceae; 
Desulforhopalus 
0.00 0.00 0.00 0.00 0.00 0.01 0.01 
Desulfobacterales; Desulfobulbaceae; 
Desulfotalea 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; 
Desulfurivibrio 
0.01 0.00 0.00 0.00 0.01 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; MSBL7 0.00 0.00 0.00 0.01 0.00 0.00 0.01 
Desulfobacterales; Desulfobulbaceae; SEEP-
SRB2 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; SEEP-
SRB4 
0.01 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; g 0.05 0.02 0.07 0.03 0.02 0.18 0.16 
Desulfobacterales; Nitrospinaceae; 
Candidatus_Entotheonella 
0.03 0.03 0.01 0.00 0.05 0.00 0.01 
Desulfobacterales; Nitrospinaceae; Nitrospina 0.01 0.02 0.00 0.01 0.01 0.02 0.00 
Desulfobacterales; Nitrospinaceae; g 0.04 0.01 0.02 0.01 0.03 0.02 0.02 
Desulfovibrionales; Desulfohalobiaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfonauticus 
0.35 0.00 0.01 0.00 0.37 0.02 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfothermus 
0.05 0.00 0.00 0.00 0.04 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfovermiculus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfomicrobiaceae; 
Desulfomicrobium 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae; 
Desulfovibrio 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfurellales; Desulfurellaceae; g 0.00 0.01 0.02 0.01 0.01 0.01 0.00 
Desulfuromonadales;Other;Other 0.01 0.00 0.01 0.00 0.01 0.00 0.00 
Desulfuromonadales; 21f08; g 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; AKYG597; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; BVA18; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; 
Desulfuromonadaceae;Other 
0.01 0.00 0.00 0.00 0.01 0.00 0.00 
Desulfuromonadales; Desulfuromonadaceae; 
Desulfuromonas 
0.02 0.01 0.00 0.00 0.01 0.01 0.00 
Desulfuromonadales; Desulfuromonadaceae; 
Desulfuromusa 
0.00 0.01 0.02 0.01 0.00 0.06 0.11 
Desulfuromonadales; Desulfuromonadaceae; 
Pelobacter 
0.01 0.02 0.01 0.01 0.01 0.01 0.01 
Desulfuromonadales; GR-WP33-58; g 0.08 0.10 0.01 0.04 0.08 0.00 0.00 
Desulfuromonadales; Geobacteraceae;Other 0.00 0.01 0.02 0.01 0.00 0.01 0.01 
Desulfuromonadales; Geobacteraceae; 
Geoalkalibacter 
0.01 0.00 0.00 0.00 0.01 0.00 0.00 
Desulfuromonadales; Geobacteraceae; 
Geobacter 
0.01 0.01 0.00 0.00 0.01 0.00 0.00 
Desulfuromonadales; Geobacteraceae; 
Geopsychrobacter 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; Geobacteraceae; 
Geothermobacter 
0.00 0.00 0.02 0.00 0.00 0.00 0.00 
Desulfuromonadales; M113; g 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; Sva1033; g 0.00 0.00 0.01 0.00 0.00 0.01 0.00 
FW113; f; g 0.00 0.00 0.00 0.01 0.00 0.00 0.00 
GR-WP33-30; f; g 0.10 0.14 0.10 0.11 0.13 0.11 0.10 
Myxococcales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; 0319-6G20; g 0.06 0.08 0.06 0.01 0.04 0.01 0.00 
Myxococcales; Cystobacteraceae; 
Anaeromyxobacter 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
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Myxococcales; Cystobacterineae;Other 0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Myxococcales; Cystobacterineae; g 0.04 0.04 0.03 0.03 0.04 0.01 0.03 
Myxococcales; FFCH16767; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Haliangiaceae; Haliangium 0.10 0.16 0.10 0.11 0.12 0.09 0.08 
Myxococcales; MSB-4B10; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Nannocystaceae;Other 0.00 0.00 0.00 0.00 0.01 0.00 0.00 
Myxococcales; Nannocystaceae; Enhygromyxa 0.00 0.00 0.00 0.01 0.01 0.00 0.00 
Myxococcales; Nannocystaceae; Nannocystis 0.02 0.01 0.00 0.00 0.02 0.00 0.00 
Myxococcales; Nannocystaceae; g 0.02 0.02 0.03 0.02 0.01 0.00 0.00 
Myxococcales; Nannocystineae; Nannocystaceae 0.01 0.00 0.00 0.01 0.00 0.00 0.00 
Myxococcales; Nannocystineae; g 0.05 0.04 0.03 0.00 0.03 0.02 0.03 
Myxococcales; Phaselicystidaceae; Phaselicystis 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae; Byssovorax 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae; Chondromyces 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae; Sorangium 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Sandaracinaceae; Sandaracinus 0.00 0.02 0.01 0.02 0.01 0.01 0.03 
Myxococcales; Sorangiineae;Other 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Sorangiineae; Sandaracinaceae 0.28 0.28 0.16 0.08 0.23 0.18 0.29 
Myxococcales; Sorangiineae; g 0.04 0.02 0.00 0.03 0.02 0.00 0.02 
Myxococcales; VHS-B3-70; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
 Myxococcales; mle1-27; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Order_Incertae_Sedis; Syntrophorhabdaceae; 
Syntrophorhabdus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
SAR324_clade(Marine_group_B); f; g 0.07 0.00 0.00 0.01 0.06 0.00 0.01 
Sh765B-TzT-29; f; g 0.28 0.48 0.46 0.26 0.34 0.47 0.37 
Sva0485; f; g 0.02 0.02 0.01 0.01 0.01 0.01 0.00 
Syntrophobacterales; Syntrophaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; 
Desulfobacca 
0.03 0.00 0.00 0.02 0.03 0.01 0.04 
Syntrophobacterales; Syntrophaceae; 
Desulfomonile 
0.00 0.01 0.00 0.01 0.00 0.01 0.02 
Syntrophobacterales; Syntrophaceae; Smithella 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; Syntrophus 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; g 0.01 0.00 0.01 0.01 0.02 0.02 0.03 
Syntrophobacterales; 
Syntrophobacteraceae;Other 
0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophobacteraceae; 
Desulforhabdus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophobacteraceae; 
Syntrophobacter 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophobacteraceae; g 0.03 0.01 0.01 0.00 0.04 0.00 0.01 
Desulfobacterales; Desulfobacteraceae; 
Desulfofrigus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfonema 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae; 
Desulfocurvus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; 008E09-B-D-P15; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
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Syntrophobacterales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophobacteraceae; 
Desulfacinum 






































































Other 0.01 0.04 0.04 0.03 0.01 0.03 0.03 
10bav-F6; f; g 0.02 0.01 0.00 0.01 0.01 0.00 0.01 
43F-1404R; f; g 0.47 0.56 0.25 0.20 0.25 0.29 0.55 
Bdellovibrionales; Bacteriovoracaceae;Other 0.00 0.00 0.00 0.00 0.01 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Bacteriovorax 
0.01 0.00 0.00 0.00 0.00 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; 
Deferrisoma 
0.00 0.01 0.02 0.00 0.00 0.01 0.01 
Bdellovibrionales; Bacteriovoracaceae; 
Peredibacter 
0.01 0.00 0.00 0.00 0.01 0.00 0.00 
Bdellovibrionales; Bacteriovoracaceae; g 0.05 0.02 0.02 0.01 0.03 0.01 0.02 
Bdellovibrionales; Bdellovibrionaceae; 
Bdellovibrio 
0.00 0.02 0.00 0.02 0.02 0.04 0.02 
Bdellovibrionales; Bdellovibrionaceae; 
OM27_clade 
0.05 0.01 0.04 0.01 0.04 0.00 0.01 
DTB120; f; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfarculales; Desulfarculaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfarculales; Desulfarculaceae; Desulfarculus 0.10 0.01 0.03 0.02 0.00 0.01 0.01 
Desulfarculales; Desulfarculaceae; g 0.94 0.88 0.73 0.62 0.62 0.98 1.10 
Desulfobacterales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae;Other 0.34 0.10 0.06 0.02 0.23 0.06 0.08 
Desulfobacterales; Desulfobacteraceae; 
Desulfatibacillum 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfatiferula 
0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfatirhabdium 
0.00 0.00 0.01 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacter 
0.00 0.00 0.00 0.00 0.00 0.01 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacterium 
0.00 0.00 0.01 0.01 0.00 0.01 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobacula 
0.00 0.01 0.01 0.01 0.00 0.05 0.03 
Desulfobacterales; Desulfobacteraceae; 
Desulfocella 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfobotulus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfococcus 
0.00 0.00 0.00 0.01 0.01 0.00 0.01 
Desulfobacterales; Desulfobacteraceae; 
Desulfofaba 
0.07 0.10 0.05 0.08 0.04 0.14 0.11 
Desulfobacterales; Desulfobacteraceae; 
Desulfofrigus 
0.00 0.01 0.00 0.01 0.00 0.01 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfosalsimonas 
0.05 0.03 0.02 0.04 0.01 0.05 0.05 
Desulfobacterales; Desulfobacteraceae; 
Desulfosarcina 
0.05 0.03 0.04 0.01 0.01 0.04 0.05 
Desulfobacterales; Desulfobacteraceae; 
Desulfospira 
0.00 0.01 0.00 0.00 0.00 0.01 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfotignum 
0.00 0.00 0.01 0.01 0.01 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; SEEP-
SRB1 
0.21 0.54 0.57 0.55 0.17 0.78 0.61 
Desulfobacterales; Desulfobacteraceae; 
Sva0081_sediment_group 
1.11 1.65 1.17 1.14 0.47 1.68 1.52 
Desulfobacterales; Desulfobacteraceae; g 0.38 0.25 0.25 0.19 0.15 0.26 0.25 
Desulfobacterales; Desulfobulbaceae;Other 0.02 0.02 0.06 0.03 0.01 0.04 0.06 
Desulfobacterales; Desulfobulbaceae; 
Desulfobulbus 
0.33 0.47 0.51 0.29 0.29 0.53 0.58 
Desulfobacterales; Desulfobulbaceae; 
Desulfocapsa 
0.01 0.00 0.03 0.01 0.00 0.03 0.02 
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Desulfobacterales; Desulfobulbaceae; Desulfopila 0.01 0.03 0.03 0.01 0.01 0.06 0.02 
Desulfobacterales; Desulfobulbaceae; 
Desulforhopalus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; 
Desulfotalea 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; 
Desulfurivibrio 
0.17 0.03 0.04 0.03 0.08 0.01 0.02 
Desulfobacterales; Desulfobulbaceae; MSBL7 0.01 0.04 0.06 0.02 0.00 0.06 0.06 
Desulfobacterales; Desulfobulbaceae; SEEP-
SRB2 
0.00 0.01 0.00 0.02 0.01 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; SEEP-
SRB4 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobulbaceae; g 0.01 0.03 0.04 0.03 0.03 0.05 0.07 
Desulfobacterales; Nitrospinaceae; 
Candidatus_Entotheonella 
0.09 0.05 0.05 0.03 0.07 0.03 0.06 
Desulfobacterales; Nitrospinaceae; Nitrospina 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Nitrospinaceae; g 0.33 0.37 0.51 0.65 0.35 0.75 0.58 
Desulfovibrionales; Desulfohalobiaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfonauticus 
0.55 0.00 0.00 0.00 0.41 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfothermus 
0.03 0.00 0.00 0.00 0.06 0.00 0.00 
Desulfovibrionales; Desulfohalobiaceae; 
Desulfovermiculus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfomicrobiaceae; 
Desulfomicrobium 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae; 
Desulfovibrio 
0.05 0.07 0.10 0.03 0.04 0.05 0.04 
Desulfurellales; Desulfurellaceae; g 0.03 0.08 0.03 0.02 0.03 0.02 0.03 
Desulfuromonadales;Other;Other 0.07 0.19 0.14 0.09 0.02 0.14 0.11 
Desulfuromonadales; 21f08; g 0.00 0.02 0.01 0.01 0.00 0.04 0.02 
Desulfuromonadales; AKYG597; g 0.04 0.01 0.00 0.02 0.01 0.01 0.02 
Desulfuromonadales; BVA18; g 0.01 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; 
Desulfuromonadaceae;Other 
0.05 0.02 0.02 0.00 0.02 0.00 0.01 
Desulfuromonadales; Desulfuromonadaceae; 
Desulfuromonas 
0.33 0.21 0.08 0.08 0.07 0.06 0.09 
Desulfuromonadales; Desulfuromonadaceae; 
Desulfuromusa 
0.01 0.01 0.02 0.02 0.00 0.01 0.03 
Desulfuromonadales; Desulfuromonadaceae; 
Pelobacter 
0.09 0.13 0.08 0.04 0.02 0.09 0.10 
Desulfuromonadales; GR-WP33-58; g 0.02 0.01 0.01 0.00 0.05 0.01 0.01 
Desulfuromonadales; Geobacteraceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; Geobacteraceae; 
Geoalkalibacter 
0.49 0.39 0.22 0.26 0.22 0.22 0.33 
Desulfuromonadales; Geobacteraceae; 
Geobacter 
0.14 0.13 0.28 0.08 0.38 0.22 0.18 
Desulfuromonadales; Geobacteraceae; 
Geopsychrobacter 
0.01 0.00 0.00 0.00 0.02 0.00 0.00 
Desulfuromonadales; Geobacteraceae; 
Geothermobacter 
0.01 0.02 0.02 0.03 0.01 0.01 0.02 
Desulfuromonadales; M113; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; Sva1033; g 0.01 0.00 0.01 0.01 0.03 0.03 0.04 
FW113; f; g 0.03 0.03 0.01 0.01 0.03 0.04 0.03 
GR-WP33-30; f; g 0.74 0.90 0.48 0.45 0.38 0.44 0.54 
Myxococcales;Other;Other 0.01 0.00 0.01 0.00 0.01 0.00 0.00 
Myxococcales; 0319-6G20; g 0.03 0.01 0.03 0.02 0.04 0.02 0.01 
Myxococcales; Cystobacteraceae; 
Anaeromyxobacter 
0.01 0.00 0.00 0.00 0.00 0.01 0.00 
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Myxococcales; Cystobacterineae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Cystobacterineae; g 0.09 0.08 0.10 0.04 0.06 0.10 0.06 
Myxococcales; FFCH16767; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Haliangiaceae; Haliangium 0.12 0.12 0.11 0.07 0.07 0.08 0.08 
Myxococcales; MSB-4B10; g 0.01 0.01 0.03 0.00 0.00 0.01 0.00 
Myxococcales; Nannocystaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.01 
Myxococcales; Nannocystaceae; Enhygromyxa 0.03 0.01 0.02 0.01 0.01 0.00 0.02 
Myxococcales; Nannocystaceae; Nannocystis 0.00 0.01 0.01 0.01 0.01 0.01 0.01 
Myxococcales; Nannocystaceae; g 0.00 0.01 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Nannocystineae; Nannocystaceae 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Nannocystineae; g 0.26 0.10 0.08 0.08 0.12 0.09 0.14 
Myxococcales; Phaselicystidaceae; Phaselicystis 0.02 0.02 0.01 0.00 0.00 0.01 0.01 
Myxococcales; Polyangiaceae;Other 0.00 0.03 0.02 0.01 0.01 0.04 0.02 
Myxococcales; Polyangiaceae; Byssovorax 0.02 0.01 0.02 0.03 0.02 0.01 0.01 
Myxococcales; Polyangiaceae; Chondromyces 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Polyangiaceae; Sorangium 0.01 0.04 0.04 0.02 0.03 0.01 0.04 
Myxococcales; Sandaracinaceae; Sandaracinus 0.04 0.01 0.01 0.00 0.00 0.00 0.01 
Myxococcales; Sorangiineae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Myxococcales; Sorangiineae; Sandaracinaceae 0.13 0.19 0.15 0.08 0.14 0.10 0.12 
Myxococcales; Sorangiineae; g 0.13 0.15 0.08 0.03 0.08 0.06 0.11 
Myxococcales; VHS-B3-70; g 0.04 0.03 0.03 0.00 0.04 0.01 0.03 
 Myxococcales; mle1-27; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Order_Incertae_Sedis; Syntrophorhabdaceae; 
Syntrophorhabdus 
0.01 0.02 0.01 0.01 0.02 0.03 0.06 
SAR324_clade(Marine_group_B); f; g 0.23 0.00 0.01 0.00 0.12 0.01 0.01 
Sh765B-TzT-29; f; g 1.18 1.54 1.19 1.06 0.67 1.10 1.03 
Sva0485; f; g 0.28 0.25 0.37 0.25 0.26 0.33 0.42 
Syntrophobacterales; Syntrophaceae;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; 
Desulfobacca 
1.03 1.57 0.96 0.77 0.72 1.06 0.99 
Syntrophobacterales; Syntrophaceae; 
Desulfomonile 
0.08 0.17 0.06 0.05 0.05 0.19 0.16 
Syntrophobacterales; Syntrophaceae; Smithella 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophaceae; Syntrophus 0.01 0.00 0.00 0.01 0.00 0.01 0.01 
Syntrophobacterales; Syntrophaceae; g 0.16 0.12 0.12 0.13 0.10 0.15 0.21 
Syntrophobacterales; 
Syntrophobacteraceae;Other 
0.00 0.00 0.00 0.00 0.00 0.01 0.00 
Syntrophobacterales; Syntrophobacteraceae; 
Desulforhabdus 
0.00 0.03 0.00 0.00 0.00 0.02 0.03 
Syntrophobacterales; Syntrophobacteraceae; 
Syntrophobacter 
0.06 0.02 0.01 0.03 0.02 0.02 0.07 
Syntrophobacterales; Syntrophobacteraceae; g 0.67 0.64 0.46 0.49 0.49 0.52 0.84 
Desulfobacterales; Desulfobacteraceae; 
Desulfofrigus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfobacterales; Desulfobacteraceae; 
Desulfonema 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfovibrionales; Desulfovibrionaceae; 
Desulfocurvus 
0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Desulfuromonadales; 008E09-B-D-P15; g 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
212 
 
Syntrophobacterales;Other;Other 0.00 0.00 0.00 0.00 0.00 0.00 0.00 
Syntrophobacterales; Syntrophobacteraceae; 
Desulfacinum 




Table S12. Sulfate reduction rates measured in Site 1 SRAs using a 35S-
radiotracer for (A) Macondo crude (source) oil, (B) pyrene, (C) anthracene, and 
(D) anthracene and phenanthrene mix for irradiated versus non-irradiated (dark) 
aqueous extracts. Incubations included: baseline, containing sediment and 
seawater, a positive control containing sediment, seawater, and lactate (2 mM), 
and a sterile sediment and seawater control. Each compound (irradiated or 
dark) was tested at varying concentrations and compared to endogenous rates 
(i.e., baseline). Additional amendments were tested after initial incubations were 
set-up in some instances. In these cases, endogenous controls were re-
established each time a SRA was repeated. Values represent averages of 
triplicate incubations and are reported as a percent increase or decrease from 





Average    
(µmol S/mL/day) 




baseline % Baseline 
Baseline 0.5934 0.1896 n/a 100.00 
Lactate 2.8605 0.1150 1.33E-04 482.06 
Sterile 0.0069 0.0032 0.04 1.16 
1% Irradiated 0.4954 0.1381 0.59 83.49 
1% Dark 1.1342 0.4745 0.21 191.13 
2% Irradiated 0.7025 0.4300 0.76 118.38 
2% Dark 0.4980 0.2866 0.71 83.92 
5% Irradiated 1.8212 0.5337 0.04 306.91 
5% Dark 0.6632 0.4003 0.83 111.76 
Baseline 0.2462 0.0363 n/a 100.00 
0.1% Irradiated 0.1669 0.0172 0.05 67.81 
0.1% Dark 0.3202 0.0216 0.07 130.07 
10% Irradiated 0.2104 0.0372 0.39 85.46 
10% Dark 0.2163 0.0472 0.52 87.89 
Baseline 0.1258 0.0303 n/a 100.00 
50% Irradiated 0.1567 0.0297 0.36 124.57 
50% Dark 0.1127 0.0169 0.62 89.58 
100% Irradiated 0.1350 0.0165 0.73 107.29 













Average    
(µmol S/mL/day) 




baseline % Baseline 
Baseline 0.1674 0.0784 n/a 100.00 
Lactate 1.7234 0.4496 0.01 1029.61 
Sterile 0.0108 0.0012 0.05 6.45 
0.1% Irradiated 0.1658 0.0409 0.98 99.08 
0.1% Dark 0.2497 0.0766 0.35 149.19 
1% Irradiated 0.2391 0.0580 0.36 142.87 
1% Dark 0.1844 0.0555 0.81 110.20 
2% Irradiated 0.2432 0.0057 0.24 145.31 
2% Dark 0.2037 0.1180 0.73 121.72 
5% Irradiated 0.2765 0.0909 0.27 165.18 
5% Dark 0.1805 0.0497 0.85 107.81 
10% Irradiated 0.1530 0.0063 0.85 91.40 
10% Dark 0.1268 0.0826 0.64 75.73 
Baseline 0.1878 0.0288 n/a 100.00 
50% Irradiated 0.1069 0.0389 0.08 56.89 





Average    
(µmol S/mL/day) 




baseline % Baseline 
Baseline 0.1053 0.0339 n/a 100.00 
Lactate 0.7692 0.3710 0.07 730.54 
Sterile 0.0082 0.0005 0.02 7.75 
0.1% Irradiated 0.1097 0.0110 0.87 104.16 
0.1% Dark 0.1872 0.1212 0.41 177.82 
1% Irradiated 0.1106 0.0220 0.86 105.03 
1% Dark 0.1091 0.0187 0.90 103.59 
2% Irradiated 0.1414 0.0497 0.44 134.26 
2% Dark 0.0901 0.0125 0.58 85.60 
5% Irradiated 0.0998 0.0328 0.88 94.77 
5% Dark 0.0939 0.0145 0.68 89.19 
10% Irradiated 0.1595 0.0278 0.16 151.48 
10% Dark 0.1901 0.0146 0.03 180.54 
50% Irradiated 0.0822 0.0095 0.41 78.11 






Anthracene & Phenanthrene Mix 
 
Average    
(µmol S/mL/day) 




baseline % Baseline 
Baseline 0.0326 0.0049 n/a 100.00 
Lactate 0.7489 0.1897 0.01 4590.12 
Sterile 0.0037 0.0004 1.22E-03 22.88 
0.1% Irradiated 0.1999 0.0987 0.07 612.46 
0.1% Dark 0.1025 0.0438 0.09 314.07 
1% Irradiated 0.2008 0.0924 0.06 615.47 
1% Dark 0.3024 0.1640 0.08 926.75 
2% Irradiated 0.2498 0.0607 0.01 765.52 
2% Dark 0.1199 0.0701 0.15 367.35 
5% Irradiated 0.2160 0.0614 0.01 661.98 
5% Dark 0.1216 0.0871 0.22 372.72 
10% Irradiated 0.0739 0.0065 1.99E-03 226.42 
10% Dark 0.1217 0.0688 0.14 372.93 
50% Irradiated 0.1272 0.0512 0.06 389.80 




























Table S13. Sulfate reduction rates measured in Site 2 SRAs using a 35S-
radiotracer at (A) Macondo crude (source) oil, (B) pyrene, (C) anthracene, and 
(D) anthracene and phenanthrene mix for irradiated versus non-irradiated (dark) 
aqueous extracts. Incubations included: baseline, containing sediment and 
seawater, a positive control containing sediment, seawater, and lactate (2 mM), 
and a sterile sediment and seawater control. Each compound (irradiated or 
dark) was tested at varying concentrations and compared to endogenous rates 
(i.e., baseline). Additional amendments were tested after initial incubations were 
set-up in some instances. In these cases, endogenous controls were re-
established each time a SRA was repeated. Values represent averages of 
triplicate incubations and are reported as a percent increase or decrease from 












Sample Std. Dev. % Baseline 
Baseline 0.0430 0.0166 n/a 100.00 
Lactate 0.2178 0.0410 0.01 506.04 
Sterile 0.0079 0.0007 0.04 18.34 
0.1% Irradiated 0.0359 0.0063 0.60 83.39 
0.1% Dark 0.0613 0.0302 0.50 142.29 
1% Irradiated 0.0405 0.0069 0.85 94.01 
1% Dark 0.1484 0.0665 0.10 344.64 
2% Irradiated 0.0447 0.0104 0.91 103.78 
2% Dark 0.0944 0.0245 0.07 219.26 
5% Irradiated 0.1483 0.0677 0.10 344.39 
5% Dark 0.0900 0.0234 0.08 209.06 
10% Irradiated 0.0366 0.0128 0.69 85.01 
10% Dark 0.1102 0.0756 0.29 256.04 
Baseline 0.1540 0.0238 n/a 100.00 
50% Irradiated 0.1181 0.0144 0.14 76.68 
50% Dark 0.1241 0.0181 0.23 80.61 
100 % Irradiated 0.1292 0.0368 0.47 83.90 















Average    
(µmol S/mL/day) 




baseline % Baseline 
Baseline 0.1354 0.0087 n/a 100.00 
Lactate 0.6115 0.3197 0.10 451.73 
Sterile 0.0105 0.0018 3.70E-05 7.77 
0.1% Irradiated 0.1456 0.0273 0.64 107.57 
0.1% Dark 0.1977 0.0371 0.08 146.04 
1% Irradiated 0.1688 0.0137 0.04 124.66 
1% Dark 0.1796 0.0248 0.08 132.70 
2% Irradiated 0.1062 0.0331 0.29 78.42 
2% Dark 0.1684 0.0293 0.20 124.40 
5% Irradiated 0.1294 0.0121 0.60 95.57 
5% Dark 0.1014 0.0117 0.03 74.93 
10% Irradiated 0.1119 0.0628 0.63 82.64 
10% Dark 0.0967 0.0273 0.12 71.41 
Baseline 0.1489 0.0204 n/a 100.00 
50% Irradiated 0.0811 0.0055 0.01 54.44 





Average    
(µmol S/mL/day) 




baseline % Baseline 
Baseline 0.1606 0.0166 n/a 100.00 
Lactate 0.4464 0.3123 0.27 278.03 
Sterile 0.0068 0.0001 1.98E-04 4.25 
0.1% Irradiated 0.1647 0.0312 0.88 102.54 
0.1% Dark 0.1353 0.0544 0.56 84.26 
1% Irradiated 0.1202 0.0399 0.26 74.89 
1% Dark 0.1290 0.0165 0.13 80.31 
2% Irradiated 0.1511 0.0377 0.76 94.10 
2% Dark 0.1173 0.0206 0.08 73.06 
5% Irradiated 0.1340 0.0394 0.43 83.47 
5% Dark 0.1157 0.0163 0.05 72.02 
10% Irradiated 0.1710 0.0307 0.69 106.52 
10% Dark 0.1338 0.0413 0.44 83.31 
50% Irradiated 0.0873 0.0193 0.02 54.34 






Anthracene & Phenanthrene Mix 
 
 
Average    
(µmol S/mL/day) 





Std. Dev. % Baseline 
Baseline 0.0526 0.0051 n/a 100.00 
Lactate 0.4190 0.3122 0.17 795.88 
Sterile 0.0091 0.0006 2.87E-04 17.38 
0.1% Irradiated 0.0597 0.0039 0.19 113.48 
0.1% Dark 0.0714 0.0170 0.21 135.66 
1% Irradiated 0.0634 0.0110 0.28 120.52 
1% Dark 0.0736 0.0123 0.09 139.78 
2% Irradiated 0.0595 0.0036 0.20 113.11 
2% Dark 0.0570 0.0120 0.66 108.24 
5% Irradiated 0.0530 0.0022 0.93 100.67 
5% Dark 0.0643 0.0059 0.10 122.10 
10% Irradiated 0.0606 0.0103 0.39 115.06 
10% Dark 0.0584 0.0122 0.57 110.94 
50% Irradiated 0.0485 0.0096 0.62 92.06 




























Table S14. Sulfate reduction rates measured in Site 3 SRAs using a 35S-
radiotracer at (A) Macondo crude (source) oil, (B) pyrene, (C) anthracene, and 
(D) anthracene and phenanthrene mix for irradiated versus non-irradiated (dark) 
aqueous extracts. Incubations included: baseline, containing sediment and 
seawater, a positive control containing sediment, seawater, and lactate (2 mM), 
and a sterile sediment and seawater control. Each compound (irradiated or 
dark) was tested at varying concentrations and compared to endogenous rates 
(i.e., baseline). Additional amendments were tested after initial incubations were 
set-up in some instances. In these cases, endogenous controls were re-
established each time a SRA was repeated. Values represent averages of 
triplicate incubations and are reported as a percent increase or decrease from 





Average    
(µmol S/mL/day) 





Std. Dev. % Baseline 
Baseline 0.1492 0.0293 n/a 100.00 
Lactate 1.4650 0.1823 5.46E-04 981.93 
Sterile 0.0050 0.0006 2.23E-03 3.35 
0.1% Irradiated 0.1932 0.0484 0.33 129.51 
0.1% Dark 0.1298 0.0270 0.53 86.98 
1% Irradiated 0.1502 0.0309 0.97 100.68 
1% Dark 0.1086 0.0166 0.08 72.78 
2% Irradiated 0.1192 0.0112 0.25 79.87 
2% Dark 0.1970 0.0786 0.47 132.07 
5% Irradiated 0.1462 0.0171 0.91 97.98 
5% Dark 0.1677 0.0166 0.48 122.39 
10% Irradiated 0.1865 0.0359 0.32 124.99 
10% Dark 0.0773 0.0087 0.08 51.78 
Baseline 0.0807 0.0192 n/a 100.00 
10% Dark 0.0663 0.0182 0.48 82.17 
Baseline 0.0596 0.0183 n/a 100.00 
50% Irradiated 0.0667 0.0075 0.64 111.90 
50% Dark 0.0544 0.0055 0.72 91.26 
100% Irradiated 0.1096 0.0038 0.02 183.79 













Average    
(µmol S/mL/day) 





Std. Dev. % Baseline 
Baseline 0.0713 0.0095 n/a 100.00 
Lactate 1.4506 0.2344 1.14E-03 2034.22 
Sterile 0.0054 0.0001 6.12E-04 7.55 
0.1% Irradiated 0.1248 0.0104 5.80E-03 174.94 
0.1% Dark 0.1796 0.0118 5.43E-04 251.82 
1% Irradiated 0.1203 0.0361 0.14 168.64 
1% Dark 0.1011 0.0234 0.17 141.74 
2% Irradiated 0.1303 0.0229 0.03 182.78 
2% Dark 0.1213 0.0294 0.08 170.12 
5% Irradiated 0.1323 0.0483 0.15 185.58 
5% Dark 0.1103 0.0320 0.17 154.68 
10% Irradiated 0.1260 0.0385 0.12 176.65 
10% Dark 0.1741 0.0214 3.42E-03 244.18 
In situ 0.1569 0.0416 n/a 100.00 
50% Irradiated 0.1051 0.0132 0.17 66.98 





Average    
(µmol S/mL/day) 





Std. Dev. % Baseline 
Baseline 0.3432 0.0491 n/a 100.00 
Lactate 4.1325 0.9102 4.18E-03 1204.03 
Sterile 0.0082 0.0011 6.53E-04 2.40 
0.1% Irradiated 0.2043 0.0632 0.07 59.53 
0.1% Dark 0.3130 0.0766 0.66 91.19 
1% Irradiated 0.2650 0.0673 0.26 77.22 
1% Dark 0.2703 0.0677 0.28 78.74 
2% Irradiated 0.3180 0.0695 0.70 92.66 
2% Dark 0.2401 0.0043 0.04 69.94 
5% Irradiated 0.4123 0.1292 0.52 120.12 
5% Dark 0.3395 0.0796 0.96 98.90 
10% Irradiated 0.3754 0.1149 0.73 109.36 
10% Dark 0.3592 0.0663 0.80 104.66 
50% Irradiated 0.2921 0.0977 0.54 85.09 





Anthracene & Phenanthrene Mix 
 
 
Average    
(µmol S/mL/day) 





Std. Dev. % Baseline 
Baseline 0.2853 0.0311 n/a 100.00 
Lactate 3.9740 0.2377 2.64E-05 1393.14 
Sterile 0.0094 0.0007 2.36E-04 3.29 
0.1% Irradiated 0.3154 0.0653 0.59 110.57 
0.1% Dark 0.3011 0.0095 0.53 105.55 
1% Irradiated 0.3686 0.0319 0.06 129.22 
1% Dark 0.3437 0.0282 0.12 120.48 
2% Irradiated 0.3380 0.0495 0.27 118.48 
2% Dark 0.3512 0.0333 0.11 123.12 
5% Irradiated 0.4783 0.0415 0.01 167.68 
5% Dark 0.3530 0.0412 0.14 123.76 
10% Irradiated 0.3777 0.0609 0.13 132.42 
10% Dark 0.4813 0.0206 1.75E-03 168.73 
50% Irradiated 0.3360 0.0818 0.46 117.81 



























Figure S1. Non-metric multidimensional scaling (NMDS) ordination of 
Deltaproteobacteria populations at the time of field sampling (i.e., T-0) 
compared with Deltaproteobacteria populations at set up of SRAs. NMDS plot 
was constructed in PC-ORD (Version 6, MjM Software) using a Bray-Curtis 
distance measure, orthogonal principal axes rotation, and 1000 permutations. 
SRA repeats included incubations established after initial set-up (i.e., 0.1% and 



























Figure S2. Changes in the relative abundances of Deltaproteobacteria taxa 
sequenced from Site 1 (A) Jar A sediment and (B) Jar B sediment collected in 
the field (i.e., T-0) and at the time of SRA set-up. Community profiles based on 
taxa detected via 16S rRNA gene sequencing and QIIME analysis (Version 
1.9.0) (Caporaso et al, 2010a). Minor phylogenetic groups, which could not 














Figure S3. Changes in the relative abundances of Deltaproteobacteria taxa 
sequenced from Site 2 (A) Jar A sediment and (B) Jar B sediment collected in 
the field (i.e., T-0) and at the time of SRA set-up. Community profiles based on 
taxa detected via 16S rRNA gene sequencing and QIIME analysis (Version 
1.9.0) (Caporaso et al, 2010a). Minor phylogenetic groups, which could not be 














Figure S4. Changes in the relative abundances of Deltaproteobacteria taxa 
sequenced from Site 3 (A) Jar A sediment and (B) Jar B sediment collected in 
the field (i.e., T-0) and at the time of SRA set-up. Community profiles based on 
taxa detected via 16S rRNA gene sequencing and QIIME analysis (Version 
1.9.0) (Caporaso et al, 2010a). Minor phylogentic groups, which could not be 




















Appendix III: Chapter 3 Supplemental Materials 
 
Table S1. Relative abundances of core taxa in microbial communities, 
classified at the genus level at 97% similarity, identified via 16S rRNA gene 
sequences in aggregates collected from Fort Morgan (FM) and Gulf Shores 
(GS). One aggregate was collected from each location and subsampled to 
generate technical replicates. Core taxa were defined as any group comprising 












































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































































Table S2. Latitude and longitude coordinates of individual aggregates collected 
from Fort Morgan (FM) and Gulf Shores (GS) beaches that were subsequently 
characterized via chemical, molecular, and metabolomic analyses.  
 
 
Sample Latitude Longitude 
FM8 30°13ᶦ29.9ᶦᶦN 88°00ᶦ31.4ᶦᶦW 
FM16 30°13ᶦ28.5ᶦᶦN 88°00ᶦ41.8ᶦᶦW 
FM20 30°13ᶦ30.6ᶦᶦN 88°00ᶦ26.9ᶦᶦW 
GS1 30°14ᶦ24.6ᶦᶦN 87°44ᶦ14.5ᶦᶦW 
GS2 30°15ᶦ04.5ᶦᶦN 87°39ᶦ12.1ᶦᶦW 
GS3 30°15ᶦ04.6ᶦᶦN 87°39ᶦ12.1ᶦᶦW 
GS7 30°15ᶦ04.3ᶦᶦN 87°39ᶦ13.6ᶦᶦW 
GS9 30°15ᶦ04.4ᶦᶦN 87°39ᶦ12.4ᶦᶦW 






























Table S3. Approximate weights of all aggregates collected from Fort Morgan 
(FM), Gulf Shores (GS) Site 1 and Site 2. The three largest aggregates from 
Fort Morgan (FM8, FM16, FM20) and the five largest aggregates from Gulf 
Shores Site 2 (GS2, GS3, GS7, GS9, GS12), along with the single sample 
collected from Gulf Shores Site 1 (GS1) were used for subsequent analyses. 
Note: five samples were chosen from Gulf Shores Site 2 due to the overall 
smaller size of aggregates at this location to ensure that triplicate samples were 
available for statistical comparisons.  
 
Fort Morgan Gulf Shores Site 1 Gulf Shores Site 2 
Aggregate Weight (g) Aggregate Weight (g) Aggregate Weight (g) 






































    
15 4.24 
    
16 14.00 
    
17 3.00 
    
18 3.33 
    
19 5.31 
    
20 5.65 













Table S4. KEGG orthology (KO) numbers of functional genes investigated in 
metagenomic sequences from sand patties, beach sand, and seawater.   
 






DNA-directed RNA polymerase subunit beta  K03043 
RpoB 
(Archaea) 
DNA-directed RNA polymerase subunit beta  K13798 
NarG  nitrate reductase alpha subunit K00370 
NarH  nitrate reductase beta subunit K00371 
NarI nitrate reductase gamma subunit K00374 
NapA periplasmic nitrate reductase  K02567 
NapB cytochrome c-type protein NapB K02568 
NirB nitrite reductase (NADH) large subunit K00362 
NirD nitrite reductase (NADH) small subunit K00363 
NrfA nitrite reductase (cytochrome c-552) K03385 
NrfH  cytochrome c nitrite reductase small subunit K15876 
NirK nitrite reductase (NO-forming) K00368 
NirS nitrite reductase (NO-forming) / hydroxylamine reductase K15864 
NorB nitric oxide reductase subunit B K04561 
NorC nitric oxide reductase subunit C K02305 
NosZ  nitrous-oxide reductase K00376 
NifD nitrogenase molybdenum-iron protein alpha chain K02586 
NifK nitrogenase molybdenum-iron protein beta chain K02591 
NifH nitrogenase iron protein NifH K02588 
AnfG nitrogenase delta subunit K00531 
AmoA methane/ammonia monooxygenase subunit A K10944 
AmoB methane/ammonia monooxygenase subunit B K10945 
AmoC methane/ammonia monooxygenase subunit C K10946 
231 
 
Hao hydroxylamine dehydrogenase K10535 
Hzs hydrazine synthase subunit K20932 
Hzs hydrazine synthase subunit K20933 
Hzs hydrazine synthase subunit K20934 
Hdh hydrazine dehydrogenase K20935 
AprA adenylylsulfate reductase subunit A K00394 
AprB adenylylsulfate reductase subunit B K00395 
DsrA dissimilatory sulfite reductase subunit A K11180 
DsrB dissimilatory sulfite reductase subunit B K11181 
SoxA sulfur oxidizing protein SoxA K17222 
SoxB sulfur oxidizing protein SoxB K17224 
SoxC sulfane dehydrogenase subunit SoxC K17225 
SoxD cytochrome C K08738 
SoxX sulfur oxidizing protein SoxX K17223 
SoxY sulfur oxidizing protein SoxY K17226 
SoxZ sulfur oxidizing protein SoxZ K17227 
DoxA thiosulfate dehydrogenase [quinone] small subunit K16936 
DoxD thiosulfate dehydrogenase [quinone] large subunit K16937 
FccA cytochrome subunit of sulfide dehydrogenase K17230 
FccB sulfide dehydrogenase [flavocytochome c] flavoprotein 
chain 
K17229 
Sor sulfur oxygenase/reductase K16952 
Sqr sulfide:quinone oxidoreductase K17218 
HdrA heterodisulfide reductase subunit A K03388 
HdrB heterodisulfide reductase subunit B K03389 
HdrC heterodisulfide reductase subunit C K03390 
McrA methyl-coenzyme M reductase subunit alpha K00399 
McrB methyl-coenzyme M reductase subunit beta K00401 
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McrG methyl-coenzyme M reductase subunit gamma K00402 
CooF carbon-monoxide dehydrogenase iron sulfur subunit K00196 
CooS carbon-monoxide dehydrogenase catalytic subunit K00198 










































Table S5. Water temperature, pH, redox potential, and sulfate concentrations 
measured from surface water collected at Fort Morgan, Gulf Shores Site 1, and 












Fort Morgan 26.6 7.91 -71.3 24.78 ± 3.01 
Gulf Shores 
Site 1 24.6 7.76 -74.1 23.47 ± 1.47 
Gulf Shores 









Table S6. Average diagnostic biomarker ratios calculated via GCxGC-FID for 
MC252 crude oil, oil:sand aggregates from this study, and various field samples 
collected from similar locations (Aeppli et al., 2014). Ratios are denoted as: 
Ts/Tm: 18α(H)-22,29,30-trinorneohopane/17α(H)-22,29,30-trinorhopane; Ts/H: 
18α(H)-22,29,30-trinorneohopane/17α(H),21β(H)-hopane; M/H: 17β(H),21α(H)-
hopane/17α(H),21β(H)-hopane; M/NM: 17β(H),21α(H)-hopane/17β(H),21α(H)-












(n = 9) 
Samples from 
Aeppli et al, 
2014 
(n = 46) 
Ts/Tm 1.40 ± 0.10 1.36 ± 0.07 1.40 ± 0.10 
Ts/H 0.24 ± 0.02 0.24 ± 0.02 0.27 ± 0.02 
M/H 0.08 ± 0.01 0.09 ± 0.005 0.09 ± 0.01 
M/NM 1.40 ± 0.20 1.45 ± 0.16 1.40 ± 0.10 
HH(R)/HH(S) 0.72 ± 0.02 0.72 ± 0.03 0.72 ± 0.03 





Table S7. Library sizes of 16S rRNA genes from aggregates, beach sand, and 
seawater samples. Each aggregate and sand replicate collected were 
subsampled into three technical replicates, denoted as A, B, C. Seawater was 
filtered to collect biomass, and three filters at each location were extracted and 
used for sequencing.  
 
Fort Morgan Gulf Shores Site 1 Gulf Shores Site 2 
Aggregates 
FM8A 31809 GS1A 37902 GS2A 15650 
FM8B 26457 GS1B 28303 GS2B 17005 



















    
GS9A 22431 
    
GS9B 18363 
    
GS9C 19624 
    
GS12A 20123 
    
GS12B 21071 
    
GS12C 23976 
Sand 
Rep. 1A 24987 Rep. 1A 29167 Rep. 1A 28106 
Rep. 1B 32448 Rep. 1B 25491 Rep. 1B 31199 
Rep. 1C 17393 Rep. 1C 23473 Rep. 1C 30643 
Rep. 2A 28806 
  
Rep. 2A 20280 
Rep. 2B 25609 
  
Rep. 2B 29890 
Rep. 2C 36868 
  
Rep. 2C 22085 
Rep. 3A 39996 
  
Rep. 3A 28583 
Rep. 3B 24260 
  
Rep. 3B 24786 
Rep. 3C 34410 
  
Rep. 3C 11733 
Seawater 
Rep. 1 23646 Rep. 1 37004 Rep. 1 30465 
Rep. 2 31548 Rep. 2 42621 Rep. 2 29427 




Table S8. Average relative abundances of phyla sequenced from (A) 
aggregates, (B) beach sand, and (C) seawater (SW) collected from Fort 
Morgan (FM), Gulf Shores Site 1 (GS-1) and Gulf Shores Site 2 (GS-2). Values 
represent averages of triplicate libraries generated from technical replicates of 























Euryarchaeota 0.14 13.08 0.07 0.16 0.02 0.07 0.05 0.03 0.04 
Thaumarchaeota 0.13 0.06 0.07 0.15 0.04 0.04 0.03 0.05 0.06 
Acidobacteria 0.49 0.07 0.04 1.41 0.20 2.18 0.06 0.12 2.21 
Actinobacteria 5.42 0.15 9.05 0.13 12.84 21.59 8.20 2.13 13.63 
Bacteroidetes 2.42 9.63 1.42 2.25 1.20 0.71 1.10 0.39 1.27 
Candidate Division 
BRC1 
0.05 0.20 0.00 0.14 0.01 0.00 0.01 0.02 0.01 
Candidate Division 
WS3 
0.04 0.01 0.01 1.10 0.01 0.00 0.01 0.01 0.01 
Chloroflexi 1.02 2.01 0.52 5.90 3.30 11.12 0.33 0.72 5.95 
Cyanobacteria 6.08 0.70 2.00 1.02 2.01 1.53 1.17 2.44 0.92 
Firmicutes 4.98 3.90 0.64 0.04 0.18 0.07 0.08 0.43 0.20 
NPL-UPA2 0.00 0.00 0.00 0.48 0.00 0.01 0.00 0.00 0.00 
Planctomycetes 3.55 4.32 0.98 11.79 8.00 4.52 11.11 2.36 8.59 
Proteobacteria 65.10 63.16 82.11 32.33 69.70 41.33 74.56 86.96 61.59 
Spirochaetes 1.09 0.44 0.06 18.85 0.13 0.03 0.02 0.02 0.06 
Verrucomicrobia 0.51 0.16 0.07 0.13 0.89 3.81 0.10 0.08 3.44 




























Euryarchaeota 0.81 2.64 6.24 3.86 7.81 5.39 2.51 
Thaumarchaeota 7.47 6.78 6.05 6.51 9.90 18.75 6.85 
Acidobacteria 5.16 6.02 4.73 6.31 6.86 8.93 6.53 
Actinobacteria 1.59 2.04 2.19 2.54 2.37 1.52 3.05 
Bacteroidetes 12.30 12.29 12.43 6.66 9.34 2.83 5.54 
Candidate Division 
BRC1 
0.06 0.07 0.06 0.10 0.31 0.86 0.17 
Candidate Division 
WS3 
1.30 1.56 1.32 1.04 0.72 1.89 0.80 
Chloroflexi 2.15 2.26 2.18 2.58 2.28 5.86 2.95 
Cyanobacteria 8.20 6.00 10.58 12.42 10.61 6.28 15.61 
Firmicutes 0.03 0.02 0.07 0.18 0.19 0.30 0.21 
NPL-UPA2 0.37 0.38 0.26 0.30 0.35 1.60 0.15 
Planctomycetes 25.80 26.89 23.24 32.20 23.04 18.21 31.84 
Proteobacteria 23.25 22.16 21.66 15.72 16.86 13.44 14.39 
Spirochaetes 0.07 0.05 0.05 0.04 0.03 0.05 0.04 
Verrucomicrobia 2.26 1.91 1.36 1.58 2.50 3.54 2.25 


















Euryarchaeota 3.57 8.35 9.47 
Thaumarchaeota 0.50 0.54 0.78 
Acidobacteria 0.44 0.74 0.90 
Actinobacteria 0.80 0.90 1.38 
Bacteroidetes 14.38 11.78 9.95 
Candidate Division BRC1 0.04 0.06 0.12 
Candidate Division WS3 0.16 0.15 0.18 
Chloroflexi 0.49 0.47 0.71 
Cyanobacteria 32.93 27.89 26.89 
Firmicutes 0.06 0.14 0.14 
NPL-UPA2 0.26 0.29 0.26 
Planctomycetes 6.90 14.09 16.23 
Proteobacteria 30.19 24.46 19.83 
Spirochaetes 0.04 0.03 0.04 
Verrucomicrobia 3.09 3.20 5.35 











Table S9. Average relative abundances of sequences classified within 
Proteobacteria in (A) aggregates, (B) beach sand, and (C) seawater samples 
collected from Fort Morgan (FM), Gulf Shores Site 1 (GS-1), and Gulf Shores 
Site 2 (GS-2). Values are averages of technical replicates. Values represent 











































Sample Alpha (%) Beta (%) Delta (%) Gamma (%) 
FM8 27.04  6.34 11.43  20.21 
FM16 14.59 0.06  0.30  48.00  
FM20 15.04  2.13 0.26  64.60  
GS1 1.96  0.02  16.61  12.56  
GS2 17.76  1.31  0.21  50.40  
GS3 18.27  2.54 0.17  20.33  
GS7 23.61  4.96  0.24  45.71  
GS9 9.87  2.45  0.93  73.56  









































Sample Alpha (%) Beta (%) Delta (%) Gamma (%) 
FM Rep. 1 2.20  0.21  2.67 17.43  
FM Rep. 2 1.99  0.21 2.68 16.74  
FM Rep. 3 2.10  0.21 2.59 16.27  
GS-1 Rep. 1 2.11  0.40 2.22 10.60  
GS-2 Rep. 1 3.31  0.94 2.38 9.88  
GS-2 Rep. 2 3.40  1.06 2.24 6.24  
GS-2 Rep. 3 2.05  0.37  2.63  8.93  
Sample Alpha (%) Beta (%) Delta (%) Gamma (%) 
FM SW 15.09  0.15  1.07  13.66  
GS-1 SW 10.48  0.22  1.40  12.14  
GS-2 SW 9.69  0.31  1.75  7.67  
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Table S10. Diversity indices and descriptive information of core taxa in 
technical replicates sampled from aggregates, beach sand, and seawater (SW) 
collected from (A) Fort Morgan (FM), (B) Gulf Shores Site 1 (GS-1), and (C) 
Gulf Shores Site 2 (GS-2). All values were calculated in PC-ORD (Version 6, 
MjM Software). Technical replicates are denoted as A, B, C. Notation: S – 
number of taxa in each sample; E – evenness; H – Shannon Diversity index; 
and D’ – Simpson’s Diversity for an infinite population. D’ is the complement of 
Simpson’s original index and indicates the likelihood that two individuals from a 
























Sample S E H D’ 
FM8A 112 0.889 4.196 0.9776 
FM8B 110 0.896 4.211 0.9792 
FM8C 116 0.892 4.24 0.9791 
FM16A 104 0.849 3.945 0.972 
FM16B 108 0.837 3.92 0.97 
FM16C 103 0.847 3.925 0.9707 
FM20A 90 0.835 3.758 0.9551 
FM20B 89 0.84 3.771 0.9562 
FM20C 100 0.833 3.837 0.9584 
FM Sand Rep. 1A 97 0.882 4.037 0.9761 
FM Sand Rep. 1B 103 0.871 4.037 0.9758 
FM Sand Rep. 1C 97 0.881 4.031 0.9757 
FM Sand Rep. 2A 104 0.872 4.048 0.9766 
FM Sand Rep. 2B 104 0.871 4.047 0.9765 
FM Sand Rep. 2C 97 0.878 4.018 0.9762 
FM Sand Rep. 3A 110 0.863 4.057 0.9762 
FM Sand Rep. 3B 103 0.871 4.039 0.9764 
FM Sand Rep. 3C 110 0.864 4.062 0.9761 
FM SW Rep. A 97 0.852 3.898 0.9689 
FM SW Rep. B 89 0.853 3.831 0.9672 







Sample S E H D’ 
GS1A 104 0.849 3.943 0.9689 
GS1B 97 0.843 3.856 0.9656 
GS1C 99 0.861 3.954 0.9706 
GS-1 Sand Rep. A 116 0.879 4.18 0.9788 
GS-1 Sand Rep. B 110 0.879 4.13 0.9776 
GS-1 Sand Rep. C 101 0.884 4.079 0.9766 
GS-1 SW Rep. A 107 0.863 4.031 0.9732 
GS-1 SW Rep. B 115 0.864 4.101 0.9749 

























Sample S E H D’ 
GS2A 94 0.87 3.951 0.9637 
GS2B 94 0.863 3.922 0.9643 
GS2C 101 0.856 3.951 0.9639 
GS3A 89 0.844 3.788 0.9654 
GS3B 94 0.837 3.803 0.9648 
GS3C 88 0.837 3.746 0.9636 
GS7A 92 0.849 3.841 0.9635 
GS7B 104 0.837 3.888 0.9646 
GS7C 99 0.846 3.886 0.9647 
GS9A 102 0.808 3.736 0.9479 
GS9B 100 0.813 3.745 0.9485 
GS9C 98 0.802 3.677 0.946 
GS12A 98 0.855 3.922 0.9682 
GS12B 100 0.862 3.968 0.9696 
GS12C 102 0.853 3.947 0.9689 
GS-2 Sand Rep. 1A 107 0.891 4.164 0.9784 
GS-2 Sand Rep. 1B 114 0.891 4.218 0.9796 
GS-2 Sand Rep. 1C 115 0.887 4.21 0.9792 
GS-2 Sand Rep. 2A 103 0.897 4.159 0.9792 
GS-2 Sand Rep. 2B 114 0.877 4.153 0.9784 
GS-2 Sand Rep. 2C 97 0.892 4.083 0.9775 
GS-2 Sand Rep. 3A 107 0.872 4.074 0.9756 
GS-2 Sand Rep. 3B 108 0.877 4.108 0.9767 
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GS-2 Sand Rep. 3C 94 0.892 4.051 0.9763 
GS-2 SW Rep. A 113 0.874 4.133 0.9768 
GS-2 SW Rep. B 113 0.877 4.147 0.9768 









































Table S11. Results from multi-response permutation procedure (MRPP) of core 
microbial communities from Fort Morgan (FM), Gulf Shores Site 1 (GS-1), and 
Gulf Shores Site 2 (GS-2) locations. Analyses were conducted using a Bray-
Curtis distance measure. The test statistic (T) designates how strongly the 
groups are separated, with a more negative value indicative of a greater degree 
of separation. The chance-corrected within-group agreement, represented by A, 
indicates homogeneity within groups compared to random expectation, where a 
maximum of A = 1 describes identical samples within a group. Groups were 
defined within sampling locations (i.e., Fort Morgan, Gulf Shores Site 1, and 




FM GS-1 GS-2 
T  -11.02 -4.94 -13.07 
Observed δ 0.25 0.07 0.29 
Expected δ 0.50 0.41 0.52 
p values 3.00E-08 3.62E-04 0.00E-08 























Figure S1. Phylogenetic composition of microbial communities based on 16S 
rRNA gene sequences from one oil:sand aggregates collected from (A) Fort 
Morgan (FM) and one oil:sand aggregate from (B) Gulf Shores (GS) in January 
2014. Technical replicates were generated from each aggregate and are 
denoted A, B, C. Sequences were analyzed via QIIME (Version 1.7.0) 
(Caporaso et al., 2010a), and grouped into OTUs at 97% similarity. Note: 
groups are shown to the highest taxonomic resolution possible. Not all 









Figure S2. Heatmap of RpoB-normalized ratios calculated for genes involved in 
aerobic and anaerobic hydrocarbon transformation processes from preliminary 
sand patties collected in January 2014. Technical replicates were generated 
from each sand patty collected (i.e., one from Fort Morgan (FM) and one from 
Gulf Shores (GS) and are denoted as A, B, C. The heatmap was generated 
using Heatmap Builder® (Version 1.1) with dataset-normalized sorting so that 
the highest ratio corresponds to the darkest grid color. Abbreviations: Alk, 
alkane monooxygenase; CYP153, cytochrome P450 alkane hydroxylase; Ass, 
alkylsuccinate synthase; Bss, benzylsuccinate synthase; Hbs, 
hydroxybenzylsuccinate synthase; Ibs, (4-isopropylbenzyl)succinate synthase; 
Nms, 2-napthylmethylsuccinate synthase; Ahy, alkane C2 methylene 














Figure S3. Schematic representation of sampling method. Oil:sand aggregates 
were homogenized and subsampled for oil characterization and biomarker 
analysis, 16S rRNA and metagenomic sequencing, and metabolomics. For 16S 
rRNA gene libraries, triplicate technical replicates were generated by 
performing DNA extractions on three subsamples for aggregates and beach 
sand. DNA from technical replicates was subsequently pooled to generate one 
metagenomic sample per aggregate or beach sand sample. DNA was extracted 
from triplicate seawater filters and was used to generate both 16S rRNA and 



















Figure S4. GCxGC-FID chromatographs of oil extracted from (A), (B) MC252 
crude oil, (C) FM8, (D) FM16, (E) FM20, (F) GS1, (G) GS2, (H) GS3, (I) GS7, 
(J) GS9, and (K) GS12 aggregates, along with a (L) representative sand 



































































































Figure S5. Normalized ratios of functional gene markers associated with 
nitrogen cycling processes. (A) Nitrate reductase alpha subunit, NarG, (B) 
nitrate reductase beta subunit, NarH, (C) nitrate reductase gamma subunit, 
NarI, (D) periplasmic nitrate reductase, NapA, (E) cytochrome c-type protein, 
NapB, (F) nitrite reductase large subunit, NirB, (G) nitrite reductase small 
subunit, NirD, (H) nitrite reductase, NrfA, (I) nitrite reductase small subunit, 
NrfH, (J) nitrite reductase (NO-forming), NirK, (K) nitrite reductase (NO-
forming), NirS, (L) nitric oxide reductase subunit B, NorB, (M) nitric oxide 
reductase subunit C, NorC, (N) nitrous-oxide reductase, NosZ, (O) nitrogenase 
alpha chain, NifD, (P) nitrogenase iron protein, NifH, (Q) nitrogenase beta 
chain, NifK, (R) ammonia monooxygenase subunit A, AmoA, (S) ammonia 
monooxygenase subunit B, AmoB, (T) ammonia monooxygenase subunit C, 
AmoC, and (U) hydroxylamine dehydrogenase, Hao. Sequence hits normalized 
















































































































































































































Figure S6. Normalized ratios of functional gene markers associated with sulfur 
cycling processes. (A) Adenylylsulfate reductase subunit A, AprA, (B) 
adenylylsulfate reductase subunit B, AprB, (C) dissimilatory sulfite reductase 
subunit A, DsrA, (D) dissimilatory sulfite reductase subunit B, DsrB, (E) sulfur-
oxidizing protein, SoxA, (F) sulfur-oxidizing protein, SoxB, (G) sulfane 
dehydrogenase subunit, SoxC, (H) cytochrome C, SoxD, (I) sulfur-oxidizing 
protein, SoxX, (J) sulfur-oxidizing protein, SoxY, (K) sulfur-oxidizing protein, 
SoxZ, (L) thiosulfate dehydrogenase large subunit, DoxD, (M) sulfide 
dehydrogenase cytochrome subunit, FccA, (N) sulfide dehydrogenase 
flavoprotein chain, FccB, (O) sulfur oxygenase/reductase, Sor, and (P) 
sulfide:quinone oxidoreductase, Sqr. Sequence hits normalized to either 
prokaryotic or bacterial RpoB hits based on whether genes have been 


































































































































































































Figure S7. Normalized ratios of functional gene markers associated with 
methanogenesis. (A) Heterodisulfide reductase subunit A, HdrA, (B) 
heterodisulfide reductase subunit B, HdrB, (C) heterodisulfide reductase subunit 
C, HdrC, (D) methyl-coenzyme M reductase subunit alpha, McrA, (E) methyl-
coenzyme M reductase subunit beta, McrB, and (F) methyl-coenzyme M 























































Figure S8. Normalized ratios of functional gene markers associated with 
carbon fixation. (A) Carbon-monoxide dehydrogenase iron sulfur subunit, CooF, 
(B) carbon-monoxide dehydrogenase catalytic subunit, CooS, and (C) ribulose-
bisphosphate carboxylase large chain, RbcL. Sequence hits normalized to 


















































Figure S9. Normalized ratios of genes encoding enzymes involved in anaerobic 
hydrocarbon activation via the addition to fumarate pathway, including (A) 
catalytic subunits, (B) alkylsuccinate synthase (AssABCD) and 
(methyl)alkylsuccinate synthase (MasE), (C) benzylsuccinate synthase 
(BssABCD) and 2-napthylmethylsuccinate synthase (NmsA), (D) (4-
isopropylbenzyl)succinate synthase (IbsABCD), and (E) 
hydroxybenzylsuccinate synthase (HbsABCD). Values represent normalized 
ratios calculated as the number of gene sequence hits/number of bacterial 











































Figure S10. Normalized ratios of genes encoding enzymes involved in (A) 
anaerobic hydroxylation of ethylbenzene, including (B) ethylbenzene 
dehydrogenase (EbdABCD), (C) phenylethanol dehydrogenase (Ped), and (D) 
acetophenone carboxylase (ApcABCDE). Values represent normalized ratios 





























Figure S11. Normalized ratios of genes encoding enzymes involved in various 
anaerobic hydrocarbon transformation pathways including (A) a putative alkane 
C2 methylene hydroxylase (AhyABCD), (B) p-cymene dehydrogenase 
(CmdABCD), (C) anaerobic benzene carboxylase (AbcAD), and (D) 
phenylphosphate synthase (PpsAB) and phenylphosphate carboxylase 
(PpcABCD). Values represent normalized ratios calculated as the number of 










































Figure S12. Normalized ratios of genes involved in aerobic transformation of 
hydrocarbons including alkane monooxygenase (AlkB), cytochrome P450 
alkane hydroxylase (CYP153), and protein sequences contained within the 
AromaDeg database (Duarte et al, 2014). Values represent normalized ratios 






























Figure S13. (A) Individual AromaDeg (Duarte et al, 2014) dioxygenase protein 
families containing (B) benzoate oxygenases, (C) biphenyl oxygenases, (D) 
phthalate oxygenases, (E) salicylate oxygenases, extradiol dioxygenases acting 
on (F) monocyclic substrates, (G) bicyclic substrates, and (H) miscellaneous 
substrates, (I) protocatechuate oxygenases, (J) homoprotocatechuate 
oxygenases, and (K) gentisate oxygenases. Values represent normalized ratios 
calculated as the number of protein sequence hits/number of bacterial RpoB 
hits.  
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